University of Tennessee, Knoxville

TRACE: Tennessee Research and Creative
Exchange
Doctoral Dissertations

Graduate School

5-2016

Improving Droplet Interface Bilayers as Models for Cell
Membranes
Graham Jeffery Taylor
University of Tennessee - Knoxville, gtaylor4@vols.utk.edu

Follow this and additional works at: https://trace.tennessee.edu/utk_graddiss
Part of the Biological Engineering Commons

Recommended Citation
Taylor, Graham Jeffery, "Improving Droplet Interface Bilayers as Models for Cell Membranes. " PhD diss.,
University of Tennessee, 2016.
https://trace.tennessee.edu/utk_graddiss/3667

This Dissertation is brought to you for free and open access by the Graduate School at TRACE: Tennessee
Research and Creative Exchange. It has been accepted for inclusion in Doctoral Dissertations by an authorized
administrator of TRACE: Tennessee Research and Creative Exchange. For more information, please contact
trace@utk.edu.

To the Graduate Council:
I am submitting herewith a dissertation written by Graham Jeffery Taylor entitled "Improving
Droplet Interface Bilayers as Models for Cell Membranes." I have examined the final electronic
copy of this dissertation for form and content and recommend that it be accepted in partial
fulfillment of the requirements for the degree of Doctor of Philosophy, with a major in
Biomedical Engineering.
Stephen A. Sarles, Major Professor
We have read this dissertation and recommend its acceptance:
Eric Boder, Paul Dalhaimer, C. Patrick Collier, Francisco Barrera
Accepted for the Council:
Carolyn R. Hodges
Vice Provost and Dean of the Graduate School
(Original signatures are on file with official student records.)

Improving Droplet Interface Bilayers as
Models for Cell Membranes

A Dissertation Presented for the
Doctor of Philosophy
Degree
The University of Tennessee, Knoxville

Graham Jeffrey Taylor
May 2016

Copyright © 2016, Graham J. Taylor
All right reserved.

ii

DEDICATION

To my son

Tatum

my parents

Randy and Vicki Taylor

my sister and two brothers

Jessica, Kevin, and Corey

and to Kelly and the rest of my family.

iii

ACKNOWLEDGEMENTS
First and foremost, I am forever indebted to Andy Sarles for years of patient guidance and advice.
Andy has significantly and positively influenced the way I write, the way I plan and perform
experiments, the way I think critically about problems (scientific or otherwise), the way I look at
literature, and the way I do many other things. I have learned a tremendous amount from Andy,
both in and out of the lab, and can only hope to return the favor or pay it forward in some way.

I will cherish my time in the Bioinspired Materials and Transduction Laboratory for many reasons,
three of which are my labmates, colleagues, and most importantly, lifelong friends; a sincere
“thank you!” to Guru Venkatesan, Nima Tamaddoni, and Mary-Anne Nguyen for hours of
conversation and deliberation, for good times, and for great memories.

The work described herein would not be possible without the assistance and advice from several
key individuals along the way. I would like to acknowledge Guru Venkatesan, Max Pridgen, Jason
Seinfeld, Fred Heberle, Eric Boder, Paul Dalhaimer, Pat Collier, Francisco Barrera, Francesco
Stellacci, and Ahmet Bekdemir for their support. Thanks to UTK College of Engineering Dean
Masoud Parang and ORNL CNMS/JINS Director Mike Simpson for personal advice and financial
support. My work was also made possible through funding from the NSF, an ORNL Science
Alliance JDRD, and an Air Force Office of Scientific Research (AFOSR) Basic Research Initiative
(Les Lee’s M4 program).

iv

ABSTRACT
This work describes research aimed at improving the droplet interface bilayer (DIB) platform for
creating and characterizing biologically relevant model cell membranes. Improvements are made
possible in part through the development of a portable, compact platform for controlling
temperature with DIBs. Feedback-controlled heating allows studies to be conducted across a range
of temperatures, from ambient up to at least 80°C, and also provides new understanding of methods
to form DIBs using mixtures of total lipids extracted from bacterial and eukaryotic cells. The
membranes formed from total lipid extracts (TLE) are introduced along with evidence that model
membranes formed using lipid compositions mimicking natural biological membranes (here using
total lipids extracted from Escherichia coli and from porcine brain) behave significantly different
than simple single-component membranes. Results provided herein indicate TLE DIBs display
high sensitivity to antimicrobial peptide (alamethicin) insertion at room temperature which is
explained by evidence of thermotropic phase behavior not encountered with single-lipid DIBs.
These results highlight the importance of considering lipid composition when using lipid bilayers
as models of cell membranes, and new techniques are described that facilitate the study of
composition-dependent phase transitions in model membranes.

The proposed research is also aimed at developing new non-ionic methods for characterizing
membranes and the interactions of membrane-active molecules that do not necessarily affect
membrane conductance and are thus difficult to study. A new tool is developed that utilizes the
Young-Lippmann and Young-Dupre relations to enable measurement of membrane specific
capacitance and surface tension in a single DIB experiment. The method is introduced, applied,
and validated through studies of DPhPC DIBs incorporating various amounts of cholesterol and
solvent molecules. The new method is also applied to provide insight toward the interactions of
cell-penetrating mixed-monolayer protected nanoparticles in lipid bilayers. Lastly, the method is
proven useful for tracking transitions in monolayer and bilayer surface tension that result from
thermotropic phase transitions in total lipid extract DIBs.
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CHAPTER 1

INTRODUCTION AND LITERATURE REVIEW

The overarching goal of this work is to elicit new understanding of the effects of membrane
composition and heterogeneity on the biophysical properties and behavior of cell membranes. New
knowledge of the mechanisms governing biological functions will provide new insights and tools
to aide in the ongoing battle against diseases like cancer, diabetes, Alzheimer’s, and more. We are
currently lacking a full understanding due to the complexity of cells, their membranes, and the
related fundamental biophysical processes that translate to larger physiological functions. The
approach used here is to study artificial lipid bilayers formed at the interface of connected lipidinfused water droplets submerged in oil. This seemingly simple approach provides a physical
model for cell membranes, and the tunability of the platform provides a means of “reverse
engineering” the mechanisms of cellular function. This dissertation presents a step towards
increasing the physiological relevance and practical utility of reverse engineered artificial
membranes formed between aqueous volumes (i.e., droplet interface bilayers).

This chapter begins with a description of the function, structure, and organization of natural cell
membranes; the second part of this chapter reviews prior literature regarding the formation of
artificial models of cell membranes and methods for characterizing model membranes. The
literature review highlights important findings from prior work as well as recognizable gaps and
limitations hindering the utility and application of model membranes for the purpose of
understanding natural membrane-mediated biological functions.

1

1.1 The Cell Membrane
1.1.1 Cell Membranes and Fundamental Functions
The cell membrane is a crucial multifunctional component of cellular architecture. Peering through
the microscope into eukaryotic cells, we find a number of macromolecular structures ranging from
the cell nucleus to Golgi apparatus, mitochondria, endoplasmic reticulum (ER), lysosomes, and
others (Figure 1). While many of these organelles all perform different functions, there is one class
of structural elements that is common to them all: membranes. The nucleus is surrounded by a
nuclear envelope, the ER and Golgi are a dense highly folded network of membranes, and
mitochondria have an outer membrane and an inner, densely folded membrane. The outer barrier
of the entire cell is yet another membrane structure: the plasma membrane. Prokaryotic organisms,
gram-negative and gram-positive bacteria for example, have similar outer membrane structures
that help establish a clear boundary between the “inside” and the “outside” of the cell.

The membranes found throughout cells must perform a variety of functions, and they do so through
the concerted implementation of the lipid bilayer and transmembrane proteins (Figure 1). [45] The
lipid bilayer is the foundation of the membrane; it serves as a semi-permeable barrier between the

Figure 1. Cell membranes act as the outer barrier of the cell and organelles. Membranes can also be found inside
organelles (i.e. inner mitochondrial membrane). Membranes serve as a two-dimensional liquid crystalline lattice
in which transmembrane proteins, cholesterol, and other important biomolecules are anchored. (Reproduced from
[44, 45])
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aqueous solution on either side of the membrane, and it possesses a tri-layered hydrophilichydrophobic-hydrophilic two-dimensional matrix into which membrane proteins are able to insert
or embed. Proteins then act as functional elements that play significant roles in cell-cell signaling
and communication or transport, for example by transducing ions or water molecules or chemical
species and signals.

Membranes and membrane proteins play pivotal roles in a number of important physiological
processes. The cell membrane as a whole must act as a selectively permeable barrier that prevents
unwanted species outside the cell from entering, allows nutrients and water in as needed, and
simultaneously allows excretion of waste products and signaling molecules. There are many
examples of physiological processes reliant on membrane or membrane-protein mediated
processes. Mammalian muscle contraction involves the fusion of acetylcholine-rich liposomes
with the membranes of neurons, and initial fusion event must then be followed by binding of
acetylcholine molecules to membrane proteins (acetylcholine receptors) embedded in the
membrane of the muscle cell that should contract. [112] Moving from the nervous system to the
immune system, a proper immune response depends on the function of membranes and membrane
proteins. Toll-like receptors (TLRs) are transmembrane receptor proteins [113] that are embedded
in the membranes of immune cells, albeit with domains that reside in the aqueous region outside
of the membrane where they bind to and recognize specific pathogens. Improper TLR function is
implicated in immunodeficiencies, atherosclerosis, and asthma. [114] Yet another example of the
significance of membranes and membrane-proteins in terms of normal physiological function:
blood sugar control mechanisms involve insulin activation of insulin receptors (IRs) in the muscle
cell plasma membrane, and then the insulin-signal propagates intracellularly to recruit liposomes
rich in glucose transport proteins (GLUT) to the plasma membrane where the transporters can
increase diffusion driven uptake of blood sugar. [115] Disruption of any of the membranemediated aspects of normal blood sugar control could thus play a role in diabetes which affects
millions of people around the world. The examples provided here are only a few of the many
membrane-mediated processes that affect physiological function of organisms.

3

1.1.2 Lipids and the Lipid Bilayer
The lipid bilayer is a fundamental element of cell membranes, providing barrier-like properties as
well as an amphiphilic two-dimensional matrix to accommodate similarly amiphiliphilic
membrane proteins. Lipid bilayers form through the self-assembly of lipids, amphiphilic molecules
with hydrophilic and hydrophobic regions, placed in aqueous environments. While there are
thousands of distinct lipid types known to exist in organisms [sud MAPS], every lipid generally
has a hydrophilic region (referred to as a “headgroup”) and a hydrophobic region comprised of
one or more acyl chains (referred to as the “tails” in the case of phospholipids) or some other
nonpolar moeiy. Figure 2 shows the chemical structure of several phosholipids, all of which
include a polar headgroup region and a nonpolar acyl chain region. The phospholipids in Figure 2
all have identical acyl chains (14 carbons long – myristoyl), however there are differences in the
chemical structure, and thus the net charge and steric size, of the polar headgroup regions. Each of
the headgroup types shown in Figure 2 are common in natural membranes (note there are
additional headgroup varations not included here); and the nomenclature for lipids includes
different

names

for

each

of

the

headgroup

types:

phosphatidylcholine

(PC),

phosphatidylethanolamine (PE), phosphatidylserine (PS), phosphatidic acid (PA), and

Figure 2. Typical phospholipid amphiphilic structure (polar headgroup and nonpolar tails) and headgroup types.
PC – phosphatidylcholine, PE – phosphatidylethanolamine, PS – phosphatidylserine, PA – phosphatidic acid, PG
– phosphatidyl glycerol.
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Figure 3. Variations in acyl chain length. DM – dimyristoyl, DL – dilauroyl, DP – diplamitoyl, DPh – diphytanoyl,
DS – distearoyl. (PC – phoshpatidylcholine headgroup; see Figure 2)

phosphatidylglycerol (PG). PC and PE are zwitterionic: they display net charge neutrality despite
the presence of positive charge on the phosphate group and a negative charge on the terminal
amine. The other headgroups shown in Figure 2, PS, PA, and PG, are examples of lipids that
possess a net charge in solution (and thus are shown complexed with a dissociated salt ion).

Figure 2 illustrates different common lipid headgroups, but an even greater number of lipid
permutations are possible through the existence of various types of lipid acyl chains. Acyl chains
can differ in their length, in their degree of hydrocarbon bond saturation, and through the possible
presence of methyl sidegroups or cyclic moieties in the chains. Figure 3 depicts
phosphatidylcholine lipids with two saturated acyl chains of varying length (12C - DMPC, 14C DLPC, 16C - DPPC, 18 - DSPC). Figure 3 also shows a lipid with 16C acyl chains containing
methyl sidegroups attached to every other carbon along the length of acyl chain: lipids of this type
are referred to as isoprenoid (phytanic in the case of 16C long chains, i.e. DPhPC). Saturated and
unsaturated acyl chains differ only in the types of bonds that exist between the carbon atoms that
makes up the chain. Fully saturated acyl chains such as those in Figure 2 contain only single bonds
between the carbon atoms. Figure 4 shows a PC lipid with fully saturated acyl chains as well as
examples of PC lipids with unsaturated chains. Unsaturated acyl chains are those which contain a
double bond between two of the carbon atoms in the chain. Acyl chains containing more than one
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double bond are referred to as polyunsaturated acyl chains. Figure 4 depicts a “hybrid” lipid that
contains one fully saturated acyl chain and one unsaturated acyl chain containing a single carboncarbon double bond, a diunsaturated lipid with two acyl chains containing a single double bond,
and a poly unsaturated lipid in which each acyl chain contains multiple carbon-carbon double
bonds.

Sterols represent another class of membrane lipids that are commonly found in natural organisms.
Figure 4 displays the structure of cholesterol and ergosterol, and in both cases, the polar region of
the sterol molecule consists primarily of a single hydroxyl group. In contrast to the small polar
“head”, sterol molecules have bulky hydrophobic moieties containing numerous planar rings. The
rigidity and bulkiness of sterol molecules is believed to play a key role in the ability of sterols to
significantly alter membrane properties such as permeability and fluidity. [116, 117] A number of
other two-tailed lipid types exist including the phospholipid sphingomyelin as well as nonphosphate containing gangliosides, sulfatides, cerebrosides, and ceramides. Additionally, natural
membranes do contain single-tailed lipids such as sphingosine. Neutral lipids, i.e. lipids with no
polar hydrophilic region, also exist. Monoacylglycerols (MAG), diacylglycerols (DAG), and
triacylglycerols (TAG), and steryl esters (SE), however these types of lipids are fully nonpolar and

Figure 4. Variations in acyl chain saturation yield lipids with fully saturated chains, one saturated and one
unsaturated chain, or two unsaturated chains. Unsaturated acyl chains may contain one or more double bonds. PO
– palmitoyloleoyl, DO – dioleoyl. Many types of sterols exist: cholesterol and ergosterol are shown here.
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reside in the core of lipid droplets or transiently in lenses or budding pockets in between leaflets
of the bilayer. [118]

1.1.3 Membrane Proteins: Functional Membrane Biomolecules
Membrane proteins are often found inserted into or through the hydrophobic core of membranes
in cells, and these membrane proteins perform specific microscopic functions that affect
overarching macroscopic physiological functions. DNA in the human genome contains over
20,000 distinct genes that encode for proteins, and in humans, 20-30% of all protein encoding
genes correspond to membrane proteins. [119] This amounts to between 5-6,000 different
membrane proteins that perform a variety of functions including signaling, transport, and
enzymatic activity. [120] Membrane proteins can be generally grouped into two categories:
integral proteins span the entire thickness of the lipid bilayer while peripheral proteins are
primarily associated with either an inserted integral membrane protein or the polar headgroup
region of only one leaflet of the bilayer. [4] Figure 5 illustrates the difference between integral and
peripheral proteins, and the figure also highlights the fact that many integral membrane proteins
possess hydrophobic and hydrophilic domains. The bilayer-like amphiphilicity of certain proteins

Figure 5. Illustration of membrane proteins associated with a lipid bilayer, including integral and peripheral
proteins. (Reproduced from [4]).
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drive or maintain protein positioning relative to the membrane (note: protein amphiphilicity is
affected by the polarity of the amino acid chain sidegroups positioned along the length of the
peptide).

Membrane proteins often perform tasks or functions, and many known membrane proteins can be
grouped into one of three functional protein groups: receptors, transporters, and enzymes
(presented in order of prevalence). [120] There are many different specific proteins within each of
these three functional groups. Almen et al have identified over 1300 receptors, 800 transporters,
and 500 enzymes. [120] Examples of receptors include G protein coupled receptors (GPCRs) like
rhodopsin, a transmembrane protein that pumps protons across the membrane in response to
stimulus by light. [120] The nervous system in mammals involves numerous other GPCRs that
bind and respond to neurotransmitter molecules such as acetylcholine, γ-aminobutyirc acid
(GABA), dopamine, and serotonin. Receptor proteins often undergo a change in shape or
conformation upon activation by the appropriate ligand or input. Transporter membrane proteins
perform roles in moving soluble and insoluble species across the membrane. Examples include ion
pumps, ion channels, and even transporters of larger molecules like sugar molecules, nucleic acids,
or lipid headgroups [120]. Ion pumps actively expend energy to pump ions across the membrane
while channels act as passive pores that allow the passage of solutes through the membrane. It
should be noted that some channels form constantly open static pores while others only form pores
in the presence of sufficient electrical potential (“voltage-gated”), mechanical strain
(“mechanosensitive”), or the appropriate soluble ligands (“ligand gated”). In addition to the
movement of ions, some transporters move larger molecules and substrates. ATP-binding cassette
(ABC) transporters, for example, promote movement of species like amino acids, peptides, and
sugars across the membrane. [121] Floppases and flippases, other examples of transport proteins,
are integral membrane proteins that aide in transporting the polar headgroups of lipids from one
side of the membrane to the other in order to help maintain desired lipid composition asymmetry.
Enzymatic membrane proteins catalyze chemical reactions. For example, protein kinase C is a
member of the protein kinase family of enzyme proteins which are involved in signal transduction.
Protein kinase C continuously moves between the cytosol and the inner cytosolic leaflet of the
membrane in a cycle of chemical reactions. [4] There are additional membrane proteins that fall
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outside of the classifications of receptors, transporters, and enzymes. For example, actin and
spectrin are peripheral proteins that associate with the cytosolic leaflet of cell membranes where
they play roles in binding or anchoring cytoskeletal filaments to the membrane. [4]

The microscopic functional abilities of proteins translates into higher level macroscopic
physiological functions that are important to living organisms. For example, a mechanistic
description of ion pump and ion channel function includes the proteins’ ability to actively and
passively transport ions across membranes, yet the higher level output might be an osmotic or
electrochemical transmembrane potential that is essential to propagation of an action potential or
membrane depolarization event related to nervous system signal conduction. In another example,
T-cell receptor proteins change shape upon binding to pathogenic ligand; this simple bindingdriven reorganization plays a pivotal role in triggering of the immune response to prevent further
infection. Rhodopsin membrane proteins are found in cells in the eyes of mammals and animal,
and these protein absorb intent radiant light and pump a proton (H+) across the membrane in
response. The seemingly basic ability of rhodopsin proteins to pump protons in response to light
is, at a higher level, the first step in a signaling cascade that provides mammals with the sense of
sight! Cyanobacteria also utilize the light-driven proton pumping function of rhodopsin-like
proteins to generate chemical energy in a form of photosynthesis. These examples highlight the
ways in which mechanistic functions of proteins translate into important higher-level functions.

Despite the vast amount of information obtained regarding the function and physics of membrane
proteins, there are a number of scientists actively pursuing new information regarding the different
types of proteins that exist and how they interact with and are modulated by lipid bilayers. The
protein data bank of transmembrane proteins (PDBTM) has grown considerably over the last
decade or more, for instance from 400 to 1700 known proteins between 2004 and 2012. [122] his
means that only about 30-40% of the membrane proteins encoded in the human genome have been
identified, and a full understanding of their function requires additional research. The development
of new tools for studying interactions between membranes and membrane proteins would help in
the efforts to obtain more information on both known and yet-to-be-discovered membrane
proteins.
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Figure 6. A) Lipid phases demonstrated through Langmuir trough experiments: G – gaseous, LE – liquid expanded,
LC – liquid condensed, S - solid. (Reproduced from [7]).

1.1.4 Lipid Phase and Transitions
Lipid bilayers can exist in a number of different thermotropic phases, and these phase states are
affected by a number of variables including the lipid packing, the temperature of the system, and
the composition of the membrane. This section describes the effect of packing induced changes in
lipid phase and ordering as well as temperature and composition dependent effects.

Lipid Packing
A straightforward demonstration of lipid phase behavior is enabled through the use of the
Langmuir trough, and experimental tool developed by Irving Langmuir early in the 20 th century.
Figure 6A provides an illustration of a Langmuir trough filled with water to create an air-water
interface. In a common approach, lipids or surfactants are deposited at the air-water interface via
volatile solvent (which later evaporates). The Langmuir trough also has movable barriers that pass
through the air-water interface, thus moving the barriers towards provides a means of corralling
and compressing lipids adsorbed at the interface. By including one additional component with the
trough, a Wilhelmy plate used to measure the surface tension at the interface, the effects of
compressing the interfacial lipid monolayer can be studied in a quantitative fashion. Practically
10

speaking, the resulting measured changes in surface tension are often analyzed in terms of surface
pressure (  ) which is equal to the difference between the surface tension of the fresh air-water
interface (  a / w ) and the surface tension of the interface with adsorbed lipid (  a / l / w ) as given by

   a/ w   a/l / w .

Equation 1

Figure 6A shows the surface pressure at the air-water interface during a typical lipid-film
compression experiment. Initially, the movable barriers are fully separated and thus adsorbed
lipids are spaced far apart with a large allowable mean molecular area. This initial state
corresponds to the lower right section of Figure 6A, and the lipids are in a very fluid “gaseous”
(G) state with very little effect on the air-water surface tension (and thus low surface pressure). If
the barriers are moved closer together so as to corral the lipids adsorbed at the interface, the lipids
will eventually begin to physically contact each other and become slightly less disordered. The
monolayer is still quite fluid in this “liquid-expanded” (LE) phase although the surface pressure
begins to increase. Further compression of the lipid monolayer by movement of the trough barriers
leads to progressively higher order, higher surface pressure, and eventual transition into a liquidcondensed (LC) phase where lipids are well-packed laterally but still display lateral and rotational
diffusivity observed in the LE sate. Further compression leads to significant increases in surface
pressure as the lipids are forced into a highly ordered and well-packed “solid” (S) phase. Surface
pressure is a maximum at this point, and any additional compression leads to buckling or collapse
of the monolayer accompanied by fluctuations and decreases in the measured surface pressure.
Langmuir trough experiments such as the one described here help to provide insight into the fact
that self-assembled layers of lipids can exhibit varying degrees of order and fluidity based on
factors like spatial constraints, lipid type, and even the temperature or kinetic energy of the system.

Temperature and Thermotropic Phase Transitions
Unlike a monolayer used in Langmuir trough experiments, cell membranes have two leaflets, yet
there is still strong evidence that even lipid bilayers exhibit various phases that are strongly
affected by temperature and composition. Many methods have been employed to detect
thermotropic transitions including NMR, [123-126] X-ray techniques, [127-131], fluorescence
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anisotropy [131-133], and turbidity among others. Perhaps one of the most intuitive methods for
observing thermotropic melting of lipid bilayers is calorimetry, an analytical method used for
decades to study the exothermic and endothermic nature of chemical reactions and solid-liquid
phase changes (i.e., the melting/freezing of ice/water). Differential scanning calorimetry (DSC) is
a type of calorimetry that involves heating two separate samples, one being an inert reference and
the other including the sample to be tested, at a constant rate in order to obtain the difference in
power required to change the temperature of the sample alone. [6] The output of DSC is the excess
specific heat or heat capacity of the sample as a function of temperature, and the excess specific
heat of a sample undergoes a transition if changing temperature leads to a significant change in the
ordering or phase of the sample. DSC has been heavily employed in the study of thermotropic
behavior of lipid bilayers and the interactions of sterols, proteins, and small-molecules and
therapeutics. [6, 134-147]

DSC of a single lipid component, often in the form of multilamellar or unilamellar liposomes in
aqueous solution, yields a measure of the change in excess specific heat of the lipids as a function
of temperature. When a lipid is heated or cooled through its Tm, DSC reveals evidence of changes
in the lipid heat capacity that are consistent with endothermic or exothermic transitions,
respectively. A representative thermogram obtained via DSC with a saturated lipid (DPPC)
undergoing a melting transition is provided in Figure 7A, and the transition in excess specific heat
capacity around 42°C is clearly observed. Single-lipid component liposomes often display sharp
transitions that occur over a narrow temperature range like that shown in Figure 7. The thermogram
in Figure 7A shows an example of the change in heat capacity that results from a heating induced
gel-fluid melting transition, here in DPPC liposomes which display a main Tm around 41-42°C. .
The sharpness of the peak is an indication of the highly cooperative nature of the melting transition.
Another useful quantitative output of DSC is the enthalpy of the transition: the area under the
excess specific heat curve provides a direct measure of the enthalpy associated with the melting
transition ( H ). Further, since the Gibbs free energy of the transition is zero at the midpoint of
the transition (in ideal single-component liposomes), the entropy of the transition can also be
calculated simply via S  H / Tm . DSC is a powerful tool for identifying the existence of, and
quantitatively studying the thermodynamics associated with, lipid bilayer phase transitions.
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Figure 7. A) Representative thermogram obtained by high-sensitivity DSC using multilamellar DPPC liposomes
dissolved in water. (Reproduced from [6]). B) Illustration of changing lipid bilayer phase upon changing
temperature: heating through the melting temperature, Tm, leads to a transition from the solid or ordered phase to
fluid, liquid-disordered phase. Some lipids transition through an intermediate rippled phase. Incorporation of
cholesterol can also affect membrane phase, leading to a bilayer that is ordered but with properties of liquid
crystalline bilayers, thus termed liquid-ordered. (Reproduced from [6] and [58]).

Figure 7B provides a graphical illustration of the effects of temperature on the phase, packing, and
ordering of DPPC bilayers. At temperature well below TM, the bilayer exists in a “gel” or solidordered (So) phase. Heating the DPPC bilayer leads to highly cooperative melting, [148] first
through a pretransition (see the small peak labeled “Tp” and the inset in Figure 7A) into a rippled
phase (Pβ) where there are fractions of both ordered and disordered lipids, and then the bilayer
transitions to a fully fluid, liquid-disordered (Ld) phase with sufficient heating to a temperature
above Tm. [148] Similar transitions are observed for many of the saturated PC lipids, for instance
DLPC, DMPC, DPPC, and DSPC all display highly cooperative melting transitions at Tm = -2°C,
23°C, 42°C, and 55°C respectively. [142, 148, 149] Generally, Tm increases with increasing acyl
chain length. [148] Unsaturated lipids also undergo phase transitions, however the increased
fluidity conferred by the presence of the double-bond(s) typically increase fluidity and decrease
Tm (DOPC for instance has Tm = -18°C [150]). Another important factor that can affect phase is
the presence or inclusion of sterol molecules whose large and bulky hydrophobic groups affect the
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order and fluidity of neighboring lipid acyl chains. Cholesterol actually serves biphasic roles as it
can fluidize solid-phase membranes and rigidify fluid-phase membranes [141, 142]. As a result,
cholesterol yields bilayers that are of an intermediate liquid-ordered (Lo) phase (Figure 7B,
bottom): the lipids display lateral and rotational diffusivity similar to that of the liquid phase, albeit
with dense packing, order, and increased thickness associated with the ordered gel phase.

Despite the utility of DSC in studying and characterizing thermotropic phase transitions, it is
limited in cases where membranes undergo low-enthalpy transitions. As will be discussed in
Chapter 6, this type of situation may be encountered in complex mixtures of lipids such as those
encountered in biological membranes, especially in the presence of large amount of cholesterol
which typically reduce the enthalpy of the transition (thereby reducing the features that are
detectable by DSC). As such, little is known regarding the possible occurrence and biophysical
fundamentals of thermotropic transitions that occur in complex multi-component membranes. This
shortcoming constitutes one of the major gaps addressed through the work in described this
dissertation.

1.1.5 Cell Membrane Composition and Organization
Cell membranes are comprised of many different types of lipids (over 1000 distinct species have
been recognized in the Lipid MAPS database [151]) and are densely crowded with membrane
proteins, and there are specific modes by which these lipid and protein components are organized
in the membrane. This section describes the heterogeneity found in natural membrane lipid
composition, the non-random organization of lipids across leaflets of the bilayer (asymmetry) and
laterally within each leaflet (subdomains or rafts), and the spatial localization of membrane
proteins as modulated by lipid-bilayer organization (the Fluid-Mosaic Membrane Model).

Lipid Composition in Natural Membranes
Biomembranes possess astounding chemical complexity that is essential for the cell’s ability to
respond and adapt to the external environment. Complex compositions are observed in the
membranes of both prokaryotic and eukaryotic species which is an evolutionary testament to the
potential importance of such heterogeneity. Bacteria are primarily comprised of PE, PG, or
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cardiolipin (CL, a PG dimer with a double net-negative charge). [152] Eukaryotic organisms
display a greater diversity than prokaryotic organisms in terms of common phospholipid
headgroups. Mammalian membranes contain appreciable fractions of PC, PE, PS, PI, PA, CL, and
sphingolipids such as sphingomyelins (SM), cerebrosides, and gangliosides. [57, 153] The charts
in Figure 8 illustrate the phospholipid compositions of prokaryotes (gram + and gram – bacteria,
as examples) and eukaryotes (includes plasma membranes of S. cerevisae and human cells, as well
as a breakdown by organelles in human cells), and it is clear that eukaryotic lipid composition is
generally more diverse. Van Meer and de Kroon report that 65 mol % of mammalian lipids are
glycerophospholipids (PC, PE, PS, or PI) while 10% are sphingolipids and the other 25% are
sterols. Sterol content varies from organism to organism. For instance, cholesterol is abundant in
humans and mammals, but it is not common to yeast (i.e., S. cerevisae) which is also member of
the eukaryote family. The membranes of yeast do contain appreciable fractions of ergosterol,
zymosterol, fecosterol, and episterol. [154] Conversely, bacterial organisms have little to no
cholesterol, although there is evidence that bacterial membranes include hopanoids which are
extremely similar to cholesterol. [155-157] Both prokaryotic and eukaryotic organisms contain a
variety of saturated fatty acids and unsaturated acyl chains. [158] Table 12 in the appendix shows

Figure 8. Lipid composition in prokaryotic and eukaryotic membranes. Compositional heterogeneity exists in both
headgroup (shown) and acyl chain content (not shown). Refer to Table Table 12 (Appendix) for references and
percentages.
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some of the various types of fatty acids and acyl chains encountered which include 12:0, 14:0,
16:0, 16:1, 17:0, 18:0, 18:1, and even 18:3 and other polyunsaturated fatty acids. As illustrated in
Figure 8, membrane composition varies not only from organism to organism, but from organelle
to organelle within an individual cell. The organelle specific compositions are highly regulated by
cells, most likely coordinated based on the specific functions of each organelle and associated
membrane proteins, which is an indicator of their importance.

As discussed in Section 1.2.1, efforts employing artificial model membrane systems to study
membranes, membrane proteins, and related biophysics would benefit from understanding and
maintaining physiologically relevant features conferred by the complex compositions of natural
membranes. Unfortunately, much of the work performed with model membranes to date has been
performed with single lipid compositions or mixtures of between two to four components. As a
result, there is still much to be learned about the effects of such diverse and complex composition
on the properties and functions of membranes and interactions with membrane-active proteins,
drugs, and other small molecules.

Non-Random Organization of Lipids: Subdomains and Asymmetry
The large number of different types of lipids found in cell membranes, both in terms of varying
lipid headgroups (and thus steric size and charge) and acyl chains (thus hydrophobic length and
fluidity), are known to be organized in a non-random fashion. [61, 159-164] Figure 9 illustrates
two methods by which the lipid components of cell membranes are actively and passively
reorganized both laterally within the plane of the membrane and across the leaflets of the bilayer
to create asymmetry.

Lateral organization or phase separation of lipid components is, in many cases, a passive
phenomenon that arises when the membrane contains multiple species with varying thickness or
fluidity. [165, 166] Intense research over the last 10-20 years has elicited methods for recreating
phase separation on demand, and one basic approach involves forming a lipid bilayer from at least
three components: one lipid with a low Tm, one lipid with a high Tm or shingomyelin, and some
fraction of cholesterol. [165-176] Commonly used mixtures include DSPC/POPC/cholesterol (Tm
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Figure 9. A) Phase separation occurs in lipid bilayers containing mixtures of lipids due to mismatches in the
thickness and fluidity of lipid components. (Modified from [9]). B) Cell membranes often display asymmetric
transbilayer distribution where each leaflet contains a different composition of lipids compared to the opposing
leaflet. (Reproduced from [52]). Both lateral and transbilayer spatial organization of lipid components are believed
to play fundamental roles in membrane-mediated processes such as signaling, protein sorting, and vesicle fusion.

is 53°C and -2°C for DSPC and POPC, respectively), DSPC/DOPC/cholesterol (Tm for DOPC is 18°C), or DPPC/DPhPC/cholesterol (Tm is 42°C for DPPC and below -120°C for DPhPC). [165169, 171-176] As described in section 1.1.4 above, a single component membrane reversibly
transitions from a disordered state to an ordered state upon cooling through the lipid’s Tm. With
this in mind, it is interesting to ask how phase transitions proceed when cycling the temperature of
bilayers formed from mixtures of two or more types of lipids, especially when each of the lipid
display significantly different transition temperatures if tested individually. Multi-component lipid
mixtures often exist in a homogenously mixed, disordered state when heated to a temperature
above the mixtures Tm, however, interesting mixing and miscibility behavior begin to emerge upon
cooling the multi-component membrane through Tm. Upon approaching and passing through Tm,
the lipid component with the highest Tm begins to become more ordered and more condensed. This
ordering process begins at various spots or patches throughout the membrane which gives rise to
domains of varying thickness and fluidity as illustrated in Figure 8. It is important to note,
especially when considering thermoregulation of warm-blooded animals, that the size and fluidity
of phase-separated domains can be controlled simply by altering the composition of the membrane
[165, 166, 173, 176].

It is now well-known that compositional differences exist when comparing the two leaflets of a
given section of cell-membrane, and this transbilayer asymmetry (Figure 8) is an important aspect
of membrane-mediated signaling and cellular functions. Cells actively expend energy to maintain
the asymmetry, and it is worth pointing out that a tremendous amount of energy should be required
to flip the polar headgroup of a lipid across the nonpolar hydrophobic core of the membrane. While
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the mechanisms that generate and maintain asymmetry are the subject of ongoing research, it is
generally understood that there are families of membrane proteins responsible for “flipping” and
“flopping” lipid headgroups from one leaflet to the other. Maintaining asymmetry is extremely
important for cells. For example, normal cells typically have a larger fraction of anionic negatively
charged PS lipid on the extracellular leaflet. Loss of PS asymmetry is associated with apoptosis or
cell-death, and such loss of normal charged lipid asymmetry can trigger cytoskeletal reorganization
critical to angiogenesis and vascular remodeling [177]. A cell that loses its ability to actively
maintain normal asymmetry is thus signaling the need for attention, repair, or replacement, and
such regulatory mechanisms are crucial to the hemeostasis of living organisms. This dissertation
does not focus heavily on asymmetry, but this aspect of membrane organization is important
enough to mention briefly.

Spatial Organization of Membrane Proteins: Evolution of the Fluid-Mosaic Model
Singer and Nicolson’s 1972 Fluid-Mosaic Membrane Model [3], more recently referred to as the
F-MMM [61], was an early advancement in our understanding and thinking of the structure and
organization of cell membranes. Figure 10A shows a recently modernized [61] illustration of the
original F-MMM [3] which describes the membrane as a fluid lipid matrix studded with globular
transmembrane and peripheral proteins. The original F-MMM illustration shows a membrane
comprised of a single-lipid as opposed to the complex mixture of lipids known to exist in cells. As
described above, complex mixtures of lipids can potentially lead to lateral and transbilayer
organization (i.e., phase separation and asymmetry) which are believed to play roles in determining
the spatial organization of membrane proteins and other membrane-associating components. The
illustration provided by Escriba et al. in 2008 is considerably more realistic (Figure 10B) than the
initial F-MMM model provided by Singer and Nicholson in 1972. Escriba’s version of the
membrane includes numerous different types of lipids, transbilayer asymmetry, lateral separation
into subdomains or rafts, and the interplay of these concurrent features with membrane protein
insertion and association with cytoskeletal components inside the cell. Many of these advanced
features resulting from the complexity of the membrane were carried over in 2014 when Garth
Nicholson, one of the original authors of the 1972 F-MMM, published a review of the evolution
of the F-MMM. [61] Nicholson’s latest illustration is provided in Figure 10C, and it is clear that
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Figure 10. A) The original Fluid-Mosaic Membrane Model, including the lipid bilayer and globular integral or
peripheral proteins, as illustrated in 1972. [3] B) An updated version of the model for membranes from 2008
includes lipid rafts, some of which help stabilize proteins, and lipid asymmetry across leaflets. [57] C) The latest
(2014) update of Fluid-Mosaic Membrane Model, provided by one of the original authors of the 1972 model. [61]

models for the organization and structure of cell membranes is becoming increasingly more
complex.

The literature review that follows highlights the history and evolution of model membrane
systems, including ways in which model membranes, like the F-MMM, are still in the early stages
of recreating and understanding the significance and influence of complex membrane composition.

1.2 Literature Review
This section provides a review of literature pertaining to the creation and characterization of
artificial model membranes. Methods of forming model membranes have enabled detailed
investigation of the properties, both physical and electrical, and function of membranes and
membrane-proteins. However, there are a few key gaps to overcome in being able to recreate and
understand physiologically relevant artificial models of cell membranes.

1.2.1 Model Membrane Systems
Given the importance and significance of membranes to greater physiological function, there are
benefits of technologies that allow assembly and creation of model membranes that mimic the
composition, organization, and function of natural membranes. A means of constructing and
accessing physical model membranes could provide the ability to study membrane and membraneprotein mediated processes. Even more promising is the idea of using model membranes to study
broken processes that result in disease, for instance diabetes or immunodeficiencies, and work on
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finding ways to mitigate or stop the disease. For these reasons, scientists and engineers have been
working for decades to form model membranes with the shared vision that they will serve as next
generation tools to improve our understanding of membrane related biological and biophysical
processes. A variety of approaches for creating model membranes exist, and each approach has its
own advantages and disadvantages. This research proposal focuses on literature regarding droplet
interface bilayers (DIBs) which can be classified as a type of freestanding planar lipid bilayer, and
the usage of DIBs specifically provides the ability to characterize membrane biophysics via
simultaneous electrophysiological and optical microscopy techniques. For comparison, Table 1
provides a summary of other methods to form model membranes which are extensively described
elsewhere. [2]

Black Lipid Membranes
Black lipid membrane (BLM) films represent one of the earliest embodiments of artificial models
of cell membranes, and there are several well-known variations of the methods used to form such
films (see Figure 11). While Sir Isaac Newton noted the lack of light reflection, and thus the lack
of any color, from lipid-stabilized films as early as 1704 [178], many scientists today credit Paul
Mueller and Donald Rudin (co-authors Henry Tien and William Wescott should also be
mentioned) [53, 54] and Mauricio Montale [60] for their seminal works establishing repeatable
platforms for forming BLMs. One of the earliest methods, described briefly in 1962 by Mueller,
Rudin, Tien, and Wescott, [53, 54] involved painting an “oily” solution of lipids dissolved in
organic solvent over a small aperture (~100 μm diameter) in a hydrophobic solid support
separating two aqueous compartments. Figure 11A provides an illustration of the formation of a
painted BLM which was reviewed more thoroughly by Rudin et al. in 1969. [179]. Nearly a decade
after the introduction of painted BLMs, Montale and Mueller provided a report of a modified
technique for forming BLMs by first spreading lipid monolayers at an air-water interface, and then
“folding” the monolayers over the two opposing sides of a small-hole in a hydrophobic solid
support. Figure 11B illustrates the process of forming the monolayers and then folding them over
the pore of a movable sliding solid-support to form a BLM over a hole in the solid support.
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Table 1. Summary of methods used to form lipid bilayers as model cell membranes.
Method
Giant unilamellar
vesicles (GUV, ≥ 500
nm diameter)

Liposomes/small and
large unilamellar
vesicles (SUV/LUV,
<500 nm diameter)
Solid supported lipid
bilayers (SLBs)

Black lipid
membranes (BLM) –
Montale, MontaleMueller, MuellerRudin
Droplet interface
bilayer (DIB)

Advantages

Disadvantages

Various formation methods
-Electroformation
-Jetting through a BLM
-Centrifugation
Asymmetric Capability
Suitable for tension measurements
(LaPlace method)
Basic model for bilayers

Not suitable for electrophysiology,
CM
Control over size polydispersity
Fragile membranes

Not suitable for electrophysiology
Difficult to control asymmetry with
small vesicles

Suitable for AFM[51], QCM, TIRF,
etc.
Possibility for tethering
Electrophysiology possible, but not
common
Suitable for electrophysiology
Inherently unstable and rupture
Asymmetric capability
easily
Poor view of bilayer area for CM
measurements
Difficulty measuring θ
Suitable for electrophysiology
Limited options for lipids that can
Asymmetric capability
be dissolved as liposomes (to
Small size: portable, low resource preserve asymmetric capability)
cost
and form stable asymmetric DIBs
Amenable to Cm, thickness, θ,
tension measurements
Supports
use
of
fluorescent/chemiluminescent dyes
and markers.
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Figure 11. Illustrations of A) the thinning and formation of a “painted” BLM formed via the method of Mueller
and Rudin, [53, 54] (Reproduced from [59]) B) the process of “folding” a BLM via the method of Montale and
Mueller [60] (Modified from [2]).

Despite the differences in the early techniques used to form BLMs, there are some commonalities
in the approaches used. A typical BLM setup includes aqueous compartments on either side that
help promote self-assembly of the lipids while avoiding hydrophobic-hydrophilic-hydrophobic
(i.e., the opposite of a cell membrane) style films formed by pioneers like Hooke and Newton [178,
180] who worked with soap or lipid stabilized films formed in wire hoops suspended in air
(essentially forming the equivalent of bubbles that are so commonly enjoyed by children). The
solid partition containing the small aperture is typically teflon or another suitably hydrophobic
solid support, potentially modified by addition of petroleum jelly in solvent. Common solvents
used for dispersing lipids and forming BLMs are often solvents with relatively high vapor
pressures and include alkanes, alcohols, or chloroform, or mixtures thereof.

BLMs are a useful embodiment of artificial model membranes for a number of reasons. The ability
to access each aqueous compartment allows for electrical measurements of ion transport, the
currency of biological systems. Electrical measurements can also be used to measure membrane
properties such as resistance, capacitance, specific capacitance and thus thickness, as well as the
membrane’s response to voltage (poration, electrocompression), and even the insertion and
behavior of transmembrane proteins or pore-forming peptides. Scientists have used BLMs to study
the interactions between membranes and a variety of membrane active biomolecules, smallmolecules, and therapeutics. Drawbacks exist, however, with typical BLMs: the films formed are
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anecdotally unstable and can be hard to work with for extended periods of time (in some cases for
only a few minutes [59]; even recent BLM studies describe repeated failure and the need for
reformation [181]). Further, many attempts to form BLMs using lipids with known phase
transitions result in a high likelihood of membrane failure below the transition temperature (i.e.,
membranes in the “gel” phase). For these reasons, methods of quickly, easily, and repeatably
forming stable lipid bilayers would serve as a preferred alternative to BLMs.

Droplet Interface Bilayers
Droplet interface bilayers, or DIBs, have been heavily pursued since their formal introduction
around 2008. [77] DIBs are lipid bilayers that are formed at the interface between two aqueous
droplets under oil. The main requirement, aside from placing aqueous droplets under oil, is that
lipids are included in either the water or oil phase. The dissolved lipids begin to self-assemble at
the oil-water interface surrounding an aqueous droplet placed into oil (see Figure 12A,B), and the
droplets can be brought together after only a few minutes without coalescing and becoming one
single droplet. Instead, the opposing monolayers on two adjacent droplets will spontaneously fuse
and form a bimolecular layer of lipids (Figure 12A,B). The spontaneous formation of a lipid bilayer
between droplets is driven both by a reduction in free energy of the system and the entropy driven
exclusion [100] of solvent from the otherwise constraining acyl chains of the newly formed bilayer.
The resulting interfacial film is stabilized by a balance of intermolecular forces (van der Waals,
electrostatic, and steric interactions). [62] At equilibrium, the geometry of a DIB can be described
by considering the surface tension of the monolayers (  m ), the bilayer surface tension (  b ), and
the contact angle between them. The tensions and contact angle associated with a DIB are
illustrated in Chapter 3 in Figure 17. A simple force balance yields the fact that  b  2 m cos
which is a well-known relationship closely related to the Young-Dupre equation [43, 100-102,
182]. The reduction in Gibbs free energy mentioned above is also called the adhesion energy or
free energy of formation ( F ), and it can be calculated using the monolayer tension and the
contact angle by

F  2 m (cos  1) .

23

Equation 2

Figure 12. Droplet interface bilayers (DIBs). Images reproduced from previous works; refer to the text for
appropriate citations.

The resulting ~3-5 nm thick [49, 50] lipid bilayer is an experimentally accessible model for cell
membranes. Importantly, DIBs are formed quickly and easily using very low amounts of materials
(i.e. on the order of μL of oil and water, only a few μg of lipid per trial) and are inherently more
stable than traditional BLMs.

Methods for DIB formation provide the ability to control symmetry of biomolecules, salt
concentration, pH, or other factors included on each side of the lipid bilayer (Figure 12B). [12]
Multiple droplets can be connected in series or in parallel (Figure 12C) to create networks of
droplets stabilized by lipid bilayers, [71] and this approach can be applied to create bioinspired
devices using droplet networks and the collective functionality from embedded proteins and
biomolecules. For instance, DIBs have been used to construct biobatteries that convert chemical
energy into electrical energy (Figure 12D), [71] hair-cell inspired vibration sensors and energy
harvesters (Figure 12E), [19] and recently even in the fabrication of tissue-like materials from a
custom 3D droplet printing system (Figure 12F). [84] Another useful configuration is the droplet24

hydrogel-bilayer, or DHB, which allows formation of a bilayer directly over the objective of a
microscope (Figure 12G). [183] The membrane formed with a DIB is capable of reconstituting
proteins that form protein pores or channels, and in general there is a great deal of potential for the
use of DIBs in studying and constructing biological systems. However, there are several obstacles
that must be overcome before DIBs become the tool needed to recreate and study membrane and
membrane-protein mediated processes. One such obstacle involves consideration of the lipid
composition of the DIB and related important features of biological membranes.

Current practices for DIB formation are limited in their ability to create biologically relevant lipid
bilayers as accurate models for studying membranes and membrane-protein interactions. However,
it is theoretically possible to form DIBs using virtually any lipid or combination of lipids, and this
capability would be particularly useful when attempting to recreate the complexity and
heterogeneity found in the membranes of actual organisms and living cells. However, a clear
majority of DIBs formed to date are formed using a single lipid, diphytanoyl phosphatidylcholine
(DPhPC). Table 2 and Table 3 provide general and detailed reviews, respectively, of lipid selection
in prior studies performed to date that involve either droplet interface bilayers (DIBs) or droplet
hydrogel bilayers (DHBs).

There is a major gap between the lipid compositions found in real cell membranes and the lipid composition of
typical DIBs. Considering the “lipid-in” approach required for asymmetric DIB formation, the lipid of choice from

Table 2. Summary of lipid usage in previous droplet supported bilayer studies.
(Reproduced from [10])
Lipid Type

Number of Published Papers

DPhPC and DPhPC based mixtures

>55

Other lipid compositions
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10:0 PG, SDS Span 80, other surfactant

4
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Table 3. Detailed review of lipid selection in prior droplet-based bilayer studies.
(Modified from [10])
Lipid Type

DPhPC

DOPC

DOPC:SM
DPPC

Lipid-In
H[11-43];
[55]
M[62, 63]
D[64-66]
H:D[67]
S:D [68]
Hx[69]
H[34, 9094]
So[91]

Lipid-Out

Lipid Type

Lipid-In

Lipid-Out

H[12, 35-38, 41, 50,
64, 70-76]
D[37, 66, 77-81]
Sq[82]; D:Sq[83]
So:H[41, 84]
DD[85-87]; T[37]

DPhPC:DPPC,
DPhPC: DSPC,
other DPhPC mixtures

-

H[34, 37, 88]
So:H[89]
T,D[37]

Egg PC

-

D[79, 97-99]
So:E[100]

H[95]; D[85, 86]
Sq[82];
So[91, 92] M[90]

-

H:So[96]

-

DD[87]
M[90]
So:C[101, 102]

DMPC

-

M[90]

Other/
Surfactants

-

D[62]
DD[109];
Sq[110]; So:H[111]

Asolectin
DPPC:cholesterol

-

D[78,
106]

104-

M,So,Sq[
103]

H[37, 108]
DOPG, DOPE, POPC,
D[107]
D[78, 104];
POPG, POPE mixtures
T,D[37]
Solvent abbreviations: H – hexadecane, D – decane,
DD – dodecane, M – mineral oil, Sq - squalene, So –
silicone oil, T – tetradecane, C - chloroform, E –
ether, Hx – hexane, O – other

Table 2 and Table 3 is almost unanimously DPhPC (and occasional fluorescently tagged lipids
added to ~1% for visualization). One component of the gap
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lies in the fact that the most commonly employed lipid for DIB studies, DPhPC, is a lipid of
archaeal origin with very little relevance to studies of eukaryotic or prokaryotic processes. The
physiological relevance of lipids in use is a major factor taken into consideration by biophysicists
and scientists when designing experiments with bilayers, proteins, and other biomolecules. [184188] As described above in Section 1.1.5, lipid composition potentially plays a key role in
determining the dynamics and interactions of membrane and membrane-related phenomena.
Moving forward, in order to create better model membranes that do not exclude the necessary
diversity of species, asymmetry, and lateral organization that make cell membranes functional,
there is a need for investigation of the ability to form DIBs using complex and physiologically
relevant mixtures of lipids dissolved as liposomes in the aqueous phase. Further, there is a need
for basic characterization, for instance of properties such as resistance, capacitance, specific
capacitance, of droplet interface bilayers formed with increasingly physiologically relevant
composition.

Droplet interface bilayers are not only useful for applications and for the study of membraneprotein interactions, but also for the characterization of membrane properties including osmotic
permeability and electrical resistance and capacitance. Resistance and capacitance are more than
just electrical properties: these quantities also reflect physical properties of the membrane as well.
It should be noted that BLMs and DIBs both provide similar capabilities for measuring lipid bilayer
resistance and capacitance. The ability to measure membrane resistance to water and ion transport
provides a measure of membrane permeability. Permeability is an important quantity for biological
membranes that must selectively block or allow the passage of specific solutes and solvents.
Capacitance, as will be discussed in the following section, is dictated by the membrane
hydrophobic region permittivity and thickness, thus means of measuring nominal capacitance
provides a first step towards investigating properties and structure of the bilayer hydrophobic core.

1.2.2 Experimental Characterization of Planar Lipid Bilayers
Table 1 provides a summary of common methods used to form and characterize lipid bilayers
including GUVs, sSLBs, SUVs, and LUVs. For the purposes of this review, the scope is narrowed
to studies of planar lipid bilayers which provide electrical access to both sides of the membrane as
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well as experimental control over the composition of each leaflet of the membrane. This section
includes a description and review of the electrical properties of planar lipid bilayers, common
methods for measuring bilayer electrical properties, and also methods for determining specific
capacitance and tensions with lipids bilayers.
Electrical Measurements to Characterize Membrane Structure
A number of techniques exist that have been used to characterize lipid bilayer structure and
properties (neutrons, x-ray, anisotropy, permeability). However, this dissertation focuses largely
on electrical measurements with planar bilayers which are advantageous due to the ability to
directly access both sides of the membrane and measure electrical and physical properties.

The electrical behavior of a lipid bilayer can be most simply represented as a parallel RC circuit.
Figure 13A

shows the representative electrical circuit for a BLM droplet interface bilayer, here

including the nominal membrane resistance (R) and capacitance (C) as well as the resistance of the
electrodes inserted into each of the aqueous droplets (Res). It should be noted that the electrical
properties of the lipid bilayer, R and C, represent physical aspects of the structure of the membrane.
For instance, membrane resistance represents the portion of the membrane that acts as a barrier to
ion transport. Alternatively, membrane capacitance stems from the layered structure of the
membrane and the dielectric hydrophobic region which provides a means of storing charge or
generating and propagating capacitive signals.
The complex impedance of a BLM or DIB, Z M ( ) , has been derived elsewhere and is given by:
[2]

Z M ( ) 

R
1  jRC

 Res .

Equation 3

Equation 3 yields an impedance spectrum such as that shown in Figure 13B (here assuming R = 10
GΩ, C = 100 pF, Res = 10k Ω). The circuit is comprised of three basic elements (electrodeelectrolyte resistnace, membrane resistance, and membrane capacitance), and current through the
membrane is frequency dependent whereby current follows the path of least resistance shown in
Figure 13B.

Application of zero-frequency dc voltage essentially leads to an open-circuit condition
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Figure 13. A) A DIB and its equivalent electrical circuit. B) The complex frequency dependent impedance of
bilayers (DIBs or BLMs alike) based on the electrical circuit shown in (A). (Modified from [2]).

for the path involving membrane capacitance; dc current passes through the electrodes, the
electrolyte, and the resistive portion of the membrane. Given that bilayer resistance, often on the
order of gigaohms, is significantly higher than that of the electrode-electrolyte resistance
(typically, Res ≤ 10 kΩ), current is determined via Ohm’s law and the membrane resistance when
applying dc voltage (I=V/R). Slightly more complex behavior emerges upon application of ac
voltage signals, however, as a lower frequency exists at which current through the membrane
begins to be dictated by the capacitance. This lower corner frequency (f1 on Figure 13B) is the
frequency at which the impedance of the membrane capacitance begins to fall below that of the
membrane resistance. A common technique for measuring membrane capacitance involves
application of an alternating triangle wave of constant amplitude (AV) and frequency (fV), and it
can be shown that the membrane capacitance (C) results in square wave current amplitude (Isw)
given by

I SW  4 AV fV C .

Equation 4

As the frequency of the input ac voltage waveform is continually increased, the impedance of the
membrane capacitance drops below that of the resistance at the electrode-electrolyte interface. At
frequencies above this upper corner frequency (f2 on Figure 13B), the impedance of the bilayer
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remains constant at ZBLM = Res. In combination, the frequency-dependent impedance of the bilayer
follows the path of the bold line drawn in Figure 13B. Knowledge of the electrical response of the
bilayer proves to be useful in allowing precise measurements of the membrane resistance and the
membrane capacitance by applying ac input voltages of an appropriate frequency. Refer to Chapter
2 for additional details and examples regarding how these types of measurements are performed
in this dissertation.

Membrane Specific Capacitance
The ability to measure membrane resistance and capacitance is a useful tool when characterizing
lipid bilayers, however, it is possible to gain additional insight my measuring the membrane
specific capacitance. Unlike nominal membrane resistance and capacitance, which depend on the
area of the membrane being tested, specific capacitance is an intrinsic property that depends only
on the dielectric permittivity and thickness of hydrophobic core of the lipid bilayer. Specific
capacitance could be expected to change with changes in the temperature or the composition of
the membrane. Specific capacitance is applicable to the study of membranes via the treatment of
a lipid bilayer as a parallel plate capacitor. Indeed, a lipid bilayer consists of a hydrophobic nonconductive layer (the lipid acyl chains) sandwiched between two opposing conductive layers (the
lipid headgroups). Following convention for a parallel-plate capacitor, specific capacitance of the
membrane (CM), can be written as

CM 

C
,
AM

Equation 5

or alternatively as

CM 

 r 0
d HC

,

Equation 6

where  r represents the dielectric constant for the insulating hydrophobic region of the bilayer,

 0 represents the dielectric permittivity of vacuum, and d HC (sometimes also referred to as DC in
this dissertation) represents the thickness of the bilayer hydrophobic region. It is quite common to
assume that the dielectric permittivity of the bilayer hydrophobic region, largely a mixtures of
hydrocarbon lipid acyl chains, is similar to that of pure hydrocarbon (  r = 2.2). The dielectric
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permittivity of vacuum is simply  0 =8.85x10-12 F/m. From Equation 6, it is clear that the ability
to measure CM for a lipid bilayer provides a means of directly measuring the thickness of the
bilayer hydrophobic region. This was of particular interest in the early to mid-20th century when
scientists were still working to understand the structure and physical properties of real and artificial
cell membranes. As discussed below, numerous efforts have been made to measure specific
capacitance of real cell membranes, as well as lipid bilayers through the use of BLMs and, more
recently, DHBs.

Some of the earliest measurements of membrane specific capacitance were made almost 100 years
ago using the real membranes of giant squid axons, but the advent of methods for forming BLMs
led to a sharp increase in the amount of information available regarding the specific capacitance
of lipid bilayers. Curtis and Cole were able to obtain an estimate of around 1 μF/cm2 in 1938 by
measuring the capacitance and area of the membrane of giant squid axons. [189] The large
workable samples of such axons enabled relatively accurate estimation of membrane area while
capacitance was measured directly via electrical measurements. Hodgkin and Huxley performed
similar measurements on giant squid axons in 1952 as part of their work that was recognized in
1963 by the awarding of the Nobel Prize in Physiology and Medicine. [190] Mueller and Rudin
provided initial estimates of CM between 0.7-1.5 μF/cm2 when they first formed BLMs in 1962.
[53, 54] Shortly thereafter in 1965, Hanai and Haydon utilized measured capacitance and area of
BLMs formed from lecithin, a mixture of lipids containing phospatidylcholine headgroups and
mixed saturated and unsatured acyl chains. [191] Hanai and Haydon used an estimate for the
bilayer hydrophobic region dielectric constant (2.05) to obtain the first CM-based measurement of
the thickness of lipid bilayers. The observed range of CM values between 0.38-0.40 μF/cm2
correspond to hydrophobic region thicknesses of 45-49 Å. Over the next ten years or more, a
number of researchers performed CM measurements with BLMs formed from a variety of different
lipid types and under a number of environmental conditions (i.e. varying pH, temperature, salt
concentration). [8, 46, 192-205] As research into the specific capacitance of BLMs emerged,
typical CM values fell between 0.3-1.0 μF/cm2, thus the original estimates of Mueller et al., Hanai
and Haydon, and even Curtis and Cole and Hodgkin and Huxley, were fairly accurate.
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Figure 14. A) The setup of Hanai and Haydon (1965) for using hydrostatic pressure to “bulge” a BLM and vary
its area while measuring capacitance. B) Illustration of a “bulged” BLM at varying area. C) Measured capacitance
versus area for different steps in the “bulging” process shown in (B). (Reproduced from [46]).

One of the earliest experiments to measure specific capacitance with BLMs, a study performed by
Hanai and Haydon in 1965, helped validate the relationship between the specific capacitance,
capacitance, and area of lipid bilayers. [46] The experiment involved “painting” a Mueller-Rudin
stlye BLM over a small aperture in a solid Teflon support, and the apparatus used included a means
of applying asymmetry hydrostatic pressure across the membrane. Figure 14A shows the original
diagram of the apparatus used in the experiment, and Figure 14B illustrates the effect of increasing
hydrostatic pressure across the BLM; increasing pressure leads to an increase in the area of the
lipid bilayer which essentially acts like a bubble being inflated or “blown up”. By measuring
electrical capacitance and membrane area at each step in pressure, Hanai and Haydon
demonstrated the linearity of the relationship between lipid bilayer capacitance and its area (Figure
14C). Not only did their approach enable accurate determination of CM by obtaining multiple
capacitance-area data points, the established relationship between CM and area enabled future
estimation of membrane area (AM) in cases when only the capacitance was measured (i.e.,
AM=C/CM, provided a value of CM is known).

Despite the use of BLMs in a number of specific capacitance studies, as described above, the BLM
technique is considered to a tedious and fragile platform for forming lipid bilayers. Further, the
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Figure 15. A) An illustration of the droplet hydrogel bilayer (DHB.) method. B) Actual images of a DHB at varying
areas along with the applied triangle wave voltage and measured square wave current. The square wave current
amplitude is proportional to capacitance. C) Images and corresponding measured bilayer area for a sequence of
steps in which area is changed by pulling or pushing the droplet up or down (via mechanical manipulation of the
electrode). D) Measured capacitance at each step potted versus the area measured at that step. The slope of the
linear fit shown represents the membrane specific capacitance, or C M. (Reproduced from [50]).

use of the opaque hydrophobic supports creates challenges for tracking the bilayer area in
experiments not employing the “bulging” approach of Hanai and Haydon. Alternatively, DIBs
present a means of forming robust, long-lasting lipid bilayers quickly and easily using relatively
small experimental setups. Following this logic, Linda Gross and Mark Wallace recently
investigated and established the ability to measure membrane specific capacitance using a
variation of the DIB method for lipid bilayer formation. Instead of using two droplets, a single
droplet is lowered onto a flat hydrated aqueous gel submerged in oil. Lipids can be placed in either
phase, and provided the conditions are favorable for adequate lipid monolayer formation at the oilwater interface of the droplet and the hydrogel, a lipid bilayer is formed between the upper droplet
and the lower planar hydrogel surface. The Droplet Hydrogel Bilayer (DHB) approach is
illustrated in Figure 15A, and a series of actual images from a single DHB are shown in Figure
15B. In a process similar to that used by Hanai and Haydon in 1965, Gross et al. describe the
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ability to mechanically tune the bilayer area, and thus capacitance, to obtain measurements of
capacitance and area at a number of different areas. As opposed to using hydrostatic pressure to
bulge a BLM, as in the case of Hanai and Haydon, Gross and Wallace simply move the electrode
holding the droplet above the hydrated gel. Figure 15C shows additional images of a DHB and
corresponding sequentially obtained values of the measured bilayer area. Figure 15D displays
measured capacitance versus area throughout the trial, and as in the case of Hanai and Haydon, the
capacitance-area curve is well approximated by a linear least squares regression. The slope of the
linear fit in Figure 15D is the specific capacitance, and the ability to quickly and repeatedly form
droplet-based bilayers enables relatively high-throughput measurements of lipid bilayer CM.

Gross et al. describe a convenient and straightforward method of determining CM and bilayer
thickness, and in its entirety, the experiments for measuring CM with a DHB can be conducted in
a matter of minutes. One drawback to this method involve the requirement for manual analysis of
each image to estimate the bilayer area; the manual analysis is both subjective and time-consuming
which may be prohibitive in the context of high-throughput screening or studies of membrane
specific capacitance. An additional challenge is presented by the fact that contact angle is not
directly viewable with DHBs, and the angle can be useful in the determination of free energy of
bilayer formation (adhesion energy) and even for the measurement of bilayer surface tensions (see
Chapters 3-4).
Effects of Temperature on Planar Lipid Bilayer Specific Capacitance
The well-known thermotropic properties of lipids, similar to other liquid crystals, demand that
attention be given to how the properties of the membrane are affected by temperature. Early
measurements made by Stephen White demonstrated the ability to detect change in CM, and thus
bilayer thickness, at the expected Tm using BLMs formed from glycerolmonoleate (GMO). Figure
16 shows the results from White;s experiments cooling and heating GMO BLMs formed using
tetradecane as the oil phase. CM for the GMO bilayer generally increases with decreasing
temperature, however a non-monotonic transition is observed around 16-18°C which is the
expected Tm for GMO. Decreasing Cm would be caused by an increase in bilayer thickness, a result
expected for a cooling induced transition from the fluid phase to the solid phase, assuming constant
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Figure 16. Specific capacitance of GMO BLMs (formed using C14 tetradecane as the nonpolar solvent) as a
function of temperature. (Repreoduced from [8]).

dielectric permittivity (see Equation 6). A more recent report by Velikonja et al. [181] shows how
the CM values for painted DPPC BLMs undergo and increase at the pretransition (39°C < T <
42°C) and again at the main transition (T > 42°C). The results of Velikonja et al. further support
White’s conclusions that CM measurements are capable of detecting changes in lipid bilayer
thickness associated with thermotropic phase transitions.

A significant gap exists between the composition of real cell membranes and the single-component
lipid bilayers used for the CM studies of White and Velikonja et al. In light of their works, one
looming question remains: how might measurements of the temperature dependence of CM, now
established as a quantitative method capable of detecting lipid phase transitions, vary when testing
lipid bilayers formed using complex, multi-component, physiologically relevant mixtures of
lipids? It is especially interesting to consider how CM would change upon heating and cooling in
membranes containing large fractions of cholesterol or sufficient heterogeneity to abolish the
enthalpy changes associated with thermotropic phase transitions when tested via DSC. More
directly, since CM is inversely related to bilayer thickness which is known to change at Tm, CM
measurements may enable detection of phase transitions that occur in membranes possessing
physiologically relevant compositional heterogeneity with different sensitivity than DSC. This
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could be an important finding given that DSC of complex lipid mixtures might otherwise suggest
there is no such phase transition.
Effects of Temperature on Droplet Interface Bilayers
There are only a few reports performed DIB studies performed at physiological temperature (37°C)
or any temperature other than room temperature. Of the 80 publications included in Table 2 and 3,
only three include studies of DIBs at temperatures other than room temperature. [62, 89, 90] As a
result, there is little knowledge of the effects of heating and cooling on DIBs and DIB-protein
interactions. Further, bilayers formed from saturated lipids are all reported to rupture while
changing temperature for all three cases. Since membranes in nature do not simply rupture upon
changes in environmental temperature, there must be mechanisms at play to allow organisms that
ability to withstand temperature changes. Temperature is an important factor for lipid bilayers
owing to the thermotropic phase behavior of lipids themselves. At high temperature or low packing
density, lipids exist in an expanded liquid state. Conversely, the bilayer phase transitions to a solid
phase as temperature drops. Actual cells regulate their lipid composition in response to the
environmental temperature, and other factors, in order to maintain appropriate membrane fluidity.
[206-209] Changes in lipid phase and composition are known to affect the behavior of membraneproteins, [184-188] and the mechanisms involved could feasibly be studied with DIBs provided
the ability to control temperature.

Lipid Bilayer Surface Tension
Cell membranes are soft materials that play critical roles in physiological processes both by
acting as selectively permeable barriers and by providing a two-dimensional, liquid crystalline
bilayer in which transmembrane proteins are anchored. The membrane is involved in physiological
processes ranging from homeostasis to vesicle trafficking and many other forms of cellular
signaling. For these reasons, methods to quantify physical properties of membranes provide direct
insight into how their structures impact their functions.

Further, there is increasing evidence that biomacromolecules [210-212], cell-penetrating peptides
[213, 214] and nanoparticles [48, 215, 216], and other small molecules such as anesthetics or drugs
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Figure 17. Common model membranes include the black lipid membrane (A) and the droplet interface bilayer (B).
In both cases, the tension of the lipid bilayer that forms is in equilibrium with the vertical sum of the two opposing
monolayer tensions.

[217-220] affect the packing and conformations of lipids in the membrane. For example, the bulk
hydrophobic region of cholesterol is known to affect the structural order and fluidity of
phospholipid bilayers by interdigitating between the acyl chains of neighboring lipids.[221-225]
And because the interactions between lipid bilayers and cholesterol, transmembrane proteins, and
membrane active pharmaceuticals can alter the tension of the membrane, methods for quantifying
membrane tension can be applied to study the uptake and accumulation of a variety of important
species into lipid bilayers. [210]

Motivated by many of the same reasons described above, scientific literature has produced several
methods for measuring tension in synthetic model membranes known as lipid bilayers or black
lipid membranes (BLM). [226-228] In many of these studies, the lipid bilayer was formed by
spreading a lipid-oil mixture across a small aperture in a hydrophobic solid support submerged in
water.[226, 228] As illustrated in Figure 17A, the suspended BLM consists of the thinned bilayer
region of the painted film, which is stabilized at its perimeter by an annulus of excess solvent.
Figure 17B also shows a DIB which is very similar to a BLM. In both cases, it is well known that
the bilayer region and the annulus reach mechanical equilibrium through a balance of surface
tensions, obeying Young’s equation [86, 90, 102, 110]:
𝛾𝑏 = 2𝛾𝑚 cos 𝜃.

Equation 7

Specifically, the interfacial bilayer tension (𝛾𝑏 ) is balanced by the two lipid monolayer tensions
(𝛾𝑚 ) at the annulus-water interface oriented away from the plane of the membrane by the contact
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angle (𝜃). Knowledge of the contact angle and monolayer tension allows for direct calculation of
bilayer tension, via the Young equation, as well as the specific free energy of bilayer adhesion via
Equation 2 (also known as free energy of formation, ∆𝐹) [63, 90, 102, 110, 226] Given a number
of established methods for measuring monolayer tension (e.g. drop volume, pendant drop,
Wilhelmy plate, etc.), the most difficult aspect of determining bilayer tension in a suspended BLM
is obtaining an accurate measurement of the contact angle at the annulus.

Requena, Needham, and Haydon [226, 228] pioneered specialized techniques to measure the
contact angle of suspended BLMs such that they could combine them with monolayer tension
values obtained from separate drop volume experiments to calculate the interfacial tensions of
glycerol monooleate and phospholipid bilayers. Via their technique, BLM contact angle
measurements are made after introducing a lens of excess solvent into thinned lipid bilayer.
Requena and Haydon’s measurements of contact angle relied on imaging the concentric fringe
patterns (visible rings created by constructive and destructive interference) cast by transmitted
light passing through the solvent lens, [228] while Needham and Haydon imaged the lens directly
to compute 𝜃 from the geometric relationship between the radius and volume of the lens. [226] In
both cases, bilayer tension was computed using Young’s equation by combining contact angles
measured in situ with monolayer tension values obtained a priori via the drop-volume method.
The approach is sufficiently quantitative, however, separate equipment and multiple experiments
are required to determine monolayer and bilayer tensions. A method that provides simultaneous
access to both monolayer tension and contact angle would thus enable in situ measurement of lipid
bilayer tension and determination of free energy of formation.

Petelska, et al presented a different approach for measuring BLM tension, which they used to study
the effects of cholesterol, [210, 229] charged lipids, [211] pH, [227] and the presence of amino
acids on the tension state in membranes. [227] Petelska’s method of bilayer tension measurement
involves forming a planar bilayer and applying a differential hydrostatic pressure across the
membrane, such that the Young-Laplace equation (∆𝑃 = 2𝛾𝑏 /𝑅) could be used to determine
bilayer tension from the radius of curvature of the bulging bilayer (similar to the illustration in
Figure 14B). [227] The Young-Laplace equation relates the pressure differential to the radius and
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tension of the bilayer only. Thus, one drawback of this technique is that it does not allow for direct
determination of contact angle, monolayer tension, or free energy of formation.

1.3 Gaps, Goals, and Research Plan
1.3.1 Scientific Gaps
The literature review provided thus far identifies several gaps in our understanding and knowledge
of model membranes:


Gap 1. There is a lack of knowledge of the partitioning and interaction of small-molecules
into lipid bilayers in cases where the molecules interact with the membrane in a manner
that does not form pores or otherwise exert measurable changes in membrane conductance
(and thus measured current).



Gap 2. Typical “lipid-in” DIBs are formed using liposomes containing a single lipid type,
thus it is unclear whether or not it is possible to use complex multi-component lipid
mixtures to form DIBs.



Gap 3. Little is known regarding the specific effects, and possible temperature-dependence,
of compositional heterogeneity on planar lipid bilayer resistance, specific capacitance,
breakdown voltage, equilibrium surface tensions of the monolayers and the bilayer, and
the interaction of membrane proteins or peptides.

1.3.2 Research Objectives


Objective 1 (addressing Gap 1). Develop new methods to directly measure physical
properties of DIBs beyond resistance/conductance including specific capacitance (thus
bilayer hydrophobic thickness) and monolayer and bilayer surface tensions (a measure of
lipid packing and order).



Objective 2 (addressing Gap 1). Apply and validate measurement capability of the method
developed in Objective 1 by characterizing the effects of non-permeabilizing cholesterol
and nonpolar solvent molecules, as well as mixed-monolayer protected cell-penetrating
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nanoparticles, on DIB specific capacitance, thickness, equilibrium surface tensions, and
lipid packing and order in the monolayers and bilayer.


Objective 3 (addressing Gap 2). Explore DIB formation methods using aqueous liposome
solutions containing multi-component lipid mixtures and native cellular lipid extracts.



Objective 4 (addressing Gap 3). Apply methods and knowledge established via Objective
2 to study the effects of increasing compositional heterogeneity on DIB resistance, specific
capacitance (thickness), monolayer and bilayer tensions (packing and order), and also the
interactions of membrane-active peptides.



Objective 5 (addressing Gap 3). Investigate temperature dependence of DIB resistance,
specific capacitance, surface tensions, and membrane-active peptide interactions in simple
and complex multicomponent DIBs.
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CHAPTER 2

EXPERIMENTAL METHODS AND DATA
ANALYSIS

This chapter describes experimental methods, as well as methods used in the analysis of data, that
are generally applied throughout the work described in this dissertation.

2.1 Droplet Interface Bilayer Formation and Experimental
Setups
2.1.1 Common Materials
Phospholipids were obtained in powder form from Avanti Polar Lipids (Alabaster, AL) and stored
at -20°C until further use: DPhPC (1,2-diphytanoyl-sn-glycero-3-phosphocholine), DMPC (1,2dimyristoyl-sn-glycero-3-phosphocholine),

DPPC

(1,2-dipalmitoyl-sn-glycero-3-

phosphocholine), DSPC (1,2-distearoyl-sn-glycero-3-phosphocholine), DOPC (1,2-dioleoyl-snglycero-3-phosphocholine), POPC (1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine), eTLE (
E. coli total lipid extract), bTLE (brain total lipid extract, porcine), and cholesterol (ovine wool,
>98%). Cholesterol used in GUV experiments was obtained from Nu Chek Prep (Elysian, NY).
Fluorescent dyes: BoDIPY-PC (2-(4,4-diﬂuoro-5,7-dimethyl-4-bora-3a,4a-diaza-s-indacene3pentanoyl)-1-hexadecanoyl-sn-glycero-3-phosphocholine) and Fast DiI (1,1’-dilinoleyl-3,3,3’,3’tetramethylindocarbocyanine perchlorate) were acquired from Invitrogen (Carlsbad, CA), C12:0DiI (1,1’-didodecyl-3,3,3’,3’-tetramethylindocarbocyanine perchlorate) was purchased from
Thermo Fisher Scientific (Waltham, MA), and naphtho[2,3a-]pyrene and DHE (Ergosta5,7,9(11),22-tetraen3β-ol) was purchased from Sigma Aldrich (St. Louis, MO). Extracts of total
41

lipids carry a recommended 3 month shelf life, thus bTLE is used within 3 months after which a
new lot is acquired. Alamethicin (Alm) from Trichoderma viride is obtained in powder form from
A.G. Scientific (San Diego, CA).

Sodium chloride (NaCl), sodium hydroxide (NaOH), 2-(N-morpholino)propanesulfonic acid
(MOPS), decane, hexadecane, AR 20 silicone oil (product number 10836), agarose (A9539),
lidocaine hydrochloride (2% for injection), promethazine, isopropanol, ethanol, acetone, and
chloroform are obtained from Sigma Aldrich. Unless indicated otherwise, aqueous buffer includes
10 mM MOPS, 100mM NaCl, and is buffered to pH 7.4 using NaOH. Solution pH is verified using
a Fisher Scientific Accumet AP85 pH probe. Water used in the preparation of aqueous solutions
is filtered to resistivity of at least 18MΩ*cm2 via a Millipore Synergy water purification system.

Electrodes are fabricated using general purpose 22 gauge wire and either 125 μm silver wire from
Goodfellow or 50 μm silver wool from Sigma Aldrich. As described in Section 2.1.3 below, larger
diameter silver wire is used for tests involving the Regulated Attachment Method while smaller
diameter silver wool is used when forming DIBs between droplets suspended on ball-ended,
agarose-coated electrodes. Male D sub connector pins, used for connecting to the Axopatch
headstage, are acquired from Newark element 14 (Chicago, IL).

2.1.2 Preparation of Stock Solutions of Liposome and Proteins
DIB formation involves the use of droplets from aqueous solutions containing large unilamellar
vesicles (LUVs). Lipids and cholesterol are obtained in powder form from Avanti Polar Lipids.
Unless stated otherwise, lipids are dissolved to a concentration of 2 mg/mL in aqueous buffer to
create stock solutions of multilamellar vesicles (MLVs). When dissolving lipids with a Tm above
room temperature, the buffer is first preheated to a temperature above the lipid Tm. Fresh MLV
solutions are vigorously vortexed, aliquoted, and frozen at -20°C until further use. After a total of
five cycles of freezing and thawing, aliquots of MLV stock solutions are extruded (T&T Scientific
100 nm LipX Extruder, or an Avanti MiniExtruder with Whatman 100 nm polycarbonate filters)
or sonicated (Branson bath-style Sonicator) to create LUV solutions used in DIB experiments.
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Freezing and thawing specifically helps reduce the degree of lamellarity of MLVs prior to
extrusion [230, 231]. LUV suspensions are stored at 4°C and used within 2 weeks.

Solutions containing lipids and cholesterol are processed using a slight variation of the method
just described. Lipids and cholesterol are obtained separately, and each is dissolved at a
concentration in chloroform to create separate lipid and cholesterol stock solutions. Typical
chloroform stock solution concentrations are 5mg of lipid per 1 mL of chloroform. When creating
mixtures of lipids and mixtures of lipid and cholesterol, appropriate amounts from each chloroform
stock are combined in a small vial, and the chloroform is removed by at least 2 hours of vacuum
to obtain a dry mixed-lipid film. This film is rehydrated, frozen and thawed five times, and then
sonicated until the solution becomes clear. Sonication is preferred over extrusion with cholesterol
containing solutions to ensure cholesterol concentrations are not affected through the extrusion
process (i.e. by filtration on the polycarbonate membrane). Sonication is also preferred over
extrusion when forming unilamellar liposomes from with pure DPPC samples. As described
elsewhere, [232] sonication for several hours above the transition temperature of DPPC (Tm =
42°C) yields stable suspensions of small unilamellar liposomes. In comparison, extrusion yields
unstable solutions of liposomes that fuse and precipitate out over time if the solution is stored
below Tm. Solutions containing cholesterol or DPPC are checked for optical clarity before testing
and re-sonicated to clarity if there is any evidence of demixing.

Alamethicin, an antimicrobial peptide from Trichoderma viride is used extensively herein. Before
mixing peptide with lipids or liposomes, the powdered form of the peptide is dissolved in ethanol
at a concentration of 2.5 mg/mL to create an organic stock solution that is stored at -20°C. For DIB
testing with Alm, the frozen peptide stock is thawed and diluted to 25 µg/mL (0.25% ethanol
remaining) with buffer before adding it to 2 mg/mL unilamellar liposomes to achieve the desired
final Alm concentration. This approach minimizes dilution of the liposomes while ensuring
adequate dilution of the original ethanol solvent. Separately, for circular dichroism (CD) testing,
alamethicin stock and liposome solutions are diluted and combined to create samples with 500
µg/mL lipid and 50 µg/mL Alm (peptide:lipid ratio ~1:46). All peptide/lipid stock solutions are
stored at 4°C and used within 2 weeks.
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2.1.3 Droplet Interface Bilayer Formation
DIBs are formed primarily using one of two approaches in our work, and both techniques rely on
basic self-assembly of lipids at the interface of water droplets placed in oil. Typically, the
experiments herein are conducted using the lipid-in approach (lipids dissolved in the water phase
as opposed to the oil phase). Figure 18 shows a representation of the two approaches used; 1) the
Regulated Attachment Method[17] (RAM) and 2) the suspended droplet method with droplets
pipetted onto agarose-coated ball-ended electrodes submerged in oil. Micromanipulators are used
either to control compression of the RAM and resulting droplet contact, or to hold and position the
gel-coated electrodes. Electrodes used with the RAM are typically 125 μm and do not need a ballend or agarose. The hanging drop approach utilizes smaller, 50 μm diameter wire to help minimize
the effects of the electrode on droplet shape. 50 μm electrodes are held briefly over a flame to
create a ball end before chloriding the electrodes with bleach and dipping them in molten agarose
to acquire the gel-coat. In either the RAM or suspended droplet methods, 200-800 nL droplets of
aqueous solution are pipetted into the oil, several minutes are allowed for monolayer formation,
and then droplets are either allowed to come into contact (RAM) or moved into contact (suspended
droplets). Droplets are created manually by pipetting them directly into oil-filled PDMS substrates.
Droplets are pipetted directly into the compartments when using the RAM substrate, and they are
pipetted onto the gel-coated electrodes tips in suspended droplet tests. Typically, 2-5 minutes are

Figure 18. A) The two techniques used for DIB formation and tests described in this work are 1) the regulated
attachment method (RAM, left) or 2) droplets suspended on gel-coated electrode tips (“suspended droplets”, right).
(Modified from [10]).
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allowed for sufficient lipid monolayer formation before bringing droplets into contact for DIB
formation. Subsequent bilayer formation, as well as any peptide insertion or gating, is monitored
using electrical measurements as described in Section 2.2.

2.1.4 Fabrication of PDMS Substrates and Electrodes
Flexible elastomeric and hydrophobic substrates are constructed using Sylgard 184
poly(dimethylsiloxane) (PDMS) acquired from Dow-Corning (Midland, MI) as described
previously[10, 17, 49]. Briefly, double-molding techniques are used to fabricate desired PDMS
substrate geometries: a negative of the desired substrate shape is machined in acrylic to form a
template, two-part polyurethane (PU; ClearFlex 50 from Smooth-On Inc.) is cast into the negative
template, and then the PU negative is removed and placed in a separate machined acrylic template
defining the final outer geometry of the PDMS substrate. The use of PU helps ensure that the
negative does not crosslink or bond to the PDMS which allows for straightforward removal of the
negative after the PDMS is cured. Once the negative is removed, the cured PDMS substrates are
trimmed as needed (to remove flash and excess material that may absorb alkane solvent in later
testing), cleaned with mild soap and water, and rinsed thoroughly with DI water before use.

Electrodes used in the tests herein, including both RAM and suspended droplet style experiments,
are prepared using a similar process. In either case, a 10-20 cm long section of 22 gauge wire is
taken from the stock spool of wire. The insulation is removed from each end of the wire to expose
approximately 1-2 cm of the metal core at each end. A metal male D sub pin is soldered onto one
of the exposed ends of the wire. The other end of the wire is attached to either 125 μm silver wire
by soldering, or to 50 μm silver wool using conductive silver paint (Ted Pella, Inc., Redding, CA).
For both types of electrodes, the silver wire attached is trimmed to leave approximately 2 cm of
free wire. The silver wire is then submerged in bleach for at least one hour to obtain a silver/silverchloride (Ag/AgCl) coating. It should be noted that in experiments with ball-ended 50 μm
electrode tips, the wire is briefly held over a flame to create the ball-end before the electrodes are
chloride in bleach. Further, the ball-ended, chlorided electrodes are often coated in a layer of
agarose by dipping them approximately 10 times in molten agarose (melted and stirred on a hotplate set to 140-160°C). After completing the steps described thus far, any exposed 22 gauge wire
45

and soldered or painted connections are covered with heat-shrink to protect and insulate the
connections and to mitigate motion or vibration during DIB experiments.

2.2 Electrical Measurements to Monitor Bilayer Formation
and Quantify Membrane Properties
2.2.1 Lipid Bilayers as RC Circuits: Membrane Resistance and Capacitance
The equivalent electrical circuit for a single lipid bilayer is a simple RC circuit. As illustrated and
described in Section 1.2.2, the bilayer can be modeled as a resistor and a capacitor in parallel.

Electrical measurements are used to monitor the formation of a DIB between droplets suspended
or impaled by Ag/AgCl electrodes. Specifically, current across the interface is measured using an
Axopatch 200B patch clamp amplifier. As a DIB begins to form and approach equilibrium,
capacitance of the interface also begins to increase and stabilize. Continuous application of a 10
mV, 10 Hz triangular voltage waveform results in a square current waveform whose amplitude is

Figure 19. A) A typical current response during bilayer formation and subsequent adjustment of bilayer area before
further characterization. The orange bar corresponds to the portion of the trace associated with (B) and (C). B)
The triangular input voltage waveform with 10mV amplitude and frequency of 10Hz used to continually elicit
bilayer capacitance while forming a DIB, or while adjusting or monitoring bilayer area. C) The actual current
recorded in the region with the orange bar in (A). The “square” nature of the current waveform is a result of the
bilayer capacitance, with the amplitude of the current waveform relating directly to the magnitude of bilayer
capacitance and thus its area.
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proportional to the area of the bilayer (C=I/(4AVf); C-capacitance, I-current, AV-triangle waveform
amplitude, f-input waveform frequency). Thus, square-wave measurements confirm bilayer
formation and provide a measure of the bilayer area. Examples of the triangle wave and typical
current response through a DIB are shown in Figure 19. The capacitive current amplitude is
proportional to bilayer area and is monitored in real-time while adjusting substrate compression
(RAM) or droplet positioning (droplets suspended on electrodes) to achieve a desired bilayer area
(Figure 19). Bilayer area (A) can be computed using a known value for the membrane specific
capacitance (CM) and the fact that A=C/CM.

2.2.2 DC Voltage Step Routines for Measuring Rupture Potential and
Resistance
Membrane resistance and rupture potential are measured to assess the sealing quality of the
membrane and the threshold for electroporation. [10] Resistance is determined by measuring
current for 15-30 seconds at various DC voltages, for instance from -150mV to 150 mV in 25 mV
increments.[10] Plotting average current at each voltage step as a function of voltage provides
access to membrane conductance through Ohm’s Law: I/V=G=1/R, where I-average current, Vapplied DC voltage, G-membrane conductance, R-membrane resistance. The slope of a linear fit
of the I-V curve is thus the inverse of the membrane resistance. An automated DC step voltage
routine is used to perform tests for rupture potential in a repeatable fashion, typically increasing
the applied holding potential by 12.5 mV every 15 seconds until the membrane ruptures and
droplets coalesce. The potential at which the membrane ruptures is taken as the rupture potential,
or Vrup.

With a DIB formed, bilayer resistance is characterized by applying a DC step voltage routine that
consists of a positive (increasing) and negative (decreasing) voltage step scan (Figure 20A,C). The
input voltage waveforms are generated using a custom LabVIEW routine, which allows control of
the step size (mV), duration (sec), and maximum voltage (mV) applied to the membrane. For DC
step tests employed to obtain bilayer resistance, voltage is typically adjusted in 12.5 mV
increments from 0 to 100 mV (or -100 mV for the decreasing sweep) with 10-15 seconds of holding
time at each step. Pursuing the ohmic resistance of the bilayer, average current at each DC step is
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Figure 20. DC step routines used to measure bilayer resistance and rupture potential. To obtain bilayer resistance,
applied voltage is increased via an automated routine with prescribed step size (mV) and time (s) up to a final
voltage (typically 12.5 mV and 10-15 seconds per step from 0mV to +75 or +100 mV). A) Voltage applied during
the positive sweep of a DC step routine to +75 mV. B) Current is measured during the DC step routine. C-D)
Voltage and current during DC steps to -75 mV. E) Average current measured at each voltage step as shown in
(B) and (D) is plotted as a function of the applied voltage. Via an Ohmic relationship, bilayer resistance is obtained
as the inverse of the slope of a first order linear regression. F) The same DC step routine is used to elicit bilayer
rupture potential. Typical step size and step time is 10 mV and 10 seconds, respectively, with final voltage set to
350 mV. In these tests, the triangular voltage waveform is applied on top of the DC step routine to monitor bilayer
size. G) Current measured during a DC step routine for rupture potential. Bilayer area increases with applied
voltage due to electrowetting, and ultimately the bilayer begins to breakdown and ruptures. The voltage at which
the membrane ruptures is taken as Vrupture, the rupture potential.
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plotted against the applied step voltage to allow calculation of bilayer resistance, taken as the
inverse of the slope of a linear fit (Figure 20E). After executing DC step scans to obtain bilayer
resistance, the scan is repeated with a high upper voltage limit (Figure 20F) to identify the rupture
potential, Vrupture, which is the voltage level at which the DIB ruptures and droplets coalesce
(Figure 20G).

2.2.3 Membrane Specific Capacitance
The suspended-droplet method of DIB formation is the most common setup used for CM
measurements in this work. For reference, equations related to CM are provided in Section 1.2.2.
To facilitate imaging of the DIB, the PDMS substrate is modified to obtain an optically clear
bottom surface. When using the heat-distributing shell for feedback-controlled heating studies, the
shell must include a hole or port to allow visualization of the droplets while suspended over the
objective of the microscope. Bilayers are formed with droplets fully suspended in oil on the tips
of ball-ended, gel-coated electrodes. Agarose-tipped electrodes are mounted above the microscope
stage using micromanipulators or clamps and lowered into the oil reservoir of the PDMS substrate
before being hydrated with aqueous buffer or lipid solution. For DIB formation, one droplet
(typically 200-500 nL) of aqeuous lipid solution is placed onto each electrode, and the droplets are
allowed to form monolayers. After the appropriate amount of time for monolayer formation, one
or both electrodes are moved such that droplets come into contact, after which a DIB spontaneously
forms. As described further below, capacitance measurements are made in sync with capture of
images, and bilayer area can be manipulated by additional stepwise movements of one electrode.

Figure 21A shows typical images of a DIB between droplets suspended on electrodes at various
area steps. Dynamic area control is achieved through manipulation of one or both of the electrodes.
Figure 21B shows the square wave current measured over the course of a single experiment (1520 minutes in this example). Figure 21C-D display sections of the current at shorter time scales.
Figure 21E shows the capacitance at each area step associated with an arrow in Figure 21B, and
we see no signs of any hysteresis as expected.[50] In sync with capacitance measurements, images
are simultaneously acquired using a QIClick Digital CCD camera (operated via Qcapture Pro 7 or
μManager[233]) mounted on an Olympus IX51 inverted microscope with a 4x objective installed
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Figure 21. A) Images of droplets with purposefully varied amounts of contact (including one image of drops before
they are connected). B) Capacitive square wave current measured during a single experiment to obtain specific
capacitance, CM. Arrows indicate the end of each step or the time at which area and capacitance data are
simultaneously acquired. C-D) Measured current from part (B) at decreasing time scales show changing current
amplitude as area is adjusted, although the signal remains square as a result of bilayer capacitance. E) Capacitance
measured at each area step indicated by an arrow in (B). F) Capacitance as a function of area including a linear fit
to obtain the slope, or specific capacitance.

50

(bright-field, intent light at 50% with 7 ms exposure time). Area is calculated after using an
automated image processing routine to extract the effective diameter of the bilayer based on the
distance between vertices where the two droplets are in contact. Chapter 3 provides additional
details regarding area calculations and assumptions regarding the circularity of the bilayer
interface. Figure 21F shows capacitance plotted versus its area for this representative experiment,
and the slope of the linear fit is taken as CM.

Error is estimated based on the normally distributed residuals from the linear fit of capacitance as
a function of area following the method of Gross and Wallace.[50] For the example shown in
Figure 21 with mean capacitance of 466 pF and mean area of 64000 μm2, residual standard
deviations are 5.86 pF or 722 μm2 which represent measurement errors of 1.26% or %1.13 ,
respectively, for any single AM vs CT point.

2.3 Electrical Measurements to Quantify Membrane
Protein Insertion in Droplet Interface Bilayers
Alamethicin (Alm) insertion is observed in response to applied transmembrane voltage using
electrical measurements of current through the membrane. Alamethicin measurements are
conducted using DIBs formed via the RAM platform to allow control of the bilayer size, and
alamethicin is added to the liposome solution before placing droplets into oil. Tests herein are
either performed using high concentrations (≥ 500 nM) that yield macroscopic currents ( ≥ 1 nA)
or low concentrations (≤ 500 nM) that yield stochastic bursts of current through a single or few
peptide channels (see Section 5.3.6 or Section 6.3.5 as examples). The following section is
included to provide additional detail regarding the Cyclic Voltammetry (CV) methods used
extensively in this work.

2.3.1 Macroscopic – Cyclic Voltammetry with Alamethicin Insertion
Alamethicin insertion at the macroscopic level is quantified via cyclic voltammetry (CV), a
method that involves linearly ramping the applied voltage while measuring current. The voltage
waveform used for CV scans is generated from a LabView program and routed through the
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Figure 22. Cyclic voltammetry for characterizing interactions between alamethicin and DIBs. A-B) The typical
triangular voltage waveform and corresponding square current wave (with a bilayer formed) is applied for 5
seconds at the beginning of each CV cycle. C) CV testing involves multiple cycles (typically 10 cycles per test).
In a single cycle, voltage increases at a constant rate of 10 mV/sec up to the maximum applied voltage before
decreasing at the same rate to 0mV. D) As voltage becomes more positive in the droplet containing alamethicin,
current begins to increase exponentially with voltage above a certain characteristic threshold voltage, V*. E) For
each cycle, the steady-state current response to applied voltage is approximated by averaging current measured
during the increasing and decreasing voltage segments of the CV scan, respectively. F) The averaged current
response is normalized by membrane area for each scan and is divided by the applied voltage to determine specific
conductance shown in (G). G) Specific conductance (G*) during the CV scan is used to determine the voltage
threshold, V*, which depends on the specific value used for the threshold (dashed lines showing example
thresholds). After smoothing G* to further reduce noise effects, V* is taken as the voltage at which G* first crosses
the selected threshold. The selected threshold value is 8 μS/cm2 (as used elsewhere [56]) in all instances of this
work. (Figure reproduced from [10]).
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Figure 23. Repeatability and reproducibility of CV sweeps. A-B) Each plot includes 10 stacked conductancevoltage traces. Each of the 10 traces is the raw conductance signal for a single sweep, calculated as shown in
Figure 22E-G. A) Room temperature, B) 50°C. Both) The 10 sweeps are obtained during a single trial with a single
DIB via continuous CV scanning. As described in Section 5.3.6, CV sweeps with eTLE at higher temperatures
require a higher maximum voltage to elicit enough current to cross the conductance threshold (dashed line). For
the 10 traces within a single test, each trace is a different color, although the high within test repeatability makes
it difficult to discern the different signals: see inset in (B). V* is calculated for each sweep, and the values from
each sweep are averaged to provide the final V* value for the single trial. Typical standard deviation within a trial
is <1-2 mV (σ as shown). C) V* values obtained in all trials which are used to compute average V* values shown
in Figure 57C. The low standard deviations of 2.1-8.6 mV demonstrate the reproducibility of V* calculations
across trials. (Figure modified from [10]).
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Axopatch to the DIB. Figure 22 shows the applied voltage (Figure 22A) and measured current
(Figure 22B) during three sweeps of a typical CV measurement (DPhPC, 1 μM Alm). Each CV
test involves forming a new DIB, adjusting the size to around 250 pF (100 pA square wave current
with the selected triangle waveform input voltage), and then starting the CV scan. Each scan
consists of n ≥ 10 voltage sweeps where each sweep includes 5 seconds of the 10 mV/10 Hz
triangular waveform (to monitor bilayer capacitance) followed by a triangular ramp at a rate of 10
mV/sec as used elsewhere [234] (Figure 22C). The maximum voltage used in CV tests is adjusted
as needed (high concentrations of Alm require lower maximum voltage and vice versa). Current
is measured throughout the CV sweep, and in the presence of alamethicin, current begins to
increase exponentially (Figure 22D) with respect to voltage as the voltage exceeds a critical voltage
referred to as the voltage threshold (V*). Figure 22E shows the current-voltage curves measured
during the increasing and decreasing legs of a CV sweep, as well as an averaged current-voltage
curve. Alamethicin insertion is thermodynamically reversible, thus current begins to decrease as
voltage begins to decrease in the second half of a CV sweep. Note that current is displayed as
specific current (I*=I/A) which accounts for variations in bilayer area from test to test. Area, A, is
tracked and calculated for each sweep based on the magnitude of the square wave (i.e., Figure
22B) and a value of CM for the membrane being tested. The single averaged I* signal is then
smoothed using a 100-point median filter (MATLAB, Figure 22F) before being converted to
specific conductance (G*=I*/V*, Figure 22G) using the applied voltage. V* is the voltage at which
current exceeds the conductance threshold. Specifically, V* is determined as the voltage at which
specific membrane conductance reaches a constant threshold value of conductance. The
conductance threshold used throughout this work is 8 μS/cm2.[10, 56] After performing 10 sweeps,
V* is calculated for each sweep and averaged to provide a single value for the trial before forming
a new DIB and repeating the process for a new trial. Typically, n ≥ 5 trials are conducted for a
given case to obtain a representative average V*.

CV measurements of alamethicin insertion are considered to be a robust method for quantitatively
investigating membrane-protein interactions due to the repeatability and reproducibility of results
within a single experiment and across multiple experiments. Figure 23A displays CV scans
obtained during 10 consecutive sweeps in a single experiment at 25°C (here with an eTLE DIB,
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see Chapter 5). Each of the 10 current-voltage curves are very similar which demonstrates the
repeatability of the CV method within an experiment, and this robustness hold at elevated
temperatures as well (Figure 23B). The table in Figure 23C lists average values of V*, taken as the
average of V* values obtained from each of the 10 sweeps such as those shown in Figure 23A,B,
for multiple DIBs. The table also lists the standard deviation of V* values across multiple DIBs,
and the low standard deviations (σ < 10 mV for all cases) demonstrates the reproducibility of CV
and determination of V*.

2.4 Differential Scanning Calorimetry with Lipid Vesicles
DSC measurements are made using a NanoDSC calorimeter from Thermal Analysis Instruments.
In each DSC run, the sample contained MLV suspension while the reference contained DI water.
Sample lipid concentration is 2 mg/mL unless otherwise noted. The MLV solutions used for DSC
were frozen once after initial reconstitution in water then thawed prior to desiccation and loading
in the DSC instrument. Before loading the samples or DI water references, solutions are placed in
vials and vacuumed for 15 minutes with a stir bar rotating at 600 rpm to remove air bubbles. The
volume of the sample and reference cells are 0.5 mL each. A fixed pressure of 3 atm is used in
DSC scans to further reduce bubble formation and provide initial feedback on the potential

Figure 24. Representative thermograms obtained from DSC with DPPC MLV. Legend: 1 – heating at 1°C/m, 2 –
cooling at 1°C/m, 3 – heating at 0.25°C/m, 4 – cooling at 0.25°C/m, 5 – heating at 0.1°C/m, 6 – cooling at 0.1°C/m.
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presence of air bubbles. The DSC scan protocol is as follows: cooling and equilibrating at 0 or
10°C for 10 minutes, then three heating and cooling cycles to 70°C and back. The first, second,
and third cycles have progressively slower scan rates of 1, 0.25, and 0.1°C/min, respectively.
Temperature is held for a 10 minute equilibration period at each temperature endpoint during
heating and cooling cycles. To avoid subjectivity with baseline correction or subtraction, DSC
scans presented here are often shown as raw power versus temperature (see Figure 24 for DPPC,
a lipid with known Tm = 42°C). This does, however, introduce “startup hooks” at the beginning of
each heating or cooling cycle as the system equilibrates to the linearly changing temperature.
Slower scan rates yield shorter startup hooks.

2.5 Pendant Drop Monolayer Tension Measurements
A pendant drop goniometer is useful for studying the self-assembly of lipids or other amphiphilic
molecules at an oil-water interface. Self-assembly of lipids at an oil-water interface is an important
initial step (i.e., monolayer formation) for BLM and DIB formation. Due to the extremely low
interfacial tension (≤1 mN/m) achieved by lipid monolayer self-assembly, a pendant drop of
aqueous lipid solution formed at the tip of a needle in oil often falls off, making it hard to measure
the equilibrium tension. This is particularly problematic when the effects of gravity are significant,
for instance when testing with hexadecane which has a much lower density than the aqueous phase
(ρhexadecane=0.77 g/mL compared to ρbuffer=1.00 g/mL). To circumvent this problem, a J-shaped
needle is often used to form an “inverted” oil drop in the lipid aqueous solution as shown in Figure
25A. A glass cuvette is thoroughly cleaned by rinsing in acetone, IPA, and then deionized water
before placing the cuvette in an oven (80°C) for several minutes or until it is fully dry. Clean, dry
cuvettes are filled with 2 mL of liposome solution (ρ = 1.0007 g/mL). A clean 23 gauge steel
needle (Ramé-Hart) is bent to form the J-shaped dispensing tip, taking care to ensure that the tip
of the needle will be vertically oriented once assembled onto the goniometer. After fitting the
needle on the automatic dispenser, few µL of the appropriate oil mixture is drawn into the needle.
In order to prevent wetting of oil on the needle’s exterior surface, the tip of the needle is dabbed
with a clean wipe (Kimwipe) to remove residual oil before lowering the needle into the cuvette
such that the tip is fully submerged into the aqueous solution. A 1 µL drop of the oil mixture is
dispensed at the tip of the needle and the interfacial tension measurement begins. Example tension
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Figure 25. A) Representative image of the pendant droplet formed during goniometer measurements of lipid
monolayer surface tension. An inverted 1 μL droplet of oil (the less dense liquid phase) is dispensed at the tip of
a J-shaped needle submerged in aqueous solution containing small unilamellar liposomes (DPhPC or
DPhPC:cholesterol). The droplet “floats” upwards as a result of the difference in the oil and aqueous phase
densities. B) Typical response of monolayer tension upon creating of a new clean, lipid-free oil droplet at the tip
of the dispensing needle. Tension decreases instantaneously upon droplet formation, settling to a steady state value
as lipid self-assembly and packing reach equilibrium. Steady state monolayer tensions are typically near 1 mN/m.
Typical test results resemble the example shown in which 62% of the overall tension decrease occurs over a period
of 30-40 seconds.

data from a representative experiment is shown in Figure 25B. Measurements are taken at a rate
of 60 samples per minute until an equilibrium value is reached. All measurements are performed
at room temperature.
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CHAPTER 3

DIRECT IN SITU MEASUREMENT OF SPECIFIC
CAPACITANCE AND SURFACE TENSIONS IN
DROPLET INTERFACE BILAYERS

As described in Section 1.2.2, thickness and tension are important physical parameters of model
cell membranes. However, traditional methods to measure these quantities require multiple
experiments using separate equipment. This chapter introduces a new multi-step procedure for
directly accessing in situ multiple physical properties of droplet interface bilayers (DIB), including
specific capacitance (related to thickness), lipid monolayer tension in the Plateau-Gibbs border,
and bilayer tension. The work described herein addresses Objective 1 from Section 1.3.2. The
DIB-based procedure is based on the Young-Dupre and Young-Lippmann relationships for
adhesive droplets in the presence of applied electric fields. The procedure employs a combination
of mechanical manipulation of bilayer area followed by electrowetting of the capacitive interface
to examine the sensitivities of bilayer capacitance to area and contact angle (external angle between
droplets) to voltage, respectively. Analyzing these data allows determination of membrane
specific capacitance and the surface tension of the lipid monolayer, which are then used to compute
bilayer thickness and tension, respectively. This chapter presents the theory behind the
measurement technique, initial demonstration of the method for assessing DPhPC DIBs, and
detailed uncertainty analysis and practical details associated with the method.
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Note: This chapter presents a modified portion of the published paper “Direct In Situ Measurement
of Specific Capacitance, Monolayer Tension, and Bilayer Tension in a Droplet Interface Bilayer " [49].

58

3.1 Theory and Approach of Electrowetting-Based
Measurements of Droplet Interface Bilayer Surface Tensions
It is well known that applying voltage across a BLM affects the equilibrium interfacial geometry
of the suspended film through a process known as electrowetting.[50, 86, 228, 235] Specifically,
an applied electric field increases the external contact angle at the annulus, which drives a
subsequent increase in area of the bilayer. The relationship between the contact angle and the
applied electric field is described by the Young-Lippmann equation that relates the change in
contact angle at the edge of the bilayer to the specific capacitance of the membrane and monolayer
tension. When the membrane specific capacitance and monolayer tension are themselves not
functions of voltage, the change in contact angle is described by
𝐶

cos 𝜃0 − cos 𝜃𝑉 = 4𝛾𝑀 𝑉 2 .
𝑚

Equation 8

Equation 8 includes the contact angle measured at a nonzero applied voltage (𝜃𝑉 ), the zero-volt
contact angle (𝜃0 ), the capacitance per unit area of the membrane (CM), the monolayer surface
tension, and the voltage applied across the membrane (V). shows that if CM is known, 𝛾𝑚 can be
determined experimentally by measuring the voltage dependent change in the cosine of the contact
angle. Requena and Haydon[228] were the first to verify that this relationship could provide access
to 𝛾𝑏 , though they suggested that either CM or 𝛾𝑚 would be known ahead of time from a separate
experiment. Their work also highlighted the difficulty in determining an accurate value for the
area of a suspended BLM, which is required to precisely determine CM. Consequently, rather than
using Equation 8 to extract monolayer or bilayer tensions, they used this relationship and separate
measurements of 𝛾𝑚 as a way to determine CM from the electrowetting response.[228] This
approach contrasts the more commonly used discrete measurements of electrical capacitance and
bilayer area to determine specific capacitance.[8, 46, 196-200, 204, 205, 228, 235-243] Yet, if CM
and 𝜃𝑉 can be measured in situ, then the Young-Lippmann relationship and Young’s equation
show that 𝛾𝑚 , 𝛾𝑏 , and the free energy of bilayer formation can be comprehensively and
simultaneously determined.
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The droplet interface bilayer (DIB) method is an elegant technique for assembling planar lipid
bilayers to study membrane properties and membrane protein activity.[10, 12, 17, 50, 66, 80, 81,
83, 84, 89, 183, 244, 245] Droplet interface bilayers form spontaneously between lipid-coated
aqueous volumes immersed in oil. DIBs offer several advantages to other methods for bilayer
formation, including long lifetimes (hours-days),[71] low-volume, tunable bilayer area,[10, 17, 50,
70, 71, 86, 245] control over the composition of each leaflet and of each droplet,[12] and potential
for scale-up by forming multi-membrane networks with many droplets.[66, 80, 81, 83, 84, 89, 244]
DIBs have been successfully used as soft functional building blocks for bottom-up synthetic
biology, for example in the construction of tissue-like materials[84] and in the construction of
spatially arranged artificial cells.[246, 247] As illustrated in Figure 17B, a DIB is energetically
balanced by lipid monolayer tensions that oppose bilayer tension in the same manner as a
suspended BLM. DIBs also possess the appropriate thickness and amphiphilic, two-dimensional
liquid crystalline structure to reconstitute transmembrane proteins and peptides while retaining
their natural function.[36, 71, 75] However, unlike suspended BLMs, the DIB allows for optically
tracking both the contact angle and the interfacial area between droplets, in addition to permitting
electrical measurements of membrane capacitance.

Thus, we propose that DIBs could be employed to study the effects of proteins, cell-penetrating
peptides, and other biomolecules and lipophilic species on bilayer capacitance, tension, and free
energy of formation by combining methods for determining membrane specific capacitance with
a technique to measure contact angle. Using a coupled approach, we demonstrate that both
monolayer and bilayer tensions can be measured in situ by tracking changes in CM and 𝜃 with a
droplet interface bilayer (DIB) at varying bias voltages. The specific advantages of DIBs for this
type of experiment include: 1) control of droplet positions relative to one another allows for direct
tuning of the area of the interface,[70, 71] which allows for accurate determination of CM,[10, 50]
and 2) simple optical imaging of the adjoined pair can be used to determine both membrane area
and 𝜃 across a range of applied electric fields.[86, 90, 110]

In the following sections, we demonstrate the accuracy and sensitivity of a multi-step tuning
technique that allows for measurement of monolayer and bilayer tension in a DIB.
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First,

mechanical tuning of the interfacial area is used to determine specific membrane capacitance.
Then, an electrical tuning routine is performed to determine lipid monolayer tension via CM and 𝜃
values obtained at various applied voltages. Bilayer tension is subsequently determined from
values of 𝛾𝑚 and 𝜃 using Equation 7 (Young’s equation). In situ measurements of monolayer
tension are compared to separate measurements of monolayer tension obtained via the pendant
drop method. After confirming that monolayer tensions can be accurately obtained via
measurements of CM and 𝜃, we showcase the utility of this method for measuring changes in
membrane capacitance, monolayer tension, and bilayer tension (via the Young’s equation) caused
by the addition of cholesterol, known to affect lipid packing and order and, separately, the
incorporation of silicone oil into the oil phase surrounding the droplets. The ability to detect
cholesterol-induced changes in thickness help validate the method for future use in studies of the
effects of other biomolecules, while measurements using different mixtures of oils confirms what
is known about size-selectivity of oil retention versus exclusion in a BLM. These oil mixtures also
represent commonly used oils in DIB assembly.[33, 84]

3.2 Measurement Methodology
3.2.1 Specific Capacitance, Monolayer Tension, and Bilayer Tension
Measurement with a DIB
Figure 26A illustrates the three-part process for measuring CM, 𝛾𝑚 , and 𝛾𝑏 on a DIB. In Part 1, a
DIB is formed between two aqueous droplets suspended on agarose tipped ball-ended electrodes
in oil. The initial thinning of the bilayer occurs generally within 1-2 minutes of initial contact and
results in a rapid increase in the amplitude of the capacitive current signal due to the formation of
a thinned bilayer region between droplets. The area of the thinned region and the angle between
droplets stabilize to constant values when the total energy of the connected droplets reaches a local
minimum.[84]

Part 2 of the process involves incrementally changing the bilayer area, and thus the nominal
capacitance of the interface, by moving one electrode in a stepwise fashion relative to the other.
As others have shown,[50] returning the mobile electrode to its original position results in a
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Figure 26. A) A three-part process is used to characterize DIBs: Part I represents bilayer formation; Part II represents the
mechanical tuning of the bilayer area to determine specific capacitance; and Part III represents electrical tuning of the
contact angle to determine monolayer tension via the Young-Lippmann equation (Equation 8). B) A typical current trace
recorded during the course of an experiment in which all three parts are performed. C) Membrane capacitance versus time
computed from the raw square current waveform shown in (B).

reversible change in the capacitive current and bilayer area. The size of the bilayer at each position
stabilizes within about 30 s of the electrode positioning. At each level of contact area (typically >5
contact areas are prescribed), the steady-state amplitude of the square-waveform current signal is
recorded and an image of the DIB is acquired simultaneously. Nominal capacitance is computed
using C=i/(4Af), where i is the amplitude of the current waveform measured at steady state and A
and f are the amplitude and frequency, respectively, of the applied triangular waveform voltage.
Specific capacitance is obtained simply from the slope of a linear least squares regression of
nominal capacitance versus area data from all electrode positions (Figure 26A, center).[10, 50]

Part 3 requires an applied dc transmembrane voltage that increases in a stepwise fashion in addition
to the ac triangular voltage required for capacitance measurement. This procedure begins by fixing
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Figure 27. A) Representative images of a DPhPC DIB in decane during a Young-Lippmann test for monolayer and
bilayer tensions (bottom-view images, scale bar represents 100 μm). The DIB is allowed to equilibrate at each
voltage before capturing any images used for contact angle measurements. The contact angle and the contact area
increase with increasing voltage. This behavior is a result of reduction in bilayer surface tension by an amount equal
to the energy stored on the capacitor. B) Results from specific capacitance measurement (V=0 mV, Part II in Figure
26) C) The Young-Lippmann equation describes the linear relationship between applied bias voltage and the
resulting change in the cosine of the contact angle. Experimental observation of contact angle at various applied
voltages then allows for calculation of the monolayer tension. Parts B and C represent data obtained from a DPhPC
DIB in hexadecane.

the electrode (i.e. droplet) positions, setting the bias voltage to zero, and allowing the DIB to
equilibrate for several minutes to ensure the droplets reach a steady contact area and angle. Images
are taken at the 0 mV equilibrium point to allow measurement of 𝜃0 before voltage is increased in
a stepwise fashion. The bilayer is held at each new voltage for 15-30 seconds, during which
electrowetting causes the external bilayer contact angle to increase as predicted by the Equation 3
(Young-Lippmann equation). Images (n≥10) of the contact angle (𝜃𝑉 ) are obtained at the end of
each voltage step and the process is repeated at successively higher voltage levels. This part of the
experiment takes only a few minutes to perform. Using the average contact angle from each voltage
level, the change in the cosine of the contact angle is plotted versus the square of the applied bias
voltage (Figure 26A, right). As noted above with Equation 8, the change in the cosine of the contact
angle is recorded with respect to the cosine of 𝜃0 .
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3.2.2 Representative Measurements on DPhPC DIBs in Hexadecane
Figure 26B shows the square current waveform induced by the ac triangular voltage applied to a
DPhPC DIB formed in hexadecane during all three parts of the experiment. Figure 26C shows the
corresponding bilayer capacitance, computed from the same current response, versus time. During
Part 1 of the experiment, the amplitude of square current waveform stabilizes at ~240pA. Images
of the connected droplet pair show that 𝜃0 is 29.3 ° for this type of lipid and oil.
The second and third parts of the measurement process result in stepwise changes to bilayer
capacitance, caused by mechanical and electrical tuning, respectively.

During Part 2, the

measurement shows that at each successive electrode position (i.e. farther apart), the square wave
current stabilizes to smaller amplitude, which corresponds to smaller area of contact and thus
capacitance. Conversely, the application of an increasing dc bias (of either polarity) drives the
square wave current and bilayer capacitance to successively higher levels in Part 3.

The micrographs of a DPhPC DIB in hexadecane in Figure 27A show that increasing levels of
electrowetting lead to increases in the external contact angle, 𝜃, as well as the projected length of
the interface, a. Figure 27B presents the capacitance versus area data obtained in Part 2 of the same
test on this DIB, and the change in the cosine of the contact angle versus voltage data from Part 3
are shown in graphical form in Figure 27C. Typically, tests to measure γm conclude when the
bilayer ruptures at voltages between |200-350| mV. In this test, 𝜃 increased from 28.8° at 0 mV to
35.9° at +225 mV. The change in cosine of the contact angle is well represented by a linear least
squares regression with respect to V2 across the range from 0 to 225 mV with an R-squared value
>0.98. From Equation 8, it can be seen that the slope of the regression (m) is related to both CM
and γm, as given by
𝐶

𝑚 = 4𝛾𝑀 .
𝑚

Equation 9

Equation 9 is rearranged to solve for monolayer tension using the value of CM obtained in Part 2
and the value of m obtained in Part 3. The specific data shown in Figure 27C yield a slope of
m=1.372 which, combined with the CM value (slope from Figure 27B) of 0.673 μF/cm2, yields a
computed value of monolayer tension, 𝛾𝑚 , equal to 1.23 mN/m. For a group of eight DPhPC DIBs
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formed in hexadecane, this method results in an average (± one standard deviation) monolayer
tension of 1.18±0.136 mN/m, which is in excellent agreement with prior results[63] and the results
of our own independent pendant drop measurements of DPhPC monolayer tension (1.19±0.067
mN/m, n=3). A student t-test confirms that there is no significant difference (p<0.005) between
the values obtained with either tension measurement method, which serves to validate an approach
that leverages the electrowetting response of DIBs to determine the tension state. In summary, the
measurement method introduced herein is capable of determining lipid monolayer tensions at the
surfaces of the droplets that are consistent with those obtained using accepted techniques such as
pendant drop goniometry.

After computing monolayer tension, the bilayer tension at zero volts is readily computed for each
trial using Young’s equation (Equation 7) along with the measured contact angle at 0 mV.[101,
102, 226] For the example shown in Figure 27, the calculated monolayer tension (1.197 mN/m)
and zero-volt contact angle of 28.7° results in a calculated value for 𝛾𝑏 of 2.10 mN/m. For the pool
of eight different DPhPC DIBs in hexadecane that are tested, we obtain an average value of
2.04±0.222 mN/m for the tension of DPhPC bilayers in hexadecane. Prior studies obtained values
of 1.62 mN/m and 1.9±0.3 mN/m for planar lecithin bilayers[227, 248] and DPhPC DIBs, [63]
respectively. The latter value, provided by Dixit et al., was obtained using Equation 7 along with
the monolayer tension determined via independent goniometer measurements and the contact
angle estimated using images of connected droplets. It is possible to calculate bilayer tension via
Equation 7 using the data herein: the average value of monolayer tension obtained from the
goniometer and the average contact angle in DIB measurements (29.3°, see Table 7) yields an
estimate of 2.08±0.198 mN/m for bilayer tension. All of these results are in strong agreement with
one another, and there is no significant difference (p<0.005) between bilayer tensions computed
from monolayer tensions obtained via the pendant drop and DIB methods.

It is also possible to use Equation 7 to discretely compute bilayer tension as a function of bias
voltage using the measured values of 𝛾𝑚 (fixed) and DIB contact angle at each voltage applied
during Part 3 of the experiment. Additionally, the average bilayer tension can be empirically
projected in a continuous fashion versus voltage using experimentally determined values of CM,
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Figure 28. Bilayer tension (𝛾𝑏 ) as a function of applied voltage (V) for a DIB, calculated using the representative
data presented in Figure 27.

𝛾𝑚 , and 𝜃0 . This second method evaluates bilayer tension versus voltage using a rearranged form
of Equation 8,
𝛾𝑏,𝑉 (𝑉) = 𝛾𝑏,0 −

𝐶𝑀
2

𝑉2,

Equation 10

along with the bilayer tension at 0 mV (𝛾𝑏,0) computed using Equation 7. Figure 28 compares 𝛾𝑏
as a function of voltage computed discretely and continuously using the values of 𝜃, CM, 𝛾𝑚 , and
V obtained for the data presented in Figure 27B-C. Clearly, 𝛾𝑏 decreases with increasing voltage,
which illustrates that the stored electrical energy across the bilayer acts to mechanically relax the
interface. Further, close agreement between the discrete data points and the continuous curve show
that the measured contact angles and thus the computed bilayer tension, conform to the YoungLippmann relationship for bilayer tension at voltages between |0-175| mV. This agreement
suggests that bilayer tension can also be computed accurately at a non-zero voltage provided the
contact angle is measured at that potential and the monolayer tension is known. Monolayer tension
is assumed to be independent of applied potential due to the fact that the thinned bilayer contributes
the dominant electrical impedance between droplets. This occurs because of the presence of
nonconductive oil in the Plateau-Gibbs border that is much thicker and has a lower capacitance
per unit area than the bilayer. As a result, the applied voltage produces an electric field
predominantly across the membrane.
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For further comparison of the DIB Young-Lippmann equation with prior studies, it is possible to
evaluate the reduction in free energy obtained upon droplet adhesion (Equation 2). For a DPhPC
DIB formed in hexadecane, the calculated monolayer tension and average contact angle at 0 mV
(29.3°) yield 0.301 mJ/m2 as the free energy of bilayer formation. As further validation of the
accuracy of the approach, our estimated free energy of formation is in direct agreement with the
value of 0.31±0.02 mN/m for DPhPC bilayers formed in squalene,[110] as well as other reported
values which fall between 0-2 mN/m.[63, 90, 102, 226]

3.2.3 Analysis of Uncertainty of Specific Capacitance and Tension
Measurement
Error in determining specific capacitance and tensions arises from uncertainties in measuring
capacitance and area (for CM) and in determining the contact angle (for 𝛾𝑚 , 𝛾𝑏 ), respectively.
Nominal capacitance is determined directly via electrical measurement as described
previously[10] where it is shown that there is <1.3% error in any C versus A data point used for
CM determination[10]. Therefore, we focus instead on the accuracy and repeatability of bilayer
area and contact angle measurements, which are obtained via a two-step process: 1) an image
acquisition step, and 2) image processing (MATLAB) to determine the angle and projected length
(diameter) of the bilayer. To determine uncertainties introduced from image acquisition, we look
at repeatability of measurements taken from 10 images of a DIB at a fixed equilibrium condition.
The images are acquired rapidly within a few seconds (10Hz). Estimation of bilayer area begins
in MATLAB by extracting the projected diameter of the bilayer from images taken through the
inverted microscope objective. These “bottom-view” images are analyzed via a custom image
processing routine to calculate the horizontal distance, a, between the intersection points of the
two droplets and the external half angle (i.e. contact angle), 𝜃, that exists at the waist of the
interface (as shown in Figure 27A). Area estimation requires an assumption regarding the shape
of the interface. Dixit, et al outlined the geometrical relationships that govern DIB formation for
spherical droplets of identical size in an equally dense oil phase. This analysis predicts a perfectly
flat, circular interface.[63] However, the shape of the interface becomes more elliptical when
gravitational effects cause the water droplets to sag vertically from the wire-type electrodes in a
less dense oil phase (Refer to Figure 38). With droplets hanging on electrodes, the minor axis of
67

the elliptical interface (a) is the horizontal distance obtained from microscope images whereas the
longer major axis (b, Figure 38) is oriented vertically and cannot be determined from a bottomview image. Analysis of bilayer shape under increasing levels of sagging enables estimation of
correct bilayer area using only a. However, since the contact angle is measured in the horizontal
plane at the waist of the connected droplet pair (i.e. the force balance at the contact point does not
have a vertical component), we do not correct the measured contact angle for effects of droplet
sagging.

The average and standard deviation of bilayer area and contact angle are calculated from the 10
images acquired with zero applied voltage to assess the repeatability. Furthermore, the average
group standard deviation of bilayer area using images acquired from 11 unique DPhPC bilayers
(110 images total) is 458 μm2. Similarly, contact angles measurements from 14 different DPhPC
DIBs (140 images total) provide an average group standard deviation of only 0.763°. With a typical
zero-volt area of 30000 μm2 for a DPhPC DIB in hexadecane, the average standard deviation in
measured bilayer area corresponds to an error of less than 0.002%. For the average contact angle
of 29.3°, the average standard deviation represents an error of 2.6% for the angle measured at a
given area step. These results present a lower standard deviation than previously reported for
contact angle measurements in DIBs (σ = 3-6°) in DIBs. [90, 102] The comparison here shows that
the automated image processing routine and the use of multiple images at each voltage level
provide an order of magnitude lower variation in average angle measurements. Separate analysis
for quantifying error propagation within the multi-step technique, described in the following
section, yields uncertainties of ± 0.32 mN/m and ± 0.51 mN/m in monolayer and bilayer tension
measurements, respectively.

3.2.4 Uncertainty and Error Propagation in Tension Measurements
Monolayer tension (γm) measurement requires independently obtained values for both CM and m
(refer to Equation 8 for additional context).

m 

CM
4m
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Equation 11

The uncertainty in tension measurement thus involves uncertainty of both specific capacitance
measurements and the measured values of m. We are able to define the sensitivity index  for
each contributor.

 CM 

 m
C M

Equation 12

m 

 m
m

Equation 13

Total uncertainty, u R , is obtained as the square root of the sum of the square of each contributing
sensitivity index multiplied by the uncertainty in the respective independent variable ( u CM and u m
).

u  m   ( C M u C M ) 2  ( m u m ) 2

Equation 14

The uncertainty in each independent variable is computed using the student t-test factor (tn,p; n is
the number of samples and p is the probability level) and the standard deviation (  ) for each
respective measurement method.

u CM  t n ,95  C M
Equation 15

u m  t n ,95  m

The overall uncertainty of monolayer tension measurements is then calculated using Equation 14,
Equation 15, and differentiating Equation 1 to obtain expressions for  (per Equation 11).

 1
   CM
u m   
u CM   
um 
2
 4m
  4m

2

2

Equation 16

The average and standard deviation from CM and m calculations are 0.652±0.027 μF/cm2 and
1.41±0.158 V-2, respectively (DPhPC in hexadecane data). The resulting value for overall
uncertainty in measuring monolayer tension is u m = ±0.316 mN/m. This is roughly equivalent to
the uncertainty estimated simply by um  t n,95  m (standard deviation for DPhPC monolayer
tension is 0.136 mN/m).
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Uncertainty in bilayer tension ( u b ) can be approximated using the same approach described for
monolayer tension, although Equation 7 is replaced by the Young equation defining bilayer
tension. The independent variables are γm and θ. The contribution from monolayer tension
measurements, u m , is calculated above. The standard deviation of θ measurements made on a
group of images is found to be 0.768°. Using the average angle of 29.3°, the overall uncertainty
including propagation of error in γm and θ is 1.813 mN/m. Clearly this is greater than the standard
deviation observed with bilayer tension values provided in Table 7. As with monolayer tension
above, a more reasonable estimate of bilayer tension measurement uncertainty is obtained by

ub  t n ,95  b = (2.306)(0.222) = ±0.512 mN/m (n=8).

3.2.5 Effects of Mechanical Manipulation of Droplet Positions on
Electrowetting and Tension Measurements
In analyzing images obtained during specific capacitance measurements of DIBs (Figure 26A, Part
2), we observe that the zero-Volt contact angle at equilibrium is directly affected by mechanical
manipulation (i.e. positioning) of the droplets, which is used to intentionally vary the area of the
bilayer. To explore this relationship, Figure 30A-B shows the results of a representative
experiment in droplets were successively pulled apart in 3 steps and then sequentially pushed back
together in 3 area steps (refer to Figure 29 for sequential presentation of area and angle data). The

Figure 29. (A) Area and (B) contact angle at each step during Part 2 of the DPhPC DIB experiment shown in
Figure 26A-B. With each step, area is either decreased or increased by changing the distance between electrodes.
Generally, contact angle is seen to increase with increasing bilayer area and vice versa (see also Figure 26 and
related discussion in the text).
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data in Figure 30B shows that the contact angle reversibly increases by as much as 5-6° as 300 nL
droplets are pushed together to yield a larger interfacial area. To further test this response, Figure
30C shows zero-Volt contact angle versus bilayer area obtained from n = 115 various
measurements made via Part 2 of the method on 13 different DPhPC DIBs. The larger population
of data confirms that contact angle increases with mechanically driven increases in bilayer area.
While the precise mechanism for this change in angle remains undetermined, the data suggest that
pushing or pulling the droplets in a direction perpendicular to the interface reversibly alters the
equilibrium tension balance that establishes the contact angle.

The fact that changing the electrode separation distance alters droplet contact angle begs the
question: how much does mechanical manipulation required for Part 2 affect the accuracy of the
electrowetting-based method in Part 3 for determining monolayer tension in a DIB? To examine
this possibility, we consider the role of the zero-Volt starting contact angle, which was shown in
Figure 30A-B to be a function of droplet positioning. Based on Equation 8, tuning or altering the
initial wetting condition (θ0) should not affect the magnitude of the change in the cosine of the
contact angle across a range of voltage assuming fixed CM and 𝛾𝑚 . However, the nominal change
in contact angle does depend on θ0 since the cosine of an angle varies nonlinearly. Such behavior
is observed experimentally as portrayed in Figure 30D and Figure 30E, which show the theoretical
and experimentally observed values for cos(𝜃0 ) − cos(𝜃𝑉 ) and θV, respectively, with increasing
applied voltage. The data portrayed is from two different electrowetting trials where the zero-Volt
contact angle is varied (θ0 = 29° and θ0 = 25°) by mechanical manipulation between trials. The
data in Figure 30D provides slope values of m = 1.548 and m = 1.579. With a specific capacitance
value of 0.652 μF/cm2, the resulting calculated monolayer tensions are 1.05/1.03 mN/m for (θ0 =
29°/25°) and the Young equation is used to calculate bilayer tension of 1.84/1.87 mN/m). The
variation in θ0 causes <2% change to the slope, monolayer tension, and bilayer tension. Thus while
mechanical manipulation can affect the zero-Volt contact angle, it does not significantly affect the
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Figure 30. A) A DPhPC DIB at varying steps during Part 2 of an experiment where DIB area is mechanically
varied by moving one electrode and changing the distance between droplets. B) θ measured from images of the
DIB at each area step. B) θ measured from n > 100 images obtained at varying area steps with 13 separate DPhPC
DIBs during CM measurements. D) The change in the cosine of θ as a function of voltage for a DPhPC DIB
mechanically manipulated to obtain two different zero-volt contact angles: θ0 = 29° and 25°. E) Theoretical
(“predicted”) and experimentally observed (“actual”) nominal θ as a function of voltage for the trials shown in
(D).
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ability to correctly determine monolayer and bilayer tension in the electrowetting-based method
used in Part 3.
While varying θ0 does not affect the magnitude of the change in the cosine of the contact angle,
the magnitude of the nominal voltage-dependent change in angle is expected to increase with
decreasing zero-Volt contact angle due to the nonlinearity of the cosine function (Refer to Section
3.2.6). This behavior is seen with both predicted and experimentally observed values for θv shown
in Figure 30E, which show that contact angles for DIBs starting at different contact angles appear
be on converging trajectories at increasing voltage. These data also confirm that DIB contact angle
follows the Young-Lippmann equation up to 175 mV, regardless of starting angle. At higher
voltages, the data obtained from the DIB with θ0 = 29° indicates that the change in the contact
angle saturates. The saturation issue will be discussed later, but the immediate point to be made is
that the lower initial θ0 incurs a larger nominal angle change as voltage increases. Thus, while a
given amount of electrical energy (for fixed values of V, CM and 𝛾𝑚 ) produces a fixed change in
the cosine of the contact angle, the corresponding change in the nominal value of θ is greater when
starting from a lower θ0 (closer to unity on the cosine curve, refer to Figure 31). Because we
demonstrated that our method for measuring monolayer and bilayer tensions in a DIB is limited
most by the resolution of contact angle measurement, the nonlinear relationship between angle

Figure 31. The solid line shows cos(θ) across the range of θ = 0° to 90°. The dashed line shows unitary stepwise
(vertical) decreases in cos(θ) and the associated (horizontal) increase in nominal θ.
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change and applied voltage suggests that achieving a small θ0 (e.g. via mechanical manipulation
or even through oil selection) could be used to maximize the nominal change in contact angle and
improve the accuracy of this technique. This approach is also common to other electrowettingbased

applications,

including

single

droplet

electrowetting

on

dielectric

(EWOD)

experiments,[249] where tuning the initial wetting condition to make θ0 small can be used to
enhance angle change in response to voltage.[249]

Nonetheless, it is necessary to remember that the nominal contact angle is used in the Young
Equation to compute bilayer tension. Thus, while the two membranes characterized in Figure 30DE exhibited bilayer tensions within 2% of each other, the amplitude of error in determining bilayer
tension also varies nonlinearly with starting contact angle. Thus, it is advisable to initiate Part 3 of
the method at a location where the droplets are minimally deformed by electrode separation in
order to reduce the effects of mechanical manipulation on the accuracy of determining bilayer
tension.

3.2.6 Effects of Initial, Zero-Volt Contact Angle with Young-Lippmann
For completeness, we also investigated the effect of starting contact angle on the voltage-induced
change in membrane capacitance (Figure 32). The Young-Lippmann equation can be used to
predict the contact angle in response to applied voltage assuming that specific capacitance (CM),
monolayer tension (𝛾𝑚 ), and the zero-volt contact angle (θ0) are known. Rearranging Equation 8
yields
𝐶

𝜃𝑉 (𝑉) = cos −1 (𝑐𝑜𝑠(𝜃0 ) − 4𝛾𝑀 𝑉 2 ).
𝑚

Equation 17

Figure 32A shows theoretical 𝜃𝑉 as a function of voltage across the range of 0-300 mV for various
initial contact angles (θ0 = 5°, 15°, 25°, 35°, 45°). CM and 𝛾𝑚 values used in the calculations are
taken from Table 7 (for DPhPC in hexadecane). The data in Figure 32A can be used to compute
the nominal change in the contact angle (∆𝜃) in response to voltage for each zero-volt angle case
using
∆𝜃(𝑉) = 𝜃𝑉 (𝑉) − 𝜃0 .
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Equation 18

Figure 32. A) Theoretical contact angle predicted by the Young-Lippmann equation for various hypothetical zerovolt contact angles (θ0) with a DPhPC DIB formed in hexadecane (CM = 0.65 μF/cm2, 𝛾𝑚 = 1.18 mN/m). The
simulated input voltage is linearly varied across the range from 0-300 mV. B) Data in (A) converted to show the
change in contact angle (Δθ) with increasing applied voltage.

Figure 32B shows ∆𝜃 for each zero-volt angle case shown in Figure 32A. For a given applied
voltage, the magnitude of the nominal change in 𝜃 depends on θ0. For instance, 300mV results in
a 24° change when θ0 = 5° while the same voltage results in <10° change when θ0 = 45°. Notably
with DIBs, typical values for θ0 are closer to 25-35°, although it is clear that the zero-volt contact
angle can be an important parameter affecting the electrowetting response described by the YoungLippmann equation.

Figure 33A-B shows actual capacitance and area data collected at 12.5 mV intervals between 0
and 175 mV in electrowetting trials beginning from one of two zero-Volt contact angles. The
variation in θ0, as before, is achieved via mechanical manipulation. The data in Figure 33A-B can
be reduced to a single plot for comparison by normalizing capacitance and area by their initial
zero-Volt values. The resulting behavior can be described by
𝐶/𝐶0 = 1 + 𝛼𝑉 2 ,

Equation 19

𝐴/𝐴0 = 1 + 𝛽𝑉 2 ,

Equation 20

and
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Figure 33. A-B) Capacitance and area, respectively, as a function of voltage with two DIBs with varying initial,
zero-Volt contact angle. C) Capacitance and area data in (A-B), normalized by the zero-volt capacitance and area,
respectively, and plotted against the square of applied voltage.

where α and β are parameters that describe the sensitivity of interface to capacitance and area
increases, respectively, in response to increasing applied voltage and electrowetting. The data in
Figure 33A-B can be normalized by the zero-Volt C and A values and plotted as a function of the
square of applied voltage as presented in Figure 33C. Linear least squares regression of the curves
in Figure 33C return slope values equal to α and β for each case. For both initial contact angle
cases, we see that capacitance and area are linear with respect to the square of applied voltage as
expected from Equation 19 and Equation 20. The fact that C/C0 and A/A0 curves (Figure 33C) for
a given initial contact angle are almost overlapping is a result of the fact that CM is not significantly
affected by voltage. [50] However, the data in Figure 33A-B shows that α and β are affected by
initial contact angle imposed by varying electrode separation and droplet positioning. Specifically,
we see higher values for both α and β when beginning at lower zero-Volt contact angles (i.e.
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droplets pulled apart slightly from equilibrium) which is in direct agreement with larger theoretical
and experimentally observed changes in the nominal contact angle when starting at lower zeroVolt angles.

The analysis presented in this section shows that the sensitivities of nominal bilayer capacitance
and area to voltage are affected by the starting angle. However, the linear relationship between
capacitance and area (i.e., Figure 27B), and thus the determination of CM, holds across a wide
range of areas obtained via mechanical manipulation as we [10] and others [50] have shown
previously. Section 3.2.8 includes addition analysis of the possibility that specific capacitance
varies under an applied dc voltage.

3.2.7 Limits of electrowetting in DPhPC DIBs
Numerous studies of electrowetting have shown that the change in the wetting angle saturates at
high voltage, falling short of the expected angle change predicted by the Young-Lippmann
equation. [249-252] With a single sessile droplet placed on a dielectric, common in many EWOD
systems, the saturation limit is believed to be the result of dielectric charging or breakdown,
charging of the insulating fluid surrounding the droplet, formation of instabilities and/or
microdroplet ejection, or reduction of interfacial tension to zero. [250] The zero-tension theory,
which states that the maximum angle change occurs at a voltage where the interfacial tension is
zero, [250, 252] is capable of predicting the saturation angle for single droplet EWOD cases. [250]
Applying this concept to a DPhPC DIB, the Young-Lippmann equation predicts that an applied
voltage of nearly |800| mV is required to reduce a bilayer tension to zero (calculated using Equation
10 and values of CM and 𝛾𝑏,0 for DPhPC DIBs in hexadecane, Table 7). However, because the
typical rupture potential of DPhPC DIBs occurs at |200-300| mV,[10] it is unlikely that saturation
of the contact angle could be caused by reducing tension to zero. Rather, the observed contact
angle saturation at voltages above |175|mV is likely due dielectric breakdown and electroporation
which typically precede bilayer rupture. [10, 253]
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3.2.8 Effect of Increasing Voltage on CM
When using specific capacitance to determine monolayer tensions in Equation 8, it is important to
understand how much CM varies when an electric field is applied to induce changes in the contact
angle. The effect of voltage on CM has been shown previously to follow the experimental relation
[50, 199, 205]
𝐶𝑀 = 𝐶𝑀,0 (1 + 𝐵𝑉 2 ),

Equation 21

which involves the specific capacitance at 0 mV (CM,0 ), the magnitude of applied dc bias (V), and
a parameter (B) describing the voltage dependence of CM. While electrostriction of the membrane
is a possible mechanism for voltage affecting CM, prior works have shown that planar lipid bilayers
formed in the presence of solvents can exhibit voltage-dependent specific capacitance due to the
electric field exerting a compressive force that excludes trapped oil from the membrane, thereby
reducing the thickness of the hydrophobic core. [50, 199, 205] This effect is particularly significant
when membranes are formed in the presence of organic solvents with high solubility in the
hydrophobic region of the bilayer, and less in “solvent-free” membranes formed in the presence
of large-molecule solvents that are more easily excluded from the hydrophobic region. [226, 254,
255]

Figure 34 shows values obtained for CM normalized by CM,0 at each voltage step with a DPhPC
DIB in hexadecane. Discrete values of CM at each voltage step are calculated (Figure 35) using the
capacitance and area at that voltage step (as opposed to dynamically varying area at each voltage
step to determine CM). Slight nonzero offset (Figure 35) in the total measured capacitance is
obtained from mechanical tuning and is used to correct the instantaneous calculated CM. From
Equation 21, a linear least squares regression of CM/CM,0 as a function of V2 yields a straight line
with an intercept of 1 and a slope of 0.27 V-2 representing the value for parameter B. The resulting
value of B indicates that CM would only increase by 0.01 µF/cm2 at a voltage of |200|mV, a
deviation that is approximately 1.6% of the value of specific capacitance measured at zero volts
for DPhPC DIBs in hexadecane (0.67 µF/cm2). Compared to the larger B values measured for
planar bilayers formed with decane as the oil-phase (4 V-2), [50] our result is much lower as
expected due to the decreased solubility of hexadecane in the bilayer. Our results are agreement
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Figure 34. Normalized specific capacitance for a DPhPC DIB (hexadecane oil phase) as a function of applied
voltage. CM,0 is the specific capacitance measured via dynamic capacitance/area changes with voltage clamped at
0mV (see Figure 26, part II).

with previously reported values of B in tests with solvent-free supported bilayers. [50, 200, 228]
As a result, small values of B in solvent-free membranes allow for monolayer and bilayer tensions
based on contact angle and specific capacitance to be accurately determined using a value of
specific capacitance obtained with zero bias applied. This approach is supported by previous
reports that the Young-Lippmann equation accurately predicts the response of lipid bilayers
subject to applied voltage when using a constant value for CM,0. [50, 87, 228]

3.2.9 Effects of Droplet Deformation Due to Gravity
Specific capacitance measurements involve area calculations that are affected by the shape and
circularity of a DIB interface. The extent of gravity-driven droplet deformation is investigated
experimentally by performing specific capacitance measurements in hexadecane with pipetted
droplets of different sizes. Droplets are pipetted onto the agarose-coated ball-ended electrodes as
usual in these experiments, and specific capacitance measurements made on multiple newly
formed (symmetric) DIBs with droplet volumes ranging from 200 nL to 500 nL. Figure 36A
shows images of DIBs formed from aqueous droplets of varying volume in hexadecane. These
“bottom view” images are obtained through the microscope objective directly below the drops.
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Figure 35. A) Actual C versus A data obtained during specific capacitance measurement along with the fit obtained
from linear least squares regression (dotted, black) of C versus A. The raw fit displays a small capacitance offset
(y intercept) when A=0. Removing the -11.7 pF offset adjusts the fit (dashed, blue) and can be used to correct. BD) Electrowetting to measure voltage-dependence of CM from 0-175mV. (B) and (C) show capacitance (offset
removed) and area measured at each voltage step, respectively. D) CM at each voltage step calculated discretely
using C and A data in (B-C).
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Figure 36. A) DPhPC DIBs formed in hexadecane using droplets with volumes of 200, 300, 400, and 500 nL.
Images are used to determine the bilayer contact length a. Green scale bars represent 100 μm. B) Specific
capacitance (CM) as a function of droplet size, calculated via the method of dynamically varying area (error bars
represent ± one standard deviation; see Table S1). For the results shown here, the bilayer is assumed to be circular
with area determined by A=πa2/4.

Images are processed to determine the bilayer contact length which is a principal diameter, a. If
the interface is assumed to be circular, the area of the interface is then calculated by:
A  a 2 / 4

Equation 22

CM values are calculated for each trial using a circular area assumption. Figure 36B shows the
average specific capacitance value as a function of droplet volume (error bars represent ± one
standard deviation, n >3 for all volume cases except the 200 nL case where n = 2). It is clear that
specific capacitance values are increasing with droplet volume despite the fact that the thickness
and dielectric permittivity of the lipid bilayer should be insensitive to the macroscale droplet size.
However, the observed increase in CM with droplet size is explained by considering droplet
deformation due to gravity. There are two dominant forces that determine droplet shape: gravity
and surface tension. For small droplets with low Bond numbers, the effects of gravity become
negligible and surface tensions typically dominate. However, when interfacial tensions are also
very low or when droplets are large, the droplet shape is affected by surface tension and gravity.
It should be noted that with our method as described, the bottom-up view through the microscope
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provides viewing access of the bilayer diameter from only one direction. If droplets are contained
in a less dense oil phase, then they will sag in the vertical direction. Thus, the contact length
obtained from bottom view images represents the minor axis (a) of an ellipse whose major axis is
being stretched by gravity. In these cases, the actual bilayer area is in fact larger than what would
be calculated if the bottom-up diameter is used along with the assumption that the bilayer profile
is circular. The result is that specific capacitance, taken as capacitance divided by area, is
artificially high when droplets sag and circular area equations are employed.

3.2.10 Experimental and Computational Determination of Ellipticity Factors
Previously reported values for CM can be used to calculate a correction factor for each droplet
volume based on the experimentally observed values in Table 4. The correction factor is derived
from the geometry of the interface as it assumes a non-circular profile due to droplet deformation.
A sagging droplet has a major axis diameter that is longer than the minor axis diameter obtained
from images. Assuming the interface to take the form of an ellipse, the area is now calculated by:

A  ab / 4
We introduce an ellipticity factor,

Equation 23

 , that represents the ratio of the major axis diameter (b) to the

minor axis diameter (a).



b
a

Equation 24

Table 4. Summary of CM values obtained in DPhPC DIB trials with varying droplet volume assuming a perfectly
circular interface.

CM

200 nL
0.741
(0.028)
n=8

Drop Volume
300 nL
400 nL
0.753
0.801
(0.036)
(0.013)
n=13
n=7

500 nL
0.828
(0.017)
n=2

correction
1.1585
1.1773
1.2519
1.3413
factor
*values from tests performed using DPhPC in pure hexadecane
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Figure 37. Representative images showing a DIB (A) before, and (B) after evolving. The simulation is performed
using Surface Evolver, a computer program that simulates interfacial behavior by minimizing the free energy of
defined surfaces. A) Initial surface structure defining the electrodes (one yellow and one green) and the water
droplets. B) An image saved after evolving the DIB with monolayer tension set to 1 mN/m, bilayer contact angle
at 25°, electrode spacing of 0.7 mm, and 300 nL droplet volumes.

Rearranging and substituting Equation 24 into Equation 23 yields the area of the elliptical interface
in terms of only the minor axis diameter and the ellipticity factor.

A  a(a) / 4   (a 2 / 4)

Equation 25

While we do not directly observe the major axis diameter of sagging droplets, we are able to
calculate ellipticity factors by dividing our artificially high values of CM by an accepted value (0.64
μF/cm2, DPhPC, hexadecane). [50, 256] The resulting volume-specific ellipticity factors are
shown in Table 4.

Surface Evolver [257] is a computer program that has been used to simulate the behavior of
droplets and foams. [258] The program operates by minimizing the free energy of surfaces created
using defined vertices, edges, and facets, and it is employed here to further quantify droplet
deformation as a function of the difference in droplet and oil densities. Figure 37 shows the results
of an evolution from initially defined surfaces (Figure 37A) to a suspended DIB (Figure 37B) with
the droplets in wireframe and the electrodes colored green and yellow. The model used includes
gravity and allows for changing the density of the droplet and the oil phase. Certain parameters
are fixed during each evolution including the monolayer tension at the oil-water interface (1 mN/m
for all), the tension between the electrode and the oil (5mN/m for all), the droplet volume, and the
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Figure 38. A) DIBs after evolution in Surface Evolver. Top – the oil phase is pure hexadecane, and droplets are
seen to sag downwards. Bottom – the oil phase is pure AR 20 which is more dense than water. B) Images of the
bilayer region alone after Surface Evolver trials with 300 nL droplets and varying ratios of silicone oil: hexadecane.
The difference between the density of the aqueous droplet and the oil mixture is shown. C) Magnified versions of
the images in (B) representing pure hexadecane (left) and AR 20 silicone oil (right).

equilibrium contact angle. Each droplet is confined to the electrode along the cylindrical portion
such that the ball tip remains fully encapsulated by the droplet.

To assist determination of shape ellipticity factors for specific capacitance area calculations, we
investigate the effects of varying density differences by performing a series of evolutions while
changing the density difference to represent fractions of silicone oil ranging from 0 to 100%.
Figure 38A-B shows images saved after separate evolutions with varying oil compositions. Figure
38A shows a side view of the DIB at each extreme: pure hexadecane (top) and pure silicone oil
(bottom). Figure 38B shows the bilayer region for 100%, 80%, 60%, 40%, 20%, and 0 %
hexadecane volume fractions as indicated above each image. Similarly, the density difference
between the water and oil mixture for each case is displayed below each respective image. The
interface formed in pure hexadecane (ρhexadecane=0.77 g/mL) is clearly sagging in the vertical
direction. As expected, this ellipticity diminishes as the oil mixture is loaded with dense silicone
oil. The coordinates of the equilibrium bilayer are exported to MATLAB to further analyze bilayer
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Table 5. Table of Ellipticity Factors by Oil Type

Oil

Correction Factor,
Ellipticity (b/a)

Decane

1.232

Hexadecane

1.158

1-1 AR20:Hexadecane

1.045

9-1 AR20:Hexadecane

0.990

area and its geometry. Ellipticity is quantified by extracting the minor (a) and major (b) axis
diameters as illustrated in Figure 38C. Ellipticity can then be monitored as a function of oil
composition by evaluating the quantity εb/a=b/a which increases from unity as the droplets sag and
extend the bilayer major axis. Figure 39A shows calculated values of εb/a as a function of the
difference in the density of the droplet and the oil mixture with evolutions using 300 nL droplets
and a 25° equilibrium contact angle (half-bilayer angle). Clearly, the interface transitions from
being vertically distended and elliptical to nearly circular as the silicone oil content increases and
the density difference decrease. Identical results are obtained in other evolution trials using a 45°
contact angle (Figure 39B), thus it is not expected that conclusions drawn from Surface Evolver
analysis are heavily affected by the selection of contact angle (at least in the typical range of around
25-45°).
The values obtained for εb/a provide both a) information regarding the shape of the bilayer, and
also b) the ellipticity factors required to confidently estimate the bilayer area using the minor axis
diameter alone. The ability to calculate area using the minor axis diameter enables more accurate
estimation of area in experiments with images taken from beneath the suspended droplets through
an inverted microscope. All experimental tests described in Chapter 3 and Chapter 4 are performed
using 300 nL drops, and the same pipette is used for consistency. To calibrate Surface Evolver
calculations, we compared the volume-specific ellipticity factor (Table 4) obtained from DIBS
formed with 300nL droplets to values of ellipticity for varying droplet volumes computed in
Surface Evolver. This comparison shows that the experimentally observed ellipticity is most
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Figure 39. Ellipticity as a function of the difference in droplet and oil density. Ellipticity values are computed
based on the major and minor axis diameters calculated using coordinates of the interface after Surface Evolver
trials. (A) and (B) are drawn from Surface Evolver trials using identical parameters except for the equilibrium
contact angle. A) θ=25°. B) θ=45°. The density differences associated with oil compositions commonly used in
literature and in Chapter 4 are labeled. Blue circles represent values obtained by varying the volume fraction (%
vol) of AR 20 in an AR 20:hexadecane mixture. The green diamond represents pure decane.

closely reproduced by Surface Evolver calculations when using 400nL droplets. To our
knowledge, there are no published values of CM for planar bilayers or DIBs formed in mixtures of
hexadecane and AR20 silicone oil, thus Surface Evolver is used to compute ellipticity factors for
400 nL droplets with the density difference adjusted to match each oil combination tested. The
final ellipticity factors used in area calculations for specific capacitance measurements provided
in this Chapter 3 and Chapter 4 are listed in Table 5.

3.2.11 Effects of Surface Tension on Ellipticity
Monolayer tension values provided in Table 7 fall between 1.03 and 1.42 mN/m. These results are
based on specific capacitance trials in which area is corrected by the factors in Table 5, and these
factors were obtained from Surface Evolver trials using a value of 1 mN/m as the input monolayer
tension. To investigate the possibility that ellipticity changes significantly with increasing
monolayer tension, Surface Evolver trials are performed for a range of monolayer tension values.
The droplet volume is set to 300 nL, and the oil type is set as pure hexadecane where gravitational
effects are most significant. Figure 40 shows calculated values for ellipticity as a function of the
input monolayer tension. Figure 40 shows that the major axis of the interface is about 11% longer
than the minor axis at 1 mN/m (ε = 1.11). Increasing tension to 1.5 mN/m reduces the ratio ε=b/a
to 1.07, thus the cases with 1.4 mN/m tensions would require < 3-4 % change in the ellipticity
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Figure 40. Ellipticity as a function of input monolayer tension obtained from Surface Evolver trials with 300 nL
droplets in pure hexadecane. The inset highlights the region of monolayer tension values encountered
experimentally in this work (~1.0 mN/m).

factor. For the cases tested here, it thus seems reasonable to use the single set of ellipticity factors
obtained from the Surface Evolver data using 1 mN/m as the input monolayer tension.

3.3 Chapter Summary and Conclusions
The Young-Lippmann equation relates changes in contact angle to the applied voltage which
affects the interfacial tension. In the DIB platform, where mechanical manipulation can be used to
accurately measure CM, and applied bias voltage induces measurable changes in contact angle, the
Young-Lipmann relation provides a framework for simultaneous measurements of both monolayer
and bilayer tension. The method is simple and involves measuring changes in the contact angle
between droplets as applied bias voltage is increased. Contact angle alone is not sufficient for
tension calculations as the Young-Lippmann equation includes membrane specific capacitance.
However, specific capacitance is easily and precisely determined during the same test for tensions
with droplets suspended on agarose-tipped electrodes. Knowledge of the shape (i.e. the circularity)
of the interface is crucial to the accuracy of the measurement, particularly in light of observed
droplet deformation due to gravity when there is a difference in densities of the oil and aqueous
phases. Such density differences are encountered here with ≥ 200 nL droplets in tests using pure
hexadecane or mixtures of hexadecane and silicone oil. Further, we learned that the zero-Volt
contact angle between droplets increases with increasing droplet area (as droplets are pushed
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together). However, while it was shown that values of monolayer tension are not affected by
manipulation-induced changes to θ0, the nominal contact angle does affect the caculation of bilayer
tension In both theory and practice, larger angle changes are obtained for lower θ0. This conclusion
allows tuning of the system (targeting θ0 ≤ θeq) to achieve greater angle changes for the same
voltage, which increases the signal-to-noise ratio of angle measurement.

With appropriate understanding of the shape of the interface, we demonstrated that this procedure
exhibits comparable or better accuracy in measuring values of specific capacitance, bilayer
tension, monolayer tension, and free energy of formation to methods described in prior literature.
Further, all four physical properties can be measured in a single test over the course of 30 minutes
or less. There are several advantages of the DIB-Young-Lippmann approach over supported or
painted lipid bilayer techniques: [226, 228] 1) forming bilayers between lipid coated droplets
allows the area of the bilayer to be easily manipulated, which has been shown to enable accurate
determination of specific capacitance; 2) bilayer formation in a liquid environment (versus on a
solid support) provides direct visual access to bilayer contact length and contact angle.
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CHAPTER 4
APPLICATION OF SPECIFIC CAPACITANCE
AND TENSION MEASUREMENTS IN DROPLET
INTERFACE BILAYERS
In Chapter 3, a multi-part experiment for determining monolayer and bilayer tension is presented
and validated with data obtained from DPhPC DIBs in hexadecane. This chapter address Objective
2 as described in Section 1.3.2. To demonstrate the value of the multi-part method and begin using
it to acquire new information regarding the effects of non-lipid species in the membrane, the
method is been applied to study the effects of oil (solvent) type used for DIB formation, the
addition of cholesterol, and the incorporation of mixed-monolayer protected cell-penetrating
nanoparticles on the specific capacitance and tension state of DIBs. As with DPhPC DIBs in
hexadecane, equilibrium monolayer tensions are compared to values obtained from a pendant drop
goniometer. The results provided by specific capacitance and tension measurements are used to
help understand the molecular level organization of various solvents, cholesterol molecules, and
cell-penetrating nanoparticles in a lipid bilayer. It is important to recognize that the information
obtained via measurements of CM and tension is not easily obtained by measurements of
conductance alone, as is more typical with ion-channels and pore-forming peptides, as the three
types of membrane-active species tested here do not necessarily affect the conductance.

4.1 Materials and Experimental Methods
4.1.1 Mixed-Monolayer Protected Nanoparticles
The nanoparticles (NP) used in this chapter contain gold cores and are modified through the
attachment of lipid-like ligands. The main class of NPs used herein is coated with two types of
________ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ___ ________ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ ______ __

Note: This chapter presents a modified portion of the published paper “Direct In Situ Measurement
of Specific Capacitance, Monolayer Tension, and Bilayer Tension in a Droplet Interface Bilayer " [49].
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ligands: one ligand type is hydrophilic (11-mercapto-1undecanesulphoniate, MUS) and that is
hydrophobic (1-octanethil, OT). Specifically, these mixed-monolayer protected NPs are coated
with a 50:50 (mol:mol) ratio of MUS and OT ligands. In addition to the 50:50 MUS:OT mixedmonolayer protected NPs which have been shown to adopt a “striped” ligand pattern, [259] DIB
experiments are also performed including NPs coated entirely (100%) in hydrophilic

MUS

ligands (i.e., no OT included). Both NP types are synthesized by collaborators (Ahmet Bekedemir
and Francesco Stellacci) using methods described elsewhere.

A series of prior investigations have established the fact that MUS:OT NPs are capable of
translocating through cell membranes, thus rendering them as a promising candidate for
applications like drug delivery or gene transfection. [48, 215, 216, 260] In contrast to the cellpenetrating properties of the amphiphilic NPs coated with a mixture of MUS and OT ligands, NP
coated entirely in hydrophilic MUS (100 MUS) do not readily translocate through cell membranes.
[215] The interactions of these MUS:OT and MUS NPs with real cell membranes prompted a
study of NP interaction with model membranes using a planar lipid bilayer approach. [47] In a
study using painted BLMs, Carney et al. observed concentration dependent increases in membrane

Figure 41. Details regarding the two types of NPs used in this work (see also Section 14.2.3). The mixed-monolayer
protected “striped” NPs are coated with a mixture of hydrophilic and hydrophobic ligands. 100 MUS NP are coated
entirely in hydrophilic ligands. (Images reproduced from [48]).
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Table 6. Molar Volumes of DPhPC Acyl Chains, Decane, Hexadecane

Species

Molar
Volume
[cm3/mol]

Ref.

DPhPC acyl chains
(tetramethyl hexadecanoic
acid)

444.8

[1]

Decane

194.7

-

Hexadecane

294.1

[5]

capacitance upon addition of the 50:50 mixed MUS:OT NPs while addition of 100 MUS
(“control”) NPs elicited no such increase in capacitance. The concentration dependent changes in
BLM capacitance were well described by a Langmuir adsorption model, but the mechanism
explaining the increase in capacitance is not completely clear. The authors concluded at that time
that the MUS:OT NPs accumulate in the lipid bilayer, thus the goal in this work is to use DIBbased measurements of CM and monolayer and bilayer surface tensions to a) quantitatively probe
for the occurrence of NP accumulation in the bilayer, nd b) provide mechanistic level insight as to
the cause of previously observed NP induced changes in BLM capacitance. [47]

4.1.2 Lipid/Solvent Molar Volume Ratio Calculations
Estimation of the molar volume ratio of lipid acyl chains to solvent molecules involves the molar
volumes of the lipids and solvents as displayed in Table 6. Where available, a source for each
value is included in the table. The referenced value for hexadecane is in close agreement with the
value obtained simply by dividing the solvent molecular weight by the solvent density to obtain a
molar volume with units of [cm3/mol]. Thus the value listed for decane is calculated simply using
the density (0.731 g/cm3) and molecular weight (226.45 g/mol) of decane. Note that the value
listed for DPhPC, based on the molecular volume provided by the LIPID MAPS database[1] for a
single tetramethyl hexadecanoic acid molecule, is converted to molar volume and doubled to
account for two acyl chains on each DPhPC lipid molecule.
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Results provided in Chapter 4 are based on previous estimates[50] that with DPhPC DIBs formed
in hexadecane solvent, approximately 10% of the hydrophobic region volume consists of the
hexadecane solvent. Thus, for any given volume of the hydrophobic bilayer region, a volume ratio
of 9:1 exists for lipid acyl chains:solvent. Dividing each value in the ratio by the molar volume
then provides a molar ratio of acyl chains: solvent (note: the calculations here include the
assumption of two acyl chains per lipid). It then follows that if 10% of the hydrophobic region
volume consists of hexadecane solvent, the molar ratio of lipid:solvent falls around 6:1, which
means that there is one solvent molecule for every 6 lipids. Consistent with previous findings,
results provided in Section 4.2.1 below suggest that DPhPC DIBs formed in decane contain 43%
decane solvent by volume. Conversion from a 53:47 volume ratio of lipid:decane to percent molar
volume provides an estimate of 0.58:1 (or 1:1.7). Thus it appears that when DPhPC DIBs are
formed in decane, the hydrophobic region contains approximately two solvent molecules for every
lipid molecule. These calculations assume that the molar volumes of each component are fixed
quantities.

4.2 Results and Discussion
4.2.1 Effects of Solvent on Membrane Thickness and Lipid Packing
First, tests are performed to determine monolayer and bilayer tensions for DPhPC DIBs formed in
a mixed solvent phase containing silicone oil (AR 20) and hexadecane. Prior to performing contact
angle measurements versus voltage, values of specific capacitance are measured separately for
DPhPC DIBs formed in pure hexadecane, in a 1:1 (vol:vol ratio) AR 20:hexadecane mixture, and
in a 9:1 mixture of AR 20:hexadecane. Values obtained for CM (average ± standard deviation) are
shown in Figure 42A as a function of the volume percentage of silicone oil. These values are then
used in calculations of monolayer tension obtained via Part 3 of the experiment (Figure 42B) and
are combined with measured values of 𝜃0 for each to estimate bilayer tension at 0 mV (Figure
42C). Table 7 presents average values, standard deviations, and the number of trials included for
each case tested, as well as for DPhPC DIBs assembled in decane.
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Table 7. Specific capacitance, thickness, and tension values obtained for DPhPC DIBs formed at 25°C.

Lipid Type

CM

DC

m

[μF/cm2]

[Å]

[mN/m]
*

**

ΔF

b

 0 ,eq

[mN/m]

[°]

[mN/m]
[mJ/m2]

DPhPC
hexadecane

0.652 (0.027)
n=13

29.9

1.18 (0.136)
n=8

1.19 (0.067)
n=3

2.04 (0.222)
n=8

29.31 (2.13)
n=116

0.302

DPhPC,
1:1 AR20:hex

0.667 (0.022)
n=9

29.2

1.03 (0.115)
n=4

1.01 (0.041)
n=3

1.54 (0.198)
n=4

41.63 (2.21)
n=37

0.520

DPhPC,
9:1 AR20:hex

0.701 (0.027)
n=9

27.8

-

-

-

42.15 (7.39)
n=84

-

DPhPC, decane

0.488 (0.043)
n=7

39.9

1.09 (0.095)
n=7

-

2.11 (0.173)
n=7

15.40 (1.06)
n=43

0.078

1.42 (0.051)
n=6

1.40 (0.111)
n=3

2.50 (0.095)
n=6

27.10 (1.65)
n=80

0.312

1.24 (0.056)
n=4

1.15 (0.045)
n=3

1.92 (0.056)
n=4

38.85 (2.34)
n=128

0.548

DPhPC, 20%
0.655 (0.030)
29.7
Chol.
n=8
hexadecane
DPhPC, 20%
0.713 (0.045)
27.3
Chol.
n=3
1:1 AR20:hex
*: DIB-electrowetting/Young-Lippman method
**: Pendant drop with goniometer

-: not measured
DC: hydrophobic thickness, 𝐷𝐶 = (𝜀𝑟 𝜀0 )/𝐶𝑀

It is well established that CM varies strongly with the amount of solvent in the hydrophobic region.
[50, 199, 254, 255] The solubility of solvent in the bilayer region generally increases with
decreasing solvent molecule size. [226, 254, 255] As a result, techniques for measuring the
thickness of the hydrophobic region are used to probe the amount of solvent trapped or dissolved
in the bilayer. [50, 196] CM is related to the thickness of the hydrophobic region (𝐷𝐶 ) and
permittivity (𝜀𝑟 ) of the hydrophobic region of the bilayer, as well as the permittivity of vacuum
(𝜀0 ) by
𝐶𝑀 =

𝜀𝑟 𝜀0
𝐷𝐶

.

Equation 26

The minimum value of CM for the three oil cases tested is obtained for DIBs formed in pure decane
(0.488 μF/cm2), and the result is in close agreement with the value of 0.445 μF/cm2 obtained
elsewhere. [50]. CM increases by 33% to 0.65 μF/cm2 upon changing the solvent from decane to
hexadecane, and the result is again consistent with previously reported values around 0.64 μF/cm2.
[50, 256] Compared to DIBs in hexadecane, CM increases by 3.1% to 0.67 μF/cm2 for 1:1 AR
20:hexadecane and by 7.7% to 0.70 μF/cm2 for 9:1 AR 20:hexadecane, respectively. The increase
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Figure 42. A) Values obtained from measurements of specific capacitance for bilayers as a function of the fraction
of silicone oil added to the hexadecane oil phase. Error bars show ± one standard deviation. Two lipid compositions
are tested in the various oil mixtures: pure DPhPC, and DPhPC containing 20% (mol %) cholesterol. B) “DIBYL” –monolayer tensions measured by monitoring Young-Lippmann related changes in DIB contact angle as
voltage is increased. “PD” – monolayer tensions measured using the pendant drop method with a goniometer. C)
Bilayer tensions for each lipid-oil combination, calculated using average observed contact angle (case specific)
and the monolayer tension measured via the DIB-YL method.
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in CM with increasing silicone oil in the oil phase indicates a thinner, more solvent-free bilayer,
while the reduced value of CM in decane indicates a thicker, oil-rich bilayer. Assuming a constant
dielectric of 𝜀𝑟 = 2.2 for the hydrocarbon-rich hydrophobic region of the bilayer, our values of CM
yield thickness values of 29.9, 29.2, and 27.8 Å for DPhPC DIBs in 1:0, 1:1, and 9:1 mixtures of
silicone oil:hexadecane, respectively. The 9:1 mixture thus results in bilayers that are 7.3% thinner
than those in pure hexadecane. Gross et al. reported that the hydrophobic region of DPhPChexadecane DIBs is 10% oil by volume, leading us to believe that with DIBs formed in the 9:1
mixture, the bilayer hydrophobic region consists of only 2.7% (10%-7.3%) solvent by volume.
The 1:1 mixture invokes a similar effect, although the thickness reduces by only 2.7% leading to
hydrophobic regions containing approximately 7.3% (10%-2.7%) oil by volume. These estimates
assume that the changes in volume, based on CM measurements, are equal to the changes in
membrane thickness (i.e. oil distributes evenly across the membrane area and the permittivity is
unchanged). Converting percent volume oil to molar volume ratio provides a rough estimate of 6:1
for lipids:hexadecane in the hydrophobic region (refer to Section 4.1.2). The average thickness of
DPhPC DIBs in decane is 39.9 Å. Based on the calculated thickness values, DIBs formed in decane
are 33.4% thicker than those formed in hexadecane as a result of the increased solubility of small
decane molecules in the hydrophobic region. [50] DPhPC bilayers formed in decane are expected
to contain around 43% (10% +33.4%) oil by volume which is in close agreement with the estimate
of 38% by Gross and Wallace. [50] Conversion of the volume ratio of lipid:decane to a molar
volume ratio suggests that there are 1.7 decane solvent molecules for every lipid molecule present
(refer to Section 4.1.2).

In addition to thickness, the oil used to form a DIB affects the tension state of a DIB. [226] Of the
oils studied, bilayer tension is highest for DPhPC DIBs formed in decane. The data in Figure 42
and Table 7 show that the presence of silicone oil has the opposite effect. The average monolayer
tension decreases by 17% from 1.18 mN/m in pure hexadecane to 1.03 mN/m in the 1:1 mixture.
Meanwhile, bilayer tension decreases by 29% from 2.04 mN/m in hexadecane to 1.54 mN/m in
the 1:1 mixture. Note that for 0:1 and 1:1 AR 20:hexadecane mixtures, the monolayer tension
values obtained via the multi-step technique introduced herein are not significantly different than
the values obtained via pendant drop measurements with a goniometer. Tension values are not
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calculated for DIBs formed in the 9:1 AR20:hexadecane mixture, because these bilayers
consistently ruptured at voltages near 100mV which prevented us from recording the increases in
contact angle as applied bias voltage increases.

The free energy of formation is also a metric that can be used to understand the same phenomenon
of oil-exclusion. Needham and Haydon [226] and Bibette et al. [100-102] reported that more
solvent-free bilayers exhibit higher free energies of adhesion. Our results show that ∆𝐹 is nearly
doubled in the 1:1 AR 20:hexadecane mixture compared to pure hexadecane, which itself has a
∆𝐹 value nearly four times that for decane-rich DIBs. Collectively, the DIB-electrowetting method
appears to be a valid approach for measuring 𝛾𝑚 , 𝛾𝑏 , and ∆𝐹, which serve as metrics for detecting
solvent the presence of solvent and associated effects on lipid packing. The results of both CM and
∆𝐹 measurements herein support the understanding that addition of AR 20 silicone oil to the
hexadecane oil phase surrounding the droplets reduces the amount of remaining solvent in a
DPhPC DIB, resulting in a thinner, more relaxed interface. The fact that monolayer tension also
decreases with increasing silicone oil content, demonstrates that the hydrophobic regions of the
lipid tails in monolayer are also better able to exclude silicone oil than pure hexadecane.

4.2.2 Effects of Cholesterol on Membrane Thickness and Lipid Packing
In a second study, we applied the multi-step procedure introduced in Chapter 3 to quantify the
effects of cholesterol on CM and tensions in DPhPC DIBs formed in various organic solvents. We
study incorporation of 20 mol% cholesterol and do not pursue higher cholesterol levels due to its
reduced solubility in DPhPC bilayers (40 mol% is the maximum for DPhPC,[261] compared with
50-60% across a range of acyl chain compositions (12:0, 16:0, and 22:0) and headgroup types (PC,
PG, PE, and PS)[261]. When droplets containing DPhPC liposomes with 20 mol% cholesterol are
used to form DIBs in pure hexadecane, we obtain a CM of 0.655±0.030 μF/cm2, 𝛾𝑚 equal to
1.42±0.051 mN/m, and 𝛾𝑏 of 2.50±0.095 mN/m. In comparison, DIBs formed in 1:1
AR20:hexadecane from droplets of 20% cholesterol-DPhPC solution yield CM of 0.713±0.045
μF/cm2, 𝛾𝑚 equal to 1.24±0.056 mN/m, and 𝛾𝑏 of 1.92±0.056 mN/m. The results for measured
specific capacitance and tensions are illustrated in Figure 42 and listed in Table 7.
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The average value of CM is higher for DPhPC with 20% cholesterol compared to pure DPhPC in
both oil cases tested. Assuming the effective dielectric constant of the interface is unchanged by
the incorporation of cholesterol (𝜀𝑟 =2.2)[262], Equation 26 shows that the increase in CM must
instead be attributed to thinning of the bilayer hydrophobic region. While numerous studies have
identified lipid bilayer thickening upon incorporation of cholesterol,[221-224] the effect depends
greatly on the length (relative to cholesterol) and degree of saturation of the lipid being used.[223,
225] For instance, McIntosh reports that bilayers comprised of phospholipids with up to 16-carbon
acyl chains are thickened by the introduction of cholesterol, whereas 18-carbon chain bilayers in
the solid phase (i.e. T<Tm) exhibit a reduction in thickness upon incorporation of cholesterol.[225]
The effects of cholesterol on bilayer thickness are explained by comparing the hydrophobic lengths
of the cholesterol and lipid chains[225]. Similar biphasic behavior regarding the effects of
cholesterol on lipid transition temperature is also attributed to hydrophobic mismatch.[142] The
cholesterol-induced decrease in thickness (Figure 42) measured herein suggests that a length
mismatch exists between the DPhPC acyl chains and the embedded cholesterol. As encountered
by McIntosh with 18-carbon acyl chains, the mismatch between rigid DPhPC tails and cholesterol
hydrophobic lengths may create voids near the bilayer mid-plane that prompt the free ends of the
acyl chains to bend or kink around embedded cholesterol molecules in an attempt to fill this space.
The result is a net shortening of the lipid length and thinning of the bilayer hydrophobic region.
This effect is also supported by molecular dynamics simulations showing flexible lipid acyl chains
packing tightly around cholesterol molecules.[263]

The fact that CM increases with the addition of cholesterol in both pure hexadecane and the 1:1
AR20:hexadecane mixture shows that DPhPC bilayers containing cholesterol are thinner than
those without cholesterol in each solvent case. Equation 26 allows calculation of bilayer thickness,
again using 𝜀𝑟 =2.2 as the dielectric constant, which reveals that bilayers containing 20%
cholesterol possess a hydrophobic thickness of 29.7 Å or 27.3 Å when droplets are submerged in
hexadecane or 1:1 AR20:hexadecane, respectively. Cholesterol reduces the thickness of bilayers
in hexadecane by 0.14 Å (<0.5% of nominal value without cholesterol), however when DIBs are
formed in a 1-1 AR20:hexadecane oil phase, cholesterol decreases bilayer thickness to 1.88 Å (a
6.4% reduction). This finding is consistent with prior studies that observed increased sensitivity of
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membrane specific capacitance to small molecules when bilayers are more solvent free, i.e. using
solvents that are well-excluded from the hydrophobic region.[217, 220].

Additionally, our technique allows us to determine that doping a DPhPC bilayer with cholesterol
results in an increase in both monolayer and bilayer tension. This result is consistent with the
observations of previous studies[248, 264] and is explained by the fact that cholesterol
interdigitation decreases packing in gel-phase bilayers,[265] such as those formed from DPhPC,
which would drive increased interaction between water and the solvent or hydrophobic region of
the bilayer. Incorporation of 20% cholesterol increases monolayer and bilayer tension by 0.24
mN/m and 0.21 mN/m in pure hexadecane and 1:1 AR20:hexadecane, respectively. The nominal
changes to monolayer tension represent a 20.3% spike, while bilayer tension changes by 22.6% or
24.7% in hexadecane or the 1:1 AR20:hexadecane mixture. As with specific capacitance described
above, bilayer tension is more significantly affected by cholesterol when the membrane is solventfree.

Free energy of adhesion (∆𝐹) also increases nominally through the incorporation of cholesterol
into the bilayer. Raising cholesterol content to 20% increases ∆𝐹 of DPhPC DIBs formed in
hexadecane by 0.010 mN/m (+3.3%). For DPhPC DIBs formed in the 1:1 AR20:hexadecane
mixture, inclusion of 20% cholesterol causes ∆𝐹 to increase by +0.028 mN/m (+5.4%). It is
interesting to consider the mechanism by which cholesterol increases free energy of adhesion.
Evidenced by the equation for free energy (Equation 2, Section 1.2.1), ΔF increases with increases
in either tension or contact angle. Our measurements demonstrate the cholesterol increases bilayer
and monolayer tensions while causing the contact angle to decrease. To achieve such changes in
all three parameters, Equation 7 verifies that the ratio 𝛾𝑏 /2𝛾𝑚 must in fact increase in response to
the addition of cholesterol. Based on the experimentally obtained values in Table 7, increasing
cholesterol content is accompanied by an increase in the ratio of 𝛾𝑏 /2𝛾𝑚 (0.853 and 0.880 at 0 and
20% cholesterol, respectively). The data here suggests that cholesterol causes less distortion of
lipids positioned in the monolayers around the droplets compared to lipids in the bilayer interface,
possibly due to the presence of bulk solvent molecules near the monolayers that fill voids between
the sterol and lipid molecules. These results simultaneously support the notion that cholesterol
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affects bilayer tension more than monolayer tension through the same mechanism that results in
membrane thinning: i.e. kinking and bending of the lipid acyl chains to “wrap” cholesterol
molecules and fill sterol-induced voids in the hydrophobic region.
Collectively, results from our measurements of CM, 𝛾𝑚 , 𝛾𝑏 , and ∆𝐹 confirm that the multi-step
process is suitably capable for measuring changes to bilayer thickness and tension caused by
changes in membrane composition or oil content. Interestingly, solvent-free DIBs formed in 1:1
AR20:hexadecane displayed a heightened sensitivity in terms of the effects of cholesterol on CM,
DC, 𝛾𝑏 , and ∆𝐹. These takeaways provide guidance for future studies aimed at investigating the
effects of biomolecules, peptides, pharmaceutics, and other species on lipid bilayer thickness and
tensions. Specifically, such studies could use 1:1 AR 20:hexadecane mixtures to amplify the
effects on membrane thickness and tension caused by accumulation of a species of interest.

4.2.3 Effects of Mixed-Monolayer Protected Nanoparticles on Membrane
Thickness and Lipid Packing
In addition to studying the effects of nonpolar solvent and cholesterol, the multi-step procedure
introduced in Chapter 3 is applied to investigate the effects of mixed-monolayer protected
nanoparticles on DPhPC DIB CM and tensions. As illustrated in Figure 43A, nanoparticles are
incorporated into each of the two droplets used to form a DIB. In the case of the mixed 50:50
MUS:OT (hydrophilic:hydrophobic) ligand protected nanoparticles (NPs), DPhPC DIBs rupture
frequently during formation, or shortly after, at NP concentrations above ~5 μM. In contrast, stable
DIBs were formed with concentrations of the 100 MUS (fully hydrophilic) NPs at concentrations
as high as 10 μM. CM was measured for DIBs incorporating 0, 0.5, 1, or 2.7 μM 50:50 MUS:OT
NPs and also with 10 μM 100 MUS NPs. Figure 43B shows CM values obtained as a function of
the concentration of 50:50 MUT:OT NPs included in the droplets. In the case of 10 μM 100 MUS
NPs, CM is measured to be 0.655 μF/cm2. Figure 43C provides representative images of actual
DIBs incorporating the various concentrations and types of NPs tested. It should be noted that
when 50:50 MUST:OT NPs were included in DIB, attempts to use the electrowetting method of
measuring tension (described in Chapter 3) were complicated by a decrease in the voltage at which
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Figure 43. A) Approach for testing effects of mixed-monolayer protected nanoparticles on DPhPC bilayer CM.
NPs are included in each droplet at an identical concentration before DIB formation. B) CM measured as a function
of NP concentration for multiple DIBs incorporating 50:50 MUS:OT NPs in each droplet. Error bars show ± 1 std.
dev. C) Images of DIBs including various concentrations of 50:50 MUS:OT NPs, and one image of a DIB
including a high concentration of 100 MUS.

bilayer breakdown begins to occur (breakdown was encountered between 50-100 mV in these
tests). Voltage induced electroporation causes contact angle change to deviate from the
relationship predicted by the Young-Lippmann equation, thus surface monolayer and bilayer
tension values were not measured using the electrowetting-based DIB method. The resulting
measured values of CM and corresponding calculated hydrophobic region thicknesses (calculated
via Equation 26 assuming 𝜀𝑟 =2.2) are tabulated in Table 8.
DPhPC DIB CM values are lower in the presence of the mixed-monolayer protected MUS:OT NPs,
although not significantly across the concentration range tested (p<0.005 only with 0.5 μM and
1.0 μM NPs). The minimum CM obtained is 0.633 μF/cm2 (at 0.5 μM NPs) which, compared to
the value of 0.657 μF/cm2 obtained in cases without NPs, represents a 3.6 % decrease (-0.024
μF/cm2). In comparison, the previous report by Carney et al shows a 10-15% increase in
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Table 8. Specific capacitance and bilayer hydrophobic thickness values obtained for NP-infused DPhPC DIBs
formed at 25°C.

CM

DC

[μF/cm2]

[Å]

0 μM
50:50 MUS:OT

0.657 (0.013)
n=2

29.6

0.5 μM
50:50 MUS:OT

0.636 (0.007)
n=4

30.6

1.0 μM
50:50 MUS:OT

0.633 (0.003)
n=2

30.8

2.7 μM
50:50 MUS:OT

0.649 (0.013) n=3

30.0

10 μM
100 MUS

0.655
n=1

29.7

NP Concentration (μM), Type

DC: hydrophobic thickness, 𝐷𝐶 = (𝜀𝑟 𝜀0 )/𝐶𝑀
All DIBs formed using DPhPC and hexadecane as the oil phase

capacitance upon addition of 5 μM hydrophilic:hydrophobic NPs. The results provided here are
inconsistent with those of Carney et al. both in terms of the magnitude and the direction of change.
[47] Further, Figure 43B shows that CM does not change monotonically with increasing
concentration of the 50:50 MUST:OT NPs. In other words, the measured values of CM do not
follow the NP concentration-dependent Langmuir-adsorption style trend observed previously. [47]

Thus one question arises: is it possible that Carney et al. observed real NP-driven changes in
capacitance that were accompanied by changing area. Unfortunately, it is challenging to track the
area of the bilayer in BLM experiments due to the opacity of the solid substrates employed. For
both BLMs and DIBs, increases in capacitance due to increasing area would be expected to be a
result of a shift in the surface tension balance governing the equilibrium bilayer geometry (i.e. the
Young-Dupre equation,  b  2 m cos as shown in Section 1.2.1). From the Young-Dupre
equation, an increase in contact angle (between the range of 0 and 90°) would be the result of a
decrease in the quantity (  b / 2 m ). This quantity could decrease through the addition of NPs if the
NP incorporation leads to either a) a relative decrease in bilayer tension compared to a fixed
monolayer tension, or b) an increase in monolayer tension relative to fixed bilayer tension. The
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Figure 44. A) Illustration of pendant drop goniometer measurements to study NP adsorption at oil-water interfaces.
B) Measured surface tension as a function of time with varying concentrations of NPs (concentrations shown in
the legend). C) Fractional surface coverage calculated based on steady-state surface tension values (refer to text
for details) (D-E) Illustrations from a prior study by Carney et al. into NP association in BLMs (D) and the resulting
measured Langmuir adsorption isotherm (E). (D-E reproduced from [47]).

fact that NP adsorption does not affect bilayer thickness (as determined by CM measurements) a)
indicates that that NPs do not accumulate within the membrane, and b) suggests that NP adsorption
affects monolayer tension as opposed to the bilayer tension. The ability to measure the effects of
the 50:50 MUS:OT NPs at the monolayer would provide a way to investigate the hypothesis that
monolayer tension is affected by NP adsorption at the oil-water interface. As mentioned above,
50:50 MUS:OT NPs created challenges for electrowetting based measurements of DIB surface
tensions, thus a set of pendant drop goniometer experiments were performed to investigate the
possibility, and the kinetics, of 50:50 MUS:OT NP adsorption at an oil-water interface.

Figure 44A illustrates the experimental approach for using pendant drop measurements of surface
tension to study the adsorption of 50:50 MUS:OT NPs at a hexadecane water interface (no lipids
are included). At a start time considered t = 0, a ~ 1μL droplet of aqueous-NP solution is ejected
from an otherwise clean steel needle into a bath of oil, and the surface tension of the oil-water
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interface is measured for 10-20 minutes at a rate of 1Hz. Figure 44B shows representative
measured values of surface tension as a function of time (the first five minutes of each experiment)
with varying concentrations of NPs included in the aqueous droplet (0, 0.1, 5, 10, and 20 μM 50:50
MUS:OT NPs). The initial surface tension of the clean oil-water interface is around 55 mN/m as
expected, however the tension begins decreasing within seconds, ultimately approaching a
minimum steady-state value of tension, in all cases. Tension drops even without NPs present due
to impurities in the hexadecane (these impurities have been described elsewhere [33] and remained
in our tests despite filtering the hexadecane over aluminum), and we allow the NP-free tension to
reach steady-state to obtain a measure of the equilibrium tension of the hexadecane-water interface
alone. Figure 44B shows that steady-state surface tension decreases with increasing nanoparticle
concentration, thus the 50:50 MUS:OT NPs demonstrate the capability of self-assembling at an oil
water interface. Given the prior application of a Langmuir adsorption model [47] to describe NPinduced changes in BLM capacitance, it seems appropriate to consider the possibility that NPadsorption at the oil-water interface could be described by the same model. The proposed model
provides the fractional surface coverage, 𝜃, as
𝐾 𝐶𝑁𝑃

𝜃 = 𝛼 1+𝐾𝐿

𝐿 𝐶𝑁𝑃

,

Equation 27

Where 𝐾𝐿 is the Langmuir adsorption equilibrium constant, 𝑐𝑁𝑃 is the concentration of the
nanoparticles, and 𝛼 is a scaling factor. Using the steady-state surface tension value obtained from
the data shown in Figure 44B (actual values used for 𝜃 calculations were taken as the average
steady-state tension from at least 5 separate pendant drop experiments for each concentration), an
experimentally observed fractional coverage was determined by
𝜃=

𝛾(𝑐𝑁𝑃 )−𝛾0
𝛾𝑠𝑎𝑡 −𝛾0

,

Equation 28

Where 𝛾0 is the surface tension of the bare oil-water interface, 𝛾𝑠𝑎𝑡 is the surface tension of an
interface saturated with NPs (assumed to be the case with 20 μM NPs), and 𝛾(𝑐𝑁𝑃 ) is the steadystate tension measured at each NP concentration. Figure 44C shows the resulting values of 𝜃
obtained at each NP concentration based on the surface tension measurements (blue triangles), and
Figure 44C also includes representative value of 𝜃 calculated using previously published values
of 𝐾𝐿 and 𝛼 (for 𝑐𝑁𝑃 ranging from 1 to about 16 μM). Qualitatively, the 𝜃 isotherm obtained from
surface tension measurements of NP adsorption at an oil-water interface aligns closely with the
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isotherms obtained with prior measurements of NP-induced changes in BLM capacitance.
Rearranging Equation 29 yields
1
𝜃

=

1+𝐾𝐿 𝐶𝑁𝑃
𝛼𝐾𝐿 𝐶𝑁𝑃

1

= (𝛼𝐾 ) 𝑐
𝐿

1
𝑁𝑃

1

+ 𝛼.

Equation 29

Via the relation in Equation 29, the reciprocal of 𝜃 is a linear function of the reciprocal of 𝑐𝑁𝑃 . As
such, and returning to our experimentally obtained values for 𝜃 as a function 𝑐𝑁𝑃 , a least-squares
linear regression of 1/𝜃 versus 1/𝑐𝑁𝑃 yields a linear function with coefficients that allow solving
for 𝐾𝐿 and 𝛼. Having performed this procedure with 𝜃 values obtained herein, values for the
Langmuir equilibrium constant and scaling factor are listed in the first row of Table 9. The
adsorption model parameters obtained with pendant drop monolayer tension measurements,
despite the lack of lipids or any lipid bilayer, are in striking agreement with the parameters derived
from experimentally observed changes in BLM capacitance. The strong agreement here implies
that changes observed with prior BLM measurements were most likely a result of NP accumulation
that oil-water monolayer interface (and not due to accumulation in the lipid bilayer).

The prior work of Carney et al. established the fact that MUS:OT NPs interact with BLM style
lipid bilayers, but the mechanism of increased capacitance was attributed to NP association with
the lipid bilayer. [47] Based on the results presented here, the previously observed increase in
BLM capacitance can now be attributed to NP adsorption at the monolayers and not the bilayer.
This conclusion is based on the several observations: 1) CM measurements of DIBs exposed to NPs
show no signs of a concentration-dependent, NP-induced increase in capacitance, 2) CM does not

Table 9. Langmuir adsorption model parameters obtained herein and elsewhere with MUS:OT NPs.

NP Diameter

Equilibrium
Constant,
KL [M-1]

Scaling Factor
α

Ref

1-10 nm

4.0 x 105

1.10

This study

7.5 nm

3.6 x 105

1.15

[47]

9.8 nm

7.6 x 105

1.09

[47]
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change significantly as a function of NP concentration, thus it is unlikely that NPs are accumulating
in the lipid bilayer, 3) pendant-drop monolayer tension measurements show that NP adsorption at
an oil-water interface follow the Langmuir adsorption isotherm established in prior BLM
measurements (including remarkably similar experimentally obtained values for the model
parameters KL and α), and 4) an NP-induced, concentration-dependent increase in monolayer
tension would drive an increase in bilayer capacitance (and area, although this would be
unobserved in a typical BLM experiment) like that observed performed previously. What the work
herein does not descibe is the possible means by which these cell-penetrating mixed-monolayer
protected gold nanoparticles translocate through cell membranes. Future work with DIBs will
likely need to explore alternative to CM, for instance simultaneous electrical and optical
measurements, to track NP transport through lipid bilayers. It is possible, also, that the ability of
these NPs to pass quickly through real cell-membranes is largely affected by the lipid and protein
content, or even higher-level features, of real cell membranes. Continuing avances in the ability to
recreate complex and physiologically relevant droplet interface bilayers may prove useful for these
reasons.

4.3 Chapter Summary and Conclusions
The proposed and validated method of measuring capacitance and tensions in a DIB opens the
door to being able to study a wide variety of lipidic and non-lipidic species and their effects on
membranes. Measurements of CM (and thus DC), 𝛾𝑏 , and ∆𝐹 support the conclusion that DPhPC
DIBs formed in silicone oil:hexadecane mixtures are more solvent-free than DIBs formed in pure
hexadecane or decane. Further, the solvent-free bilayers formed in silicone oil:hexadecane
mixtures show an increased sensitivity to the effects of cholesterol on CM, DC, 𝛾𝑏 and ∆𝐹. This
conclusion suggests that, in future works, tuning oil composition to yield solvent-free bilayers
could improve the ability to detect and quantify the effects of biomolecules, nanoparticles,
peptides, or other species accumulating in lipid bilayers.

A key application of this procedure is the ability to characterize changes in bilayer physical
properties driven by the incorporation of species (e.g. cholesterol) that, unlike transmembrane ion
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channels, do not elicit changes in membrane conductance. The initial embodiment of the method
is ready for studies aimed at characterizing, monitoring, or sensing the interactions of a number of
small molecules, peptides, pharmaceutic and therapeutic agents, or other lipophilic species with
droplet interface bilayers.
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CHAPTER 5

HEATING ASSISTED FORMATION OF TOTAL
LIPID EXTRACT DROPLET INTERFACE
BILAYERS

Droplet interface bilayers (DIBs) serve as a convenient platform to study interactions between
synthetic lipid membranes and proteins. However, a majority of DIBs have been assembled using
a single lipid type, diphytanoyl phosphatidylcholine (DPhPC). As a direct response to Objective 3
in Section 1.3.2, the work described in this chapter establishes the use of controlled heating to
enable assembly of DIBs using liposomes comprised of natural total lipid extract derived from
Escherichia coli (eTLE). This chapter also begins to address Objective 4 and Objective 5 through
efforts to study the effects of increasing compositional heterogeneity on DIB resistance, specific
capacitance (thickness), the interactions of membrane proteins, and the effects of changing
temperature on these properties.

5.1 Introduction
Droplet interface bilayers (DIBs)[183] are gaining momentum as a tool for researching lipid
bilayers and membrane-associating proteins from bacterial and eukaryotic organisms.[12, 16, 17,
36, 66, 67, 74, 75, 77] Using this platform, a lipid bilayer is formed between two lipid monolayerencased water droplets submerged in oil. The ability to independently control the contents of each
droplet allows symmetric or asymmetric tailoring of the bilayer composition as well as
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Note: This chapter presents a modified version of the published paper “Heating-Enabled Formation
of Droplet Interface Bilayers Using Escherichia coli Total Lipid Extract " [10].
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independent tuning of the aqueous solutions on either side of the membrane.[12] As illustrated in
Figure 45, studies have utilized DIBs to capture and study membrane-active proteins such as ionchannels, pore-forming peptides,[12, 35] and even toxins.[36, 75] Demonstrating potential for
drug development, DIBs have also been used to monitor the ability of drugs or blocking agents to
modulate transmembrane protein behavior.[67, 97]

The majority of DIBs have been formed using diphytanoyl phosphatidylcholine (DPhPC), a single
lipid type of archeal origin. The reader is referred to Section 1.2.1 for a review of lipid selection
in DIB studies published to date. Yet, it is well known that cell membranes in vivo are comprised
of many types of lipids and other molecules (Appendix, Table 12 for details on natural lipid
composition) and that the structures and functions of transmembrane proteins are influenced by
membrane composition.[185, 186, 266] It is also known that many organisms, such as E. coli
bacteria, actively regulate their lipid compositions in response to environmental conditions like
temperature.[206, 207, 209] Thus, to be certain that relevant model membranes are available for
studying the functions of bacterial and eukaryotic proteins, there is a need for the ability to use
complex, naturally occurring lipid mixtures for forming DIBs.

A truly mimetic bacterial model membrane could be used to study the natural functions of
antimicrobial peptides. For example, it is known that antibiotic resistance in bacteria is partially
enforced through increases in membrane rigidity via alteration of fatty acid content, a response
that modulates membrane permeation by alamethicin peptides.[267] These types of changes could
be studied in vitro by using total lipids extracted from antibiotic resistant bacteria to form DIBs,
which could lead to improved understanding of bacterial resistance and the development of more
effective antibiotics. Furthermore, the ability to create DIBs using natural extracts from bacterial
or eukaryotic organisms could provide a means to study complex transmembrane proteins such as
G protein-coupled receptors (GPCR) and other proteins with 7 or 12 transmembrane spanning
domains.[268, 269] Processes such as receptor-ligand mediated signaling or liposome-mediated
trafficking could also be studied in bilayers that mimic the mechanical properties, charge
distribution, and fluidity of membranes found in living organisms.[270, 271] Until now, however,
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Figure 45. (left) DIBs have been used to create model membranes for studying antimicrobial pore-forming
peptides, ion-channels, and drugs or blocking agents interacting with transmembrane proteins. DIBs could
potentially be used to study other membrane-mediated processes including receptor-ligand associated signaling,
basic vesicle fusion/fission, or higher level trafficking and exo/endocytosis. (right) The majority of DIB research
utilizes DPhPC to create single lipid-type bilayers, as shown. A current challenge lies in mimicking the complex
composition of natural lipid membranes comprised of multiple lipid types. Total lipid extracts such as the eTLE
used herein feature a diverse selection of lipid headgroups and acyl chains, including charged species such as PG
and cardiolipin (di-PG).

there is no clearly defined method for forming droplet interface bilayers with total lipid extract
obtained from cells.

In contrast to reconstituting cellular membrane fragments into a DIB formed with DPhPC,[74] this
work focuses on the assembly and characterization of bilayers from naturally occurring lipid
mixtures without the need for added synthetic lipids. Total lipid extract is preferred over
assembling model membranes using a mixture of synthetic lipids for two reasons: 1) obtaining a
ready-to-use total extract is easier and less subjective than selecting and then carefully mixing
synthetic lipids, and 2) it is desired to mimic the full lipid composition of the membrane, including
“unknown” components that may play crucial roles in membrane-protein interactions. For
example, the “unknown” fraction of brain total lipid extract contains novel membrane lipids and
signaling molecules that are vital in neural membrane communication.[272]

Herein, we report that regulated heating allows formation of DIBs using total lipid extract from
gram-negative Escherichia coli bacteria. Forming bilayers with E. coli total lipid extract (eTLE)
is enabled using a recently designed platform for controlled heating of DIBs, and we examine the
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effects of temperature to determine why heating is required for eTLE DIBs and how temperature
affects the bilayer. The eTLE mixture is expected to result in DIBs constructed with a symmetric
lipid composition that mimics the inner cytoplasmic membrane of E. coli (refer to Appendix, Table
12). The composition of the inner membrane is largely representative of the total phospholipid
composition for total lipids in E. coli[209, 273] as depicted in Figure 45 (adapted from E. coli
composition data in Table 12). Phospholipids in E. coli are distributed between three main classes
in terms of lipid headgroups: neutral phosphatidylethanolamine (PE), negatively charged
phosphatidylglycerol (PG), and cardiolipin (CL), which is a PG dimer carrying a double-negative
charge. Acyl chains in lipids of E. coli consist largely of monounsaturated (UFA), saturated (SFA),
or cyclopropane (CFA) fatty acids. As illustrated in Figure 45, the complexity of a bilayer with
natural lipid composition is significantly greater than that of a DPhPC-only membrane.

As with prior DIB studies, we show that bilayers formed using eTLE are capable of reconstituting
proteins or peptides.[12, 17, 35, 36, 75] Specifically, we use single channel current recordings,
cyclic voltammetry measurements, and circular dichroism to compare the insertion of alamethicin
(Alm), a naturally occurring and well-characterized antibiotic peptide produced by Trichoderma
viride fungus,[274] into eTLE bilayers to that for DPhPC membranes. Single channel recordings
are performed at low peptide concentrations, while cyclic voltammetry (CV) is used to examine
macroscopic voltage- and temperature-dependent effects of Alm-associated permeation at
moderate peptide concentrations in both eTLE and DPhPC DIBs. Circular dichroism (CD) is also
used to monitor temperature-dependent changes in the secondary structures of peptides incubated
at high concentration with eTLE and DPhPC liposomes.

5.2 Feedback Controlled Heating of Droplet Interface
Bilayers
Figure 46A shows an isometric view of the heating platform including the polydimethyl siloxane
(PDMS) regulated attachment (RAM) substrate used for regulating droplet attachment as described
previously (Figure 47 shows a full setup).[17] The RAM substrate (Figure 46A,B) is used in all
DIB experiments except for those in which submerged droplets suspended on agarose-coated
110

Figure 46. A) The experimental platform for temperature-controlled heating of DIBs utilizes a PDMS substrate to
hold oil and droplets, a resistive heating element, and a heat distributing shell assembled as shown. B-C) Top and
front views of two types of PDMS substrates used for DIB formation (B) via the regulated attachment method or
(C) between suspended droplets on movable electrodes. The outer geometry of both substrates is identical, and the
thermocouple (TC) is inserted into the same location within both PDMS substrates (refer to the text for more
details). D) Representative measurements of temperature tracking within the substrate using on-off, PI feedback
temperature control.

electrodes are used for measuring specific bilayer capacitance. Typical droplet sizes for RAM and
suspended droplet tests are 700 nL and 300 nL, respectively. The PDMS substrate is placed within
an aluminum shell that rests on top of a 30 mm x 30 mm resistive polyimide flexible heating
element (Omega, KHLV-101/10). An insulating PDMS wafer is placed beneath the heater to
reduce heat loss in the downward direction. The 4-wall design of the heating shell preserves access
to one side of the substrate for lateral compression during bilayer formation[17], while the shell
itself allows for faster, more even heating of the PDMS substrate. A silver-silver chloride
(Ag/AgCl) electrode made from 120µm diameter silver wire soaked in bleach is inserted through
the substrate into each compartment. A thermocouple inserted into the PDMS substrate measures
temperature near the bilayer region. The 152 mm-long, 2.4 mm-diameter steel-encased
thermocouple probe (Omega P/N JMTSS-020U-6) allows direct insertion and fixation within the
flexible substrate. When placed parallel to the electrodes at a distance < 2 mm from the droplet
compartments, the thermocouple records temperature within 1°C (+1/-0°C) of the temperature of
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Figure 47. Top – Typical setup for feedback controlled heating with the regulated attachment method (Note: the
thermoelectric module shown is not in use here). Bottom - Substrate and setup for temperature controlled testing
of suspended DIBs and specific capacitance measurements. Both setups employ an aluminum heating shell
clamped (two aluminum tension clamps shown, coated in PDMS to prevent heat transfer from the substrate) on
top of flexible Kapton heat pads. PDMS is included as insulation to reduce unwanted heat loss. Slots or holes in
the heating shell provide access points for the thermocouple and electrodes. For specific capacitance
measurements, the electrodes hang from above where they are clamped or fixed with alligator clips or a
micromanipulator arm (not shown).
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the bilayer region (confirmed in separate tests) without directly interfering with the droplets or
bilayer. Temperature is recorded using a custom LabVIEW Virtual Instrument (VI) in
communication with a National Instruments (NI) 4-channel thermocouple input module (NI 9211)
within a NI CompactDAQ (cDAQ-9174). On-off, proportional-integral (PI) feedback temperature
control is implemented within the same VI to enable controlled heating and passive cooling of the
bilayer temperature to within +/-0.3°C of a desired value. Figure 46D shows the bilayer region
temperature and system response to discrete changes (via the VI) in the desired temperature (set
point).

5.3 Results and Discussion
5.3.1 Differential Scanning Calorimetry with E. Coli Total Lipid Extract
Attempts to form DIBs using lipids extracted from E. coli were guided by two facts: 1) membranes
of living organisms display thermotropic phases,[206, 207, 209, 275] and 2) lipid monolayer
assembly at a polar-nonpolar liquid-liquid interface is affected by temperature-dependent phase
transitions of liposomes.[276] DSC is first used to identify transition temperatures in liposomes
made from E. coli total lipid extract, as well as DPhPC and DPPC synthetic phospholipids. DPPC
lipids are included as a reference since they are known to undergo a gel-to-liquid phase transition

Figure 48. Differential scanning calorimetry (DSC) thermograms obtained from heating aqueous unilamellar
liposomes of DPPC, DPhPC, and eTLE between 10-80°C at a rate of 5°C/min. Data is presented as change in
heat (ΔQ). Downward deflections indicate endothermic heat absorption.
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at a temperature of 41-43°C. The resulting thermograms for eTLE, DPhPC, and DPPC are
provided in Figure 48. As expected, the negative change in heat measured by the instrument near
42°C confirms that DPPC liposomes undergo an endothermic melting transition from gel to fluid
phase. DPhPC, a lipid expected to exist in a single gel phase between -120°C and 120°C,[277]
does not exhibit a similar melting transition upon heating from 20-60°C. In contrast, eTLE displays
a broad endothermic transition centered about 44°C. This result suggests that heterogeneous eTLE
bilayers undergo a gel-to-fluid melting transition when heated from 40°C to 50°C. The center of
this endothermic range is in agreement with a reported transition at 41-43°C that was observed in
fluorescence anisotropy and DLS experiments with eTLE.[278]

5.3.2 Enabling Total Lipid Extract Bilayer Formation through Heating Enabled
Monolayer Assembly
The DSC results provide knowledge about the temperature-dependence of eTLE bilayers in an
aqueous environment. However, the goal of this research is to form DIBs using eTLE lipids, which
first requires liposomes present inside the droplets to facilitate the assembly of a well-packed lipid
monolayer at the oil-water interface. Therefore, a series of experiments was performed to test DIB
formation between two droplets containing eTLE liposomes in hexadecane (Appendix, Figure
Figure 77). Similar trials using DPhPC are included for comparison. Both the time allowed for
monolayer formation (tm) at the droplet surfaces and the temperature of the liquid environment
were varied. Droplets are introduced separately into the adjacent compartments of the RAM
substrate at tm = 0, and the volumes are kept apart by compressing the flexible substrate. The time
at which the substrate is opened to allow droplet contact is recorded as tm. Current measurements
are used to monitor bilayer formation upon initiating droplet contact. Highly resistive lipid bilayers
produce a stable, square current waveform, leaky membranes yield an ohmic triangular current
response, and coalesced droplets yield a saturated current in response to the continuously applied
triangular voltage waveform (examples of the current response for each state are provided in Figure
77 in the Appendix).

The general results from this experiment are illustrated in Figure 49. While DPhPC DIBs form
after 3-5 minutes (Figure 77F) of droplet incubation in oil at room temperature, we found that
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Figure 49. Approaches taken to attempt bilayer formation in hexadecane using aqueous droplets containing
2mg/mL DPhPC or eTLE lipids: A) At 25°C, DPhPC droplets resist coalescing when connected after only 3-5
minutes for monolayer assembly. In contrast, eTLE droplets coalesce at room temperature even after an hour for
monolayer assembly. B) With the system (oil, substrate, and droplets) heated to 50°C, droplets containing DPhPC
enable bilayer formation after 3-5 minutes for monolayer assembly, and eTLE droplets allow bilayer formation
after 10 minutes for monolayer assembly. C) eTLE droplets can be introduced at 50°C with 10 minutes for
monolayer assembly before cooling the entire system to room temperature and then connecting the droplets. In
contrast to coalescence as observed in (A), eTLE droplets allow for DIB formation at room temperature via this
treatment, confirming that heating to a temperature above Tm promotes self-assembly of lipid monolayers.

droplets containing eTLE liposomes do not form a DIB at room temperature. Instead, eTLE-doped
droplets coalesce upon contact, even in tests allowing up to 1 hour of incubation time for
monolayer formation (Figure 49A, Figure 77C). This result indicates that a well-packed lipid
monolayer does not assemble at the droplet surfaces at room temperature with eTLE liposomes.
The oil temperature was then gradually increased to determine if monolayer assembly and DIB
formation could instead occur at an elevated temperature. The current recordings (Figure 77C)
demonstrate that not until the temperature reached 50°C did we observe two droplets containing
E. coli liposomes form a stable interface bilayer as indicated by a square current response.
Additional trials at this temperature were performed to determine that an incubation time of 10
minutes at 50°C allows for consistent DIB formation with eTLE (Figure 49B, Figure 77E). We
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Figure 50. A) DPPC DIB formed at 51°C after 10 minutes of incubation (at 51°C). DPPC is dissolved in the
aqueous phase as sonicated small unilamellar liposomes with hexadecane as the oil phase. These droplets are in a
shallow heated oil reservoir, without any electrodes, positioned over an inverted microscope (4x, droplet diameters
~ 1mm). B-D) Current measured during formation and size adjustment of a DPPC DIB (tested in the RAM
substrate, not shown) performed at 51°C.

confirmed that droplet diameter remains unchanged over the course of an hour at 50°C to rule out
the possibility of evaporation induced monolayer assembly and packing.

A final series of DIB formation tests was performed at room temperature (25°C) after a 10-minute
incubation period at 50°C (illustrated in Figure 49C) to determine if heating is required for both
monolayer assembly and bilayer formation. Like those that were incubated and connected at 50°C,
we found that eTLE DIBs readily form after cooling to room temperature following incubation at
50°C. These results suggest that: 1) heating above Tm enables improved monolayer assembly at
the oil-water interface from fluid-phase liposomes, which more readily assemble to reduce surface
tension;[276] and 2) that DIBs can be formed with lipids in the gel phase, so long as the opposing
lipid monolayers are well-packed.

To test this idea, we attempted DIB formation with two types of saturated synthetic lipids, DMPC
(Tm = 25°C) and DPPC (Tm = 41-43°C), which display transition temperatures above room
temperature. To our knowledge, these lipid types have not been incorporated as liposomes into
droplets to form DIBs. Instead, previous attempts to form DMPC or DPPC bilayers between water
droplets incorporated lipids into the organic phase,[87, 90, 101, 102] where the phase behavior of
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inverse lipid micelles in oil may not correlate to that for bilayers in an aqueous environment. In
numerous trials at room temperature, DMPC or DPPC liposome-infused droplets coalesce (100%
failure rate) when brought into contact. Coalescence is encountered even in tests allowing 30
minutes or more for monolayer formation, much like droplets containing eTLE at room
temperature described above. A long-lasting lipid bilayer can be assembled by heating DMPC
droplets to 35-45°C and DPPC droplets to 50-60°C (Figure 50) for 10 minutes before bringing
droplets together. However, unlike eTLE DIBs, we observe these single component membranes to
rupture when cooled through Tm - a result that has been reported by others. [89, 279]

The combined result from DIB formation and DSC measurements is that monolayer assembly and
thus bilayer formation improves drastically when the mixed lipids are heated above their effective
Tm. This finding is in close agreement with Lee and Needham’s study of homogenous monolayer
assembly using saturated phosphatidylcholine lipids supplied to the interface as liposomes, which
showed that maximum monolayer surface pressure is reached only when the system temperature
is above Tm. [276] What our results add is that the phase behavior of the liposomes is an important
factor in DIB formation for lipids with transition temperatures above room temperature and that
in situ heating control can be used to enable monolayer formation for lipids with high transition
temperatures.

5.3.3 E. coli TLE DIBs as Model Bacterial Membranes
The entire lipid content of Escherichia coli is found in its cell envelope, consisting mainly of
phospholipids. [273, 280] E. coli and other gram negative bacteria contain two membranes, an
outer and an inner membrane, [280] while gram positive bacteria are encapsulated by a single outer
membrane. [281] The process of extracting total lipids from bacteria results in a mixture that
includes lipids from the inner leaflet of outer membrane (OM) and both leaflets of the inner
cytoplasmic membrane (CM). With eTLE dissolved in water, frozen and thawed, and extruded
through 100 nm polycarbonate membranes, it expected that the resulting vesicles consist of
homogeneously mixed lipids. In our tests, the same lipids are present in each droplets and thus
each leaflet is expected to be identical resulting in bilayer with symmetric lipid composition.
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The outer leaflet of the OM of natural bacteria is rich in lipopolysaccharides (LPS), [282, 283]
giving rise to an asymmetry in natural E. coli that is not expected to be recreated with eTLE DIBs
described in this study. The majority of phospholipids of the OM is contained in its inner
leaflet[282, 283] which is extracted as part of the process of lipid extraction. White shows that the
three major headgroups of the OM and CM include PE, PG, and CL[284] which is consistent with
overall total lipid extract headgroup composition as described by Avanti and elsewhere.[152]

eTLE DIBs most closely represent the CM of E. coli. The CM is the source of the majority of the
lipids in TLE, and the CM composition is considered to be relatively simple compared to that of
the OM.[281] Considering each leaflet of the CM, there are only minor differences in terms of
lipid composition.[284] It seems reasonable then to assume that a symmetric bilayer constructed
from homogenously distributed total lipids extracted from E. coli closely mimics natural bacterial
CM.

5.3.4 E. Coli Total Lipid Extract Membrane Specific Capacitance as a Function
of Temperature
Measurements of capacitance per unit area are used to confirm that the interface between noncoalescing droplets containing eTLE is a bilayer. Specific capacitance of DPhPC bilayers
assembled from liposomes in the droplets is also measured. CM is determined for bilayers
assembled from each lipid type at 25, 37, and 50°C, and the results from these measurements are
provided in Figure 51A. At 25°C, we find CM to be 0.74±0.022 μF/cm2 for DPhPC DIBs, a value
that is in close agreement with previously reported values of 0.65±0.2 μF/cm2 [239] and
0.64±0.025 μF/cm2 [80] for DIBs formed using DPhPC in hexadecane. The measured CM value of
0.66±0.021 μF/cm2 for eTLE DIBs at 25°C shows that the capacitance per unit membrane area of
these interfaces is close to that for DPhPC DIBs. [50] Measurements at 37 and 50°C yield similar
values of CM for both membranes. Yet, while DPhPC exhibits a consistent decrease in specific
capacitance with rising temperature, eTLE membranes exhibit a peak specific capacitance of c.a.
0.68 μF/cm2 at 37°C, before falling back to c.a. 0.62 μF/cm2 at 50°C. Given that synthetic lipid
bilayers are known to exhibit specific capacitances between 0.5-1.0 μF/cm2, [86] these data
118

Figure 51. (A) Specific capacitance (CM) and (B) hydrophobic region thickness (dHC) of eTLE and DPhPC bilayers
formed at 25, 37, and 50°C. Bars represent the average values for each case with lines showing ± one standard
deviation. Actual values, including standard deviation and number of trials for each case, are included in Table
10.

provide strong evidence that the interface formed between non-coalescing eTLE-doped droplets is
that of a thinned, lipid bilayer, [77] regardless of the temperature at which the membrane forms.

The specific capacitance of a bilayer is related to the thickness of the hydrophobic bilayer interior
(dHC) as given by CM = ε∙ε0/ dHC, where ε and ε0 are the dielectric coefficient of the hydrophobic
region and the permittivity of free space, respectively. Hydrophobic thicknesses for eTLE and
DPhPC bilayers (Figure 51B) formed across the range of 25-50°C are estimated using the
measured values of CM and a value of 2.2 for the dielectric coefficient. [256, 285] These data reveal
that the hydrophobic thickness of a DPhPC bilayer is approximately 26 Å at 25°C, whereas an
eTLE membrane at the same temperature has a hydrophobic thickness closer to 30 Å. This
comparison suggests that eTLE membranes are nearly 12% thicker than DPhPC bilayers at 25°C,
despite the fact that both membranes contain large fractions of 16-carbon acyl chains (Table 12)
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and are expected to have a similar dielectric constant.

Estimates of thickness at elevated

temperatures show that the thickness of the membrane is sensitive to temperature. DPhPC
membranes steadily thicken, from 26.4 Å to 27.5Å, as the droplets are heated from 25°C to 50°C,
while eTLE exhibit thicknesses ranging from 28.4-31.0Å.

The temperature dependence of membrane capacitance and thickness for a synthetic lipid bilayer
depends greatly on the presence and amount of trapped hydrocarbon solvent in the membrane. In
cases where a membrane is completely solvent-free, experiments and theory confirm that the
thickness of a solvent-free membrane increases upon cooling.[286, 287] At temperatures above
the gel-liquid phase transition for the membrane, the membrane is relatively thinner due to a
reduced length and higher area per lipid in the bilayer. The lipids elongate and the area per lipid
reduces as it cools from the more-disordered liquid state to the more-packed gel state. These types
of thickness changes relative to the Tm have been observed via AFM [286] or SANS/x-ray
scattering data [287, 288] on solvent-free bilayers, where one would expect a lower CM in the gel
phase as a result. However, the dependence of membrane capacitance and thickness on temperature
has been shown to be opposite for synthetic lipid bilayers in which equilibrium between the thinned
bilayer region and the surrounding annulus results in oil trapped in the membrane. In the solventcontaining case, increasing the temperature results in changes to the lipid phase that are consistent
with those for a solvent-free membrane, but also changes in the net amount of oil in the bilayer
(the entropic penalty for excluding oil decreases with higher temperature leading to more solvent
in the membrane). [8] As a result, a shortening of the lipid lengths as the membrane is heated from
the gel-to-liquid phase is counteracted by an increase in the amount of oil trapped in the bilayer.
White showed that the net effect is a thickening of the bilayer, as shown by a decrease in specific
capacitance, with increasing temperature. [8]

Our results on eTLE bilayers using hexadecane, which is known to remain in DPhPC bilayers,[50]
show a temperature-dependence for membrane capacitance that agrees in both magnitude and
direction with White’s results[8] on suspended planar bilayers in the presence of alkane solvents.
The fact that we do not observe an increase in CM upon heating eTLE through the phase transition
indicates that the membrane is not completely solvent-free. Conversely, the subtle decrease in CM
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upon heating denotes a slight increase in the oil fraction in the bilayer. While DPhPC bilayers have
been shown to contain c.a. 10% hexadecane by volume,[50] it is unknown from our data alone
how much the thickness of an eTLE membrane corresponds to solvent. Follow up measurements
on solvent-free eTLE membranes achieved with a different oil are required to estimate the
hydrophobic thickness of the mixed-lipid membrane. Interestingly, the higher value of CM
measured at 37°C, which aligns well with the phase transition region for eTLE bilayers (Figure
48), may indicate that oil is excluded to a greater degree near the phase transition. However, this
result is not conclusive with few measurements of CM at widely spaced values of temperature.

5.3.5 Effects of Temperature on E. Coli Total Lipid Extract Membrane
Resistance and Rupture Potential
A high electrical resistance (>1GΩ) is important in synthetic lipid bilayers because it shows that
the membrane creates an effective seal between the two aqueous phases, which minimizes
unwanted diffusion of species and reduces leakage current in single channel measurements of
transmembrane proteins.[36, 74] Measuring the voltage-induced rupture potential provides an idea
of the practical range of voltages that can be applied to study membranes and membraneassociating proteins.[36, 74] Rupture potential tests also provide information regarding membrane
sensitivity to electroporation and lipid ion-channel formation.[289] Thus in addition to specific
capacitance measurements described above, experiments are performed to characterize the
electrical resistance and rupture potential of both eTLE and DPhPC membranes at two bilayer
formation temperatures: room temperature (25°C) and 50°C.

In these tests, eTLE DIBs are formed at either 25°C or 50°C between droplets incubated for 10
minutes in oil at 50°C, while DPhPC DIBs are formed at either temperature after 3-5 minutes for
monolayer formation. Membrane resistance and rupture potential are extracted from current
measurements obtained using the DC step voltage routines described in Chapter 2. Figure 52
provides a summary of measured resistance, specific resistance, and rupture potential measured
for eTLE and DPhPC DIBs formed at both temperatures. At 25°C, eTLE and DPhPC DIBs exhibit
statistically similar nominal (Figure 52A) and specific resistances (Figure 52B) on the order of
100GΩ and 70MΩ·cm2, respectively. These levels of resistance are consistent with values reported
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Figure 52. (A) Nominal bilayer resistance, (B) membrane resistance (resistance x area), and (C) rupture potential
obtained for the various combinations of lipid type and temperature tested herein. Bars represent the average values
for each case, with lines showing +/- one standard deviation. Actual values, including standard deviation and the
number of trials for each case, are included in Table 10. For (B), resistance is taken from (A), while area is
computed based on a bilayer capacitance of 250 pF established in all tests and an appropriate value of C M as
determined above (Figure 5) for each lipid/temperature combination. *t m = 10 minutes. **tm = 30 minutes.

for other DIBs[36, 74] tested at room temperature. The data also reveal that both eTLE and DPhPC
bilayers formed at 50°C exhibit lower values of resistance; specific resistance for both drops from
approximately 70MΩ·cm2 to <20MΩ·cm2. Independent-sample t-tests confirm that for each lipid
type bilayer resistance is significantly lower (i.e. p<0.05) at 50°C versus 25°C. This result suggests
that bilayer conductivity, and thus permeability to ions, increases with temperature with bilayers
of DPhPC and eTLE as well. Nonetheless, both membrane compositions exhibit nominal
resistances greater than 20GΩ across the temperature range tested (25-50°C) and neither exhibit
leakage currents in response to an applied voltage. Similar to resistance, the data in Figure 52C
show that eTLE and DPhPC exhibit similar values of rupture potential, and that rupture tends to
occur at a lower voltage for DIBs assembled and tested at 50°C. More specifically, rupture
potentials are found to be greater than 150mV for all lipid and temperature combinations, even
though there is no significant difference in rupture potential as a function of temperature (p>0.05)
for either lipid type.

Given reports of droplet coalescence during heating of DIBs,[62, 89, 90] we are also motivated to
determine if the bilayer can withstand a dynamic change in temperature and understand how this
change in condition affects bilayer resistance and rupture potential. Thus, a group of tests is
conducted to examine the effects of dynamically cooling an eTLE DIB formed at 50°C as
illustrated in Figure 53A. (Raw capacitance and temperature data acquired during heating and
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Figure 53. A) Approach for forming an eTLE DIB at 50°C before cooling it to room temperature. B) Similarly,
the approach to assemble a DPhPC DIB at room temperature followed by heating to 50°C. Refer to the text for
descriptions of test results and electrical properties of heated/cooled DIBs.

cooling tests is provided in Figure 54). To do so, the system temperature set point is changed to
25°C after a DIB formation to allow the bilayer and adjoining droplets to passively cool from 50°C
to <28°C in about 15 minutes, at a maximum cooling rate of 3-4°C per minute (Figure 54F). We
found that eTLE bilayers were able withstand the decrease in temperature without rupturing in 11
of 11 separate cooling trials. Nominal resistance, specific resistance, and rupture potential
measured for the “cooled” eTLE DIBs after cooling to room temperature are provided in Figure
52.

Conversely, we examine the effects of increasing temperature on DPhPC bilayers formed at room
temperature by controllably heating them to 50°C (Figure 53B, Figure 54G). Similar to eTLE
DIBs, heated DPhPC bilayers remain intact (in 9 of 9 trials) during the temperature change, even
with heating rates greater than 10°C per minute (Figure 54J). The active heating provided by the
temperature controller is responsible for the increased rate of temperature change with heating
compared to cooling, achieving the prescribed increase from room temperature to 50°C in just a
few minutes. Values for the electrical properties of “heated” DPhPC DIBs formed at room
temperature and warmed to 50°C are shown in Figure 52 (see Table 10 also). Like those formed
and tested at 50°C, DPhPC membranes heated to 50°C after assembly at 25°C exhibit statistically
lower values of resistance than is measured for DPhPC membranes formed and tested at room
temperature.
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Figure 54. Cooling and heating formed DIBs. A) A pair of eTLE liposome infused droplets are connected at 50°C
after 10 minutes of incubation time under oil, the size is adjusted to attain 100 pA SW via compression of the
RAM substrate, and then the temperature set point is changed to 25°C to enact a cooling step. B) I-V curves
obtained via DC step routines for multiple bilayers formed and cooled to 25°C. C) The square wave current as a
function of time during the cooling step which shows increasing amplitude. The increasing amplitude corresponds
to increasing capacitance, either via increased bilayer area or decreased bilayer thickness. D) Capacitance,
calculated from the current, and temperature as a function of time while cooling. E) Capacitance as a function of
temperature during the cooling step. F) Rate of temperature change during the cooling step, obtained as the
derivative of the temperature signal with respect to time. G-H) Similar to (A-F) above except now for a pair of
DPhPC liposome infused droplets connected at room temperature and heated to 50°C. I) The square wave current
amplitude, and thus capacitance, decrease as a function of time while heating. J) Capacitance and temperature as
a function of time while heating. K) Capacitance as a function of temperature. L) The rate of temperature change
during the heating cycle, now increased compared to (E) above due to the active heating capability provided by
the temperature controlled DIB platform. G) I-V curves for DPhPC bilayers formed and heated to 50°C.
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Table 10. Summary of electrical properties measured with eTLE and DPhPC DIBs.
DPhPC

E. coli TLE

R
(GΩ)

RM
(MΩ∙cm2)

Vrupture
(mV)

CM
(μF/cm2)

d (Å)

R
(GΩ)

RM
(MΩ∙cm2)

Vrupture
(mV)

CM
(μF/cm2)

d (Å)

208.7
σ=61.20
n=7

70.51

255.0
σ=36.20
n=7

0.74
σ=0.022
n=6

26.4

178.4
σ=82.60
n=12

67.88

228.2
σ=60.80
n=12

0.657
σ=0.021
n=6

29.64

50°C
(10 minutes)

38.1
σ=21.30
n=12

13.45

205.8
σ=70.50
n=12

0.708
σ=0.021
n=7

27.48

41.8
σ=16.40
n=10

16.67

158.2
σ=73.90
n=10

0.627
σ=0.025
n=6

28.47

50°C
(30 minutes)

n/a

n/a

n/a

n/a

n/a

35.2
σ=10.70
n=8

14.04

151.1
σ=26.85
n=9

n/a

n/a

Cooled
(50°CRT)

n/a

n/a

n/a

n/a

n/a

133.1
σ=24.70
n=11

50.65

200.0
σ=52.30
n=6

n/a

n/a

Heated
(RT50°C)

59.8
σ=37.90
n=9

21.12

205.0
σ=43.40
n=4

n/a

n/a

n/a

n/a

n/a

n/a

n/a

n/a

n/a

n/a

0.720
σ=0.007
n=4

27.05

n/a

n/a

n/a

0.684
σ=0.030
n=6

31.07

Temperature
Group
Room
(RT)

37°C

Temp

These findings prove that DIBs formed from DPhPC or eTLE can withstand temperature changes
without rupturing. Yanagisawa, et al[90] reported that DIBs made from saturated dimyristoyl or
dipalmitoyl phosphocholine (DMPC or DPPC) lipids (incorporated as inverse micelles into the
organic phase) rupture during heating from 20-50°C. Dixit, et al (DPhPC liposome solution)[62]
and Villar, et al (a 3:1 DSPC:DPhPC mixture in oil)[89] also separately observed droplet
coalescence and bilayer rupture while heating intradroplet bilayers, the latter at a heating rate of
only 1°C/minute. We report here that DIBs made from both eTLE and DPhPC phospholipids
incorporated as liposomes within the droplets remain intact while heating between 20-50°C at rates
as high as 10-11°C/minute. The key difference here is that DIBs are formed from either a complex
mixture of lipids (eTLE) or lipids that do not undergo a phase transition (DPhPC). Singlecomponent membranes are known to exhibit increased permeability and inherent stability near the
phase transition due to having a sharp maximum in heat capacity at the transition.[289] As a result,
bilayers formed from single lipids and binary mixtures are inherently weak and rupture easily upon
cooling through Tm. The cited reports showing rupture near Tm with DMPC, DPPC, and
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DSPC:DPhPC bilayers are good examples of this outcome. In contrast, membranes consisting of
many lipid types exhibit broader transitions with lower susceptibility to rupture. The fact that
eTLE survives heating and cooling through its Tm is attributed to its diverse lipid profile that
preserves fluidity and a low permeability through the transition. On the other hand, our DPhPC
DIBs are believed to survive for the reason that they do not pass through a transition in the
temperature range tested. While this finding contrasts a prior study showing DPhPC failure, [62]
we note that the authors of that work induced localized heating via an infrared laser and
temperature and heating rate were not measured or controlled.

5.3.6 Lipid Composition Affects Membrane-Protein Interactions
Having a reliable method to construct lipid bilayers from E. coli total lipid extract enables the
study of interactions between transmembrane proteins and bilayers possessing natural and
heterogeneous lipid composition. A series of experiments are performed to determine how the
insertion of alamethicin (Alm), a well-characterized antimicrobial peptide, differs between eTLE
and DPhPC DIBs. First, it is necessary to ensure that no channel-like activity exists in eTLE DIBs
formed in the absence of Alm. This control is especially important considering that almost 20% of
the mixture is “unknown” (Avanti). In control tests without Alm, we observe no channel-like
currents across a wide range of applied voltages and bilayer lifetimes. Even large eTLE bilayers
exhibit no transient current with voltage clamped for several minutes at 150 mV (Appendix Figure
78). Control tests with DPhPC also result in quiet baselines at voltages below the rupture potential.
In contrast, the addition of Alm to the cis droplet (+ electrode) of either DPhPC or eTLE DIBs
introduces significant voltage-dependent changes in membrane conductance, giving rise to either
microscopic single-channel or macroscopic aggregate-channel currents depending on Alm
concentration.

Figure 55A and Figure 55B show representative alamethicin activity measured at room
temperature (25°C) in both DPhPC and eTLE DIBs with 500 nM Alm in the cis droplet. In bilayers
of either lipid type, the current (conductance) signal stochastically fluctuates between discrete
levels signifying single channel pore formation, as previously established.[290, 291] Yet, voltagedependent gating events occur at much lower voltages for eTLE bilayers. For example, Figure 55A
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shows gating with DPhPC held near 160 mV. In this test, voltages <160 mV induce little to no
activity, while voltages >160 mV lead to higher currents via the insertion of additional channels.
In contrast, measurements of alamethicin gating in eTLE DIBs at 25°C show single-channel
activity near 85 mV (Figure 55B), roughly half of the potential required to promote gating with
DPhPC under the same conditions. In separate tests of eTLE DIBs with 5 μM Alm incorporated
into the droplet, single-channel events are observed at voltages between 30-40mV. This trend
agrees with prior reports[291] of the concentration-dependence of Alm, where increasing peptide
concentration reduces the voltage required to attain insertion. The first five unit conductance levels
(including the sub-conductance level at 15-20pS) for Alm with each lipid type at 25°C are
determined from histograms of many single channel events and summarized in Figure 55C. The
ratios of alamethicin conductance levels relative to the sub-conductance level in DPhPC bilayers
are found to be 1, 4.3, 12.2, and 21.6, and 32.8, and for eTLE, we obtain ratios of 1, 5.1, 14.6, 25.3,
and 33.0. These values for both lipid types compare well with previously reported values,[292]
and there appear to be no significant differences in the conductance states between lipid types or
for different measurement temperatures, which is consistent with prior findings regarding the
effects of membrane composition on Alm conductance levels.[292]

Figure 55. Single channel alamethicin (Alm) gating with: A) DPhPC and B) eTLE DIBs incorporating Alm in the
cis (+ electrode) droplet. Concentrations tested include 500 nM and 5 μM, and tests are performed at 25 and 50°C
which is below and above, respectively, Tm for the eTLE lipid mixture. The applied voltage is indicated with each
trace. C) Single-channel conductance levels for DPhPC and eTLE bilayers at 25°C, computed from multiple gating
events (all data not shown) at different Alm concentrations.
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Figure 56. Test of dynamic changes in single channel currents while heating an eTLE DIB from 28 to 50°C. A)
Temperature throughout the heating cycle. B) Current measured throughout the heating cycle. Applied voltage is
fixed at +65mV with an initial bilayer size of ~250 pF (the large black bar in (B) is actually the square wave
current response, ~ 100 pA amplitude). The blue (I) and red (II) arrows correspond to the insets shown in (C) and
(D), respectively. (B) shows the gradual decrease in the frequency and magnitude of Alm associated current bursts
while heating through Tm of the eTLE mixture. C) Single channel activity at room temperature before heating. D)
After heating, activity has ceased while at the same applied voltage. The bilayer is confirmed to have remained
intact throughout the heating cycle.

The lower panels of Figure 55A-B show the results of single channel recordings in DPhPC and
eTLE DIBs at 50°C. Discrete stepwise changes in current at the same conductance levels are again
observed with DPhPC DIBs at the same voltage shown for room temperature (158 mV). However
these transitions occur at a noticeably higher frequency, a result that is in agreement with previous
reports of temperature-induced changes in the rates of channel closing.[290] In the case of eTLE
at 50°C with 500nM Alm, very quick bursts in current are observed when the voltage is increased
to 125mV. Current through the same bilayer shows no channel activity at an applied voltage of 85
mV (i.e the voltage used to elicit channel activity at 25°C). The lifetime of a given burst at 125
mV is significantly shorter than gating events in eTLE at room temperature or even in DPhPC at
50°C. As voltage is increased above 125mV, the bursts become more frequent. The dynamic
change in channel gating during heating is displayed in full in Figure 56. The nature of the heated128

state activity is similar for a higher peptide concentration of 5 μM with eTLE DIBs held at 50°C.
Like at 25°C, we again observe a reduction in both the voltage required to elicit Alm-associated
currents (65 mV as opposed to 125mV with 500 nM Alm) as well as the lifetime of Alm associated
gating events.

The voltage-dependent insertion of alamethicin is confirmed and characterized further versus lipid
type and temperature using CV measurements. For a lipid bilayer in the presence of Alm,
macroscopic conductance (and thus current) is known to increase exponentially as a function of
voltage above a critical voltage threshold (V*). Figure 57A shows representative current-voltage
sweeps for eTLE and DIB DIBs containing 1µM Alm in the aqueous lipid solution at 25, 37 and
50°C. For both membrane compositions and at all temperatures, the data show the expected
exponential current response (confirmed via plotting in Figure 58), a result that further validates
Alm insertion in bilayers of both lipid types. V* is determined as the voltage at which conductance
exceeds a threshold conductance, G*thresh, of 8µS/cm2 (see Section 2.3.1 for V* calculation details).
At each temperature tested, V* is higher for alamethicin in DPhPC membranes than in eTLE
membranes. For example, 1µM Alm exhibits voltage thresholds of 58mV and 122mV at 25°C and
50°C, respectively, in eTLE, while the same concentration of peptide requires voltages of 130mV
and 145mV, respectively, to reach the conductance threshold in DPhPC. Combining these data
with the single channel observations, we conclude that Alm inserts into eTLE bilayers at lower
voltages than DPhPC bilayers within the range tested of 25-50°C. The CV data also show clearly
that V* increases with increasing temperature in both membranes. This trend is reflected by the
rightward shifts in the representative exponential current traces as shown in Figure 57A, and also
in the calculated values of V* and ∆V* (change in V* relative to RT for each lipid) summarized in
Figure 57B,C. Plotting the voltage threshold versus temperature for the two membranes (Figure
57B) reveals that V* for alamethicin insertion in eTLE bilayers is more sensitive to temperature
increases compared to insertion in DPhPC bilayers. This result is in direct agreement with the
single-channel gating that was shown to occur at significantly lower voltages in eTLE membranes
at 25°C versus 50°C.
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Figure 57. (A) Specific current (I*, normalized by membrane area) from one of 10 repeated scans during CV
testing at varying temperatures with either DPhPC or eTLE DIBs. The trace shown is an average of I* recorded
during the increasing and decreasing portions of a single scan, resulting in a single I* signal associated with the
linear voltage ramp from 0-150 mV. In these tests, the cis (+) droplet contains 1µM alamethicin (Alm). For each
lipid case shown, a bilayer is formed at 50°C, tested via CV, cooled to 37°C, tested via CV again, and then finally
cooled to 28°C before a third and final round of CV scans. The dashed line represents the conductance threshold
(G*thresh) used to determine voltage threshold (V*): the voltage at which I* exceeds G* thresh. B) V* as a function
of temperature from part (A). Error bars show ± one standard deviation (σ). (C) Summary of cyclic voltammetry
(CV) testing, including V* and relative change in voltage threshold (ΔV*) versus temperature. The value in
parenthesis is σ. D) Current-voltage sweeps for an eTLE DIB above Tm with 0.75, 1, 2, and 5µM Alm. E) Plot of
the logarithmic relationship between V* and alamethicin concentration, Ca, used to compute the conductance
parameters Va and C0 shown in (F).
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Figure 58. Data from Figure 57A, converted from current into conductance before plotting ln(G*) against the
voltage. Note, only current from the exponentially increasing region (V>V*) is utilized for fitting. Dashed lines
show the fit for each lipid and temperature case.

The effects of temperature and lipid type on peptide insertion are examined quantitatively by
computing other macroscopic Alm conductance parameters. V* follows an experimental relation
to the aqueous alamethicin concentration (Ca) as follows: [56, 291, 293]
V* = -Valn(Ca/C0)

Equation 30

Here, Va describes the shift in V* (and thus the current-voltage curve) that results from an e-fold
increase in Ca. Physically, Va provides a measure of the sensitivity of membrane conductance to
Alm concentration and is known to change with lipid type and temperature. [293] C0 is a constant,
representing the concentration at which Alm inserts spontaneously into the bilayer without an
applied voltage. Figure 57D shows the current-voltage curves of eTLE bilayers tested at 50°C with
alamethicin concentrations ranging from 0.75-5 µM, and it is clear that the curves shift towards
lower voltage (left) as peptide concentration increases. Figure 57E is a plot of ln(Ca) versus V*
obtained from data in Figure 57D (eTLE at 50°C) as well as eTLE and DPhPC at 25°C. Similar
measurements on the effect of Alm concentration in DPhPC are not performed at 50°C, although
little change is expected due to the reduced sensitivity of V* to temperature. Rearranging Equation
30 yields:
ln(Ca)= -(1/Va)V*+ln(C0)
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Equation 31

Via the relation described by Equation 31, the slope and intercept of a linear fit of the series in
Figure 57E provide access to Va and C0 for each lipid and temperature (Figure 57F). At 25°C, Va
is 32 mV for DPhPC and 27 mV for eTLE. Upon heating eTLE through Tm to 50°C, Va increases
significantly to almost 60 mV, indicating that heating results in a considerable change to the
membrane environment that reduces its susceptibility to Alm insertion at a given concentration.
The near doubling of Va from 25°C to 50°C provides additional support that the gel-fluid phase
transition in eTLE bilayers is the cause for reduced alamethicin activity in the heated state. Further,
higher values of C0 for DPhPC versus eTLE and for eTLE at 50°C versus 25°C indicate that a
higher concentration of Alm is required to promote insertion without applied voltage in DPhPC
bilayers and heated eTLE bilayers. These results allow us to conclude that Alm inserts into eTLE
membranes below its Tm at lower voltages and concentrations compared to both DPhPC bilayers
at the same temperature and fluid-phase eTLE DIBs (above Tm).

CD experiments at 28, 37, and 50°C also provide structural evidence that alamethicin insertion
into lipid bilayers decreases with increasing temperature. The spectra obtained for Alm bound to
eTLE and DPhPC liposomes are converted to molar ellipticity and shown in Figure 59A-B,
respectively. Figure 59C shows the molar ellipticity at 224nm, a wavelength associated with alphahelical conformation,[56] as a function of lipid type and temperature. For both lipid types, the

Figure 59. Molar ellipticity of alamethicin incubated with DPhpC (A) and eTLE (B) liposomes at a peptide:lipid
ratio of 1:46. Samples are tested initially at 25°C. The light dashed line shows molar ellipticity of pure Alm in
aqueous buffer solution at 25°C. Temperature is increased to 37°C and 50°C after 10 minutes of equilibration
before each measurement. Total lipid and Alm concentrations are 500 µg/mL and 50 µg/mL, respectively. C)
Molar ellipticity at 224 nm for both DPhPC and eTLE as a function of temperature.
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magnitude of ellipticity decreases with increasing temperature, which suggests decreasing alpha
helical content upon heating. The alpha helical content is believed to correlate to the amount of
inserted, transmembrane spanning alamethicin.[56]

Thus, it appears here that the amount of

inserted Alm is inversely related to the temperature. This result holds for both eTLE and DPhPC
bilayers, is consistent with previous research into effects of temperature on secondary
structure,[294] and is also in line with finding that V* increases with temperature for DIBs of both
lipid types.

5.3.7 Discussion of Alamethicin Insertion into eTLE Membranes
There are several possible reasons as to why eTLE DIBs exposed to Alm exhibit lower voltage
thresholds compared to DPhPC. Without the bulky isoprenoid methyl groups present in
DPhPC,[295] an eTLE bilayer may exhibit higher fluidity and present a lower barrier to entry for
Alm insertion. Phase separation and the presence of subdomains within an eTLE[296, 297] may
laterally concentrate regions of Alm, thereby increasing the probability of channel formation in
concentrated regions. Additionally, alamethicin may itself induce local melting in the membrane
that leads to peptide-rich fluid regions even below the effective Tm for the membrane.[279] While
the specifics of this mechanism are unclear from our data alone, the measurements provide strong
evidence that eTLE membranes allow for Alm channel formation to occur at lower voltage and
lower concentration compared to DPhPC bilayers.

Aside from differences in composition, the increases in voltage threshold (CD) and decreases in
alpha-helical content (CV) suggest that the likelihood of Alm insertion decreases upon heating.
The trend is consistent for both DPhPC and eTLE, however alamethicin insertion in eTLE exhibits
a greater sensitivity to increases in temperature, as indicated by the larger change in voltage
threshold (Figure 57A-C) and the more drastic changes to single channel currents (Figure 55B).
These data suggest that the gel-to-liquid phase transition of eTLE versus heating of DPhPC within
the liquid phase is the cause for the difference in temperature sensitivity for alamethicin peptide
insertion between the two membranes. The results obtained from CD testing show less of a
difference, however these tests were performed at much higher alamethicin concentrations
required to induce spontaneous insertion without voltage. At such a high concentration needed for
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CD measurements, the additional peptide may have also reduced the membrane phase transition
below room temperature. An increase in alamethicin activity below Tm in a mixed-lipid membrane
is supported by a prior study by Boheim, et al[279] that showed increased conductance (at a fixed
voltage) upon cooling into the gel state of a binary phospholipid mixture. The authors of that work
hypothesized that peptide does not prefer to insert into a gel-phase membrane, rather that cooling
below the phase transition creates phase-separate subdomains in the bilayer that effectively
increase the concentration of alamethicin in the fluid portions of the bilayer.[279] Our results with
heterogeneous eTLE DIBs show a similar trend, and we too believe that the phase transition may
drive an increase in local concentration of peptides in the membrane, which agrees with the trend
for single channel lifetimes (Figure 55A-B) and voltage threshold versus alamethicin concentration
(Figure 57C).

It is important, too, to put the observed temperature sensitivity of Alm insertion in context to the
fact that heating solvent-containing DIBs results in an increased amount of oil in the membrane.
The comparable magnitudes of solvent-associated changes in CM and dHC (Figure 51) suggest
eTLE and DPhPC bilayers undergo similar increases in thickness upon heating. Thus it seems
unlikely that thickness or temperature-dependent solubility of oil in the membranes are solely
responsible for the changes in V*, which were shown to be significantly larger for eTLE
membranes. To help eliminate oil as the cause of the significant changes to V* with eTLE as a
function of temperature, we performed separate CV measurements on eTLE DIBs in squalene
instead of hexadecane (Figure 60). This substitution was made since it is known that largermolecule oils are known to yield more solvent-free bilayers.[226] In the presence of squalene, V*
for an Alm concentration of 2 µM shifts from 86.2 mV at 25°C to 49.0 mV at 50°C after heating
the bilayer from the gel phase to the fluid phase. Thus, while oil in the membrane may affect the
thickness of the bilayer, and can depress the transition temperature (believed to be less than
10°C),[298] we conclude that the effective phase change of the eTLE membrane is the dominant
cause for the changes in alamethicin insertion upon heating.
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Figure 60. Representative current-voltage sweep from CV tests of an eTLE DIB incorporating 2 μM Alm in one
droplet in tests using squalene as the oil phase. Each curve corresponds to a different temperature (28°C, 50°C).
V* decreases from 86.2 mV to 49.0 mV upon cooling through Tm, even in these essentially solvent-free DIBs
obtained through oil selection (squalene as opposed to hexadecane). Dashed line represents the conductance
threshold, 8 μS/cm2, used for V* calculation throughout the work.

5.4 Chapter Summary and Conclusions
DIB formation using total lipid extract from gram negative E. coli is enabled by heating droplets
containing eTLE liposomes to 50°C to promote monolayer formation at the oil-water interface.
Through parallel measurements, we found that this temperature corresponds to the upper limit of
a gel-to-liquid phase transition for the mixed liposomes. Nonetheless, bacterial model membranes
comprised of eTLE lipids can be formed at cooler temperatures too, so long as heating is used to
first promote adequate monolayer formation. These findings suggest that the formation of DIBs
using liposomes with gel-to-liquid transition temperatures above room temperature can be
performed in either the gel or liquid phase by using heat to first aid in monolayer assembly.
Electrical measurements of specific capacitance confirm that like DPhPC, the interface between
droplets containing eLTE liposomes is that of a lipid bilayer. Hydrophobic thicknesses for both
are comparable (~26-31Å), although the bacterial variant exhibits slightly thicker interfaces than
its DPhPC counterpart. Electrical measurements reveal that eTLE DIBs are comparable to those
formed using DPhPC at both room temperature and 50°C in terms of resistance, specific resistance,
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and rupture potential. Plus, DIBs comprised of either DPhPC or eTLE exhibit low leakage currents
under applied voltage, making them suitable for electrical measurements of single or few ion
channels as well as higher peptide concentrations. With the capability to vary temperature, we
demonstrated that the electrical resistance and rupture potential of DPhPC and eTLE DIBs both
decrease with increasing temperature. However, mixed-lipid compositions of eTLE enable
reversible cycling through Tm without leakage or rupture, unlike single and binary lipid
compositions that often coalesce during the transition. Specific capacitance of membranes from
either lipid type decreases with increasing temperature, indicating a slight increase in thickness,
which is attributed to a temperature-dependent increase in hexadecane solubility in the bilayer.

In the second part of the work, the ability to construct DIBs from E. coli total lipid extract enabled
study of alamethicin interactions with bilayers possessing natural and heterogeneous lipid
composition. The ability to control temperature allowed investigation of the role of gel-fluid phase
transitions in peptide-membrane interactions. Alm inserts at lower concentrations and voltages in
eTLE, likely the result of increased membrane fluidity compared to ordered structure of gel-phase
DPhPC membranes. We also determined that the phase change exhibited by eTLE is a dominant
cause for the greater temperature sensitivity of eTLE bilayers to alamethicin insertion. Our results
show that upon cooling through Tm, the voltage required to induce channel formation drops by
more than a factor of 2 (compared to a ~10% decrease in voltage threshold for DPhPC). An
increase in alamethicin activity in the effective gel-phase for eTLE bilayers is thought to occur due
to localized phase separation that concentrates alamethicin within the remaining fluid regions of
the bilayer, leading to lower voltage threshold and longer single channel lifetimes. The
temperature-dependent transition and resulting phase separation is a result of the complexity and
heterogeneity of the natural total lipid extract. The output of this work advances DIB technology
by providing methods to fabricate better biomimetic model membranes that could be used to study
other antimicrobial peptides and many other membrane mediated processes. Given that eukaryotic
TLEs are commercially available (i.e. yeast, heart, brain, and liver), the lessons learned here may
also enable rapid advances in assembling natural, biologically relevant model membranes to
benefit human medical technology.
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CHAPTER 6

DETECTING WEAK-ENTHALPY PHASE
TRANSITIONS IN BRAIN TOTAL LIPID
EXTRACT DROPLET INTERFACE BILAYERS

Chapter 5 established knowledge of the requirements for consistently forming DIBs using
liposomes comprised of complex, physiologically relevant mixtures of lipids derived from E. coli.
This chapter seeks to continue to build on the newly established methods by exploring the
formation of DIBs using eukaryotic mixtures of total lipids extracted form porcine brain. This
chapter addresses Objective 4 through efforts to study the effects of increasing compositional
heterogeneity on DIB resistance, specific capacitance (thickness), surface tension, and the
interactions of membrane-active peptides. In direct response to Objective 5, this chapter describes
extensive analysis of the thermotropic behavior of DIBs and the effects of changing temperature
on bilayer electrical and physical properties and the behavior of membrane-active peptides. This
chapter includes comparative measurements on three major classes of membranes: 1) lipid bilayers
comprised of a single lipid type that are known to undergo no phase transition, and 2) lipid bilayers
comprised of a single lipid or lipid mixture that are known to undergo a phase transition (in the
temperature range tested), and 3) lipid bilayers formed from brain total lipid extract (bTLE) whose
thermotropic properties are not well understood.

6.1 Introduction
Chapter 5 describes efforts to enable DIB formation using total lipid extract from E. coli (eTLE).
Previous attempts conducted at room temperature failed when neighboring droplets coalesced soon
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after being brought into contact with each other, an indication that eTLE monolayer self-assembly
did not achieve sufficient steady-state packing levels for DIB formation. However, by heating the
oil and the submerged aqueous droplet above the lipid mixture’s transition temperature (Tm) –
thereby promoting adequate monolayer assembly at the oil-water interface – stable DIBs could be
formed from the complex lipid mixture. Importantly, total lipid extracts preserve the heterogeneity
found in cell membranes, including the different types of naturally occurring hydrocarbon chains
and headgroups. For example, eTLE contains charged phosphatidylglycerol (PG) and uncharged
phosphatidylethanolamine (PE) headgroups [299], as well as a diverse assortment of acyl chain
types (e.g., 12:0, 14:0, 16:0, 16:1, 18:1, 17:0-cyclopropanic, and partially methylated 14:0) [158].
The lipid extract is also rich in cardiolipin [299], a unique lipid possessing a net double negative
charge and four acyl chains comprised of one or more types of acyl chains [300]. Compared to
DPhPC, eTLE better represents the chemical complexity of the inner cytoplasmic membranes of
gram negative bacteria. eTLE DIBs are therefore a promising new model system for studies of
antimicrobial resistance, mechanisms of antibiotic action, and prokaryotic membrane functions.

The successful formation of eTLE DIBs represents an important step forward toward droplet-based
bilayers with a physiologically relevant lipid heterogeneity [10]. It is now important to ask: can
DIBs be constructed from other complex lipid mixtures, such as those found in eukaryotic
organisms? Comparing the bacterial and mammalian lipidomes, several significant differences are
apparent. Bacterial membranes are rich in PE and the charged lipids PG and cardiolipin (typically
with unsaturated, low-melting chains), and they contain no sterol, although many bacteria produce
hopanoids that are believed to play a similar role [155]. In contrast, mammalian membranes
contain a diverse mixture of saturated and unsaturated species, and as much as 50 mol% cholesterol
[153]. Schiller et al. used MALDI-TOF mass spectrometry and HPLC to identify 36 different lipid
species in porcine brain total lipid extract (bTLE), including nine distinct types of headgroups
[301]. NMR data indicated that ~ 46 mol% of the mixture consisted of phospholipids (PL), with
the remaining ~ 50 mol% comprised of cholesterol, cerebrosides, gangliosides, and other nonphospholipid species [301]. Sphingomyelin and cholesterol are known to play an important role in
lipid raft formation [168, 176, 302, 303], the targeting of toxic pore-forming membrane peptides
[304], and nervous system endocytosis and intracellular processing within cells [305, 306].
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A droplet-based model membrane system incorporating bTLE would therefore be an attractive
platform for the systematic study of mammalian neural membranes, including neurological
conditions and their underlying membrane-associated phenomena, such as: 1) the interactions
between membranes, amyloid-beta and tau proteins that play key roles in diseases such as
Alzheimer’s, Huntington’s, Parkinson’s, and Down Syndrome [307-309]; 2) studies of myelinated
cell membranes and the mechanisms responsible for their degradation in neuropathy, diabetes, or
general aging [309]; 3) the behavior of the blood brain barrier [310]; and 4) the properties of raftlike domains. A DIB approach for assembling multiple synthetic bTLE membranes using an array
of droplets [84] could also support the development and high-throughput screening of drugs
targeting the central nervous system.

This chapter provides a report of the ability to form bTLE DIBs with heating-assisted monolayer
formation at temperatures ≥ 50°C. Heating is found essential for adequate monolayer packing and
stable DIB formation when using bTLE, in contrast to DPhPC and DOPC. Once formed, bTLE
DIBs survive cooling and heating, which allows us to investigate their temperature-dependent
electrical and physical properties. Nominal resistance (R) and specific membrane resistance (RM)
provide a measure of the membrane’s integrity and permeability to ions, while specific capacitance
(CM) measurements [10, 49, 50] allow calculation of bTLE membrane thickness. CM of solventcontaining bTLE DIBs reveals an abrupt change in bilayer thickness at 42°C, reminiscent of a
phase transition. A similar transition is observed in DIBs formed from three component lipid
mixtures known to separate into coexisting fluid phases, but not in single component DIBs
prepared from either dioleoylphosphocholine (DOPC) or DPhPC. Differential scanning
calorimetry (DSC) is used to examine the thermotropic behavior of bTLE multilamellar vesicles
(MLVs). No thermotropic events are observed in the range of 10-70°C, suggesting that the
transition observed at 42°C with electrical measurements is of low enthalpy and cooperativity.

Via a similar approach to that used in the study of eTLE DIBs (see chapter 5 and [10]), the
antimicrobial pore-forming peptide alamethicin (Alm) is used as a tool to further compare the
properties of simple and complex lipid bilayers. Microscopic (single-channel) and macroscopic
(cyclic voltammetry, CV) electrical measurements are used to quantify Alm insertion into bTLE
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DIBs. Specifically, the known empirical relation between Alm concentration and the voltage
threshold for insertion (V*) is used to extract thermodynamic parameters for Alm-bTLE membrane
interactions between 20°C and 60°C. Tracking V* while cooling DIBs is used to investigate effects
of the bTLE thermotropic phase transition on peptide insertion; we discuss the possibility of lateral
reorganization of the Alm peptide in response to temperature-induced changes in membrane
structure. Fluorescence microscopy of bTLE giant unilamellar vesicles (GUVs) and FRET
measurements with bTLE large unilamellar vesicles (LUVs) are utilized to inspect further for the
presence of lateral organization at both the micro- (> 1 μm) and nanoscale (i.e., length scales <10
nm).

6.2 Experimental Methods
6.2.1 Single Channel and CV Measurements with Alm
Single channel measurements of Alm insertion into DPhPC and bTLE DIBs include symmetric
DIBs: both droplets contain 2 mg/mL total lipid and 100 nM Alm peptide. Applied dc voltage is
varied manually via the patch clamp amplifier in voltage clamp mode. CV scans are performed
with symmetric Alm concentrations of 0.25, 0.5, or 1 μM (L/P ratios of 8000/1, 4000/1, or 2000/1
respectively). Details of the CV method and analysis are described in detail in Chapter 1 and
elsewhere [10]. For measurements of V* while cooling bTLE DIBs, a single bipolar CV sweep
was initiated manually at timed intervals during the cooling cycle which results in one V*temperature pair per sweep (temperature taken as the temperature at the start of the sweep). V*
values shown (Figure 74) are the average V* from multiple DIBs where the V* value for each DIB
is the average of V* values determined from n ≥ 4 consecutive CV sweeps.

6.2.2 Fluorescence Microscopy with GUVs
GUVs were prepared using the electroformation method [311], modified as follows. Lipid
mixtures (300 nmoles total) were prepared in 200 μL chloroform, deposited onto indium tin oxide
(ITO)-coated glass slides (Delta Technologies, Loveland, CO) preheated to 50°C, and uniformly
spread across one end of the slide. Residual chloroform was then removed by placing slides under
vacuum for 2 h. An electroformation chamber was formed by separating two slides with an O-ring
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filled with 30 mM sucrose. The assembled chamber was stabilized in a custom built aluminum
block that was heated to 55°C in a dry block heater. Lipid films were swelled at 55°C in a 10 Hz,
1 volt (peak-to-peak) ac field for 2 h, then cooled to room temperature over 3 h. The ac waveform
was generated from a waveform generator. Samples were harvested into microcentrifuge tubes
using large orifice pipet tips and imaged using a 100x lens on a confocal fluorescent microscope).

6.2.3 FRET Spectroscopy Measurements
Mixtures of lipids in chloroform were prepared in glass culture tubes using a glass syringe and
repeating dispenser (Hamilton USA, Reno, NV). Fluorescent probe/lipid mole ratios used are
1:200 (DHE), 1:1500 (BoDIPY-PC), and 1:3000 (FastDiI). Samples contain final total lipid mass
of 1 mg which is transferred to 1 mL of buffer via reverse solvent exchange (RSE) [312] which
yields MLVs. FRET measurements are conducted with 100 μL of MLV stock diluted with 1.9 mL
of buffer in a sample cuvette. Fluorescence data were collected between 20-60°C using a F7000
Spectroflourimeter (Hitachi high Technologies). Additional details regarding the fluorescence data
collection and analysis are described elsewhere [167].

6.2.4 GCMS Sample Preparation and Analysis
GCMS experiments were performed using lipid mixtures subjected to a protocol for conversion to
fatty acid methyl esters (FAMEs) via acid catalyzed methanolysis as described elsewhere. [313]
GC analysis was performed on an Agilent 5890A gas chromatograph (Santa Clara, CA) with a
5975C mass-sensitive detector operating in electron-impact mode. Helum was used as the carrier
with a flow rate of 1 mL/min. The column used was an HP-5MS capillary column (30 m × 0.25
mm, 0.25 μm film thickness). The inlet temperature was 300 °C. 1 μL aliquots of FAME samples
in hexane were injected, using splitless mode, via an Agilent 7693A automatic sampler.
Assignment and integration of total ion chromatogram peaks was performed using GC/MSD
ChemStation Enhanced Data Analysis software (Agilent Technologies, Santa Clara, CA)
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6.3 Results and Discussion
6.3.1 DSC and DIB Formation with bTLE
Differential scanning calorimetry (DSC) is used to investigate the thermotropic behavior of
liposomes made from either bTLE, DPPC, DPhPC, or DOPC. Figure 61 shows resulting
thermograms from DSC scans of MLVs formed with bTLE (Figure 61A-B), DPhPC (Figure 61CD), DOPC (Figure 61E-F), and DPPC (Figure 61G-H). The curves obtained with DPhPC and
DOPC are featureless, without any signs of a first-order phase transition, as expected. On the other
hand, the scans collected with DPPC MLVs display a sharp peak at 41-42°C that corresponds to
the first-order, highly cooperative gel-fluid transition [142, 314]. The thermograms for bTLE show
no signs of a reversible first-order phase transition such as that seen with DPPC. Prior studies were
similarly unable to detect lipid phase transitions via DSC with total lipid extracts from mammalian
membranes (erythrocytes and myelin) [6]. In these studies, however, removal of the cholesterol
produced a measurable peak in the thermograms [6]. This result suggests that cholesterol reduces
the enthalpy of the transition to a point that it is difficult to observe and study the transition using
calorimetry. GCMS analysis of the bTLE used herein confirms the presence of a large fraction of
cholesterol (~50 mol%), and the remaining fatty acid distribution is found to slightly favor

Figure 61. Differential scanning calorimetry (DSC) thermograms obtained during 3 heating and cooling cycles of
multi-lamellar vesicles (MLVs) formed from A-B) bTLE, C-D) DPhPC, E-F) DOPC, or G-H) DPPC. Raw scans
are shown. The bottom row shows top row data but with different y-axis limits. Legends: The DSC protocol for
all trials involves heating and cooling at scan rates of 1°C/min (1,2), 0.25°C/min (3,4), and 0.1°C/min (5,6).
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Figure 62. Illustrated outcomes from testing the ability to form DIBs using aqueous droplets infused with 100nm
unilamellar liposomes made of either (A) DPhPC or (B-C) bTLE. A) DPhPC infused droplets adhere
spontaneously when connected after 3-5 minutes for monolayer formation at 25°C. B) Switching from DPhPC to
bTLE, droplets at room temperature coalesce when connected after up to an hour for monolayer formation. C) If
bTLE infused droplets are placed in oil heated to ≥ 50°C, droplets can be connected after 3-5 minutes for
monolayer formation to achieve spontaneous droplet adhesion and bilayer formation.

unsaturated fatty acids (UFA=53.3 mol%; SFA=46.7 mol%). High cholesterol content is known
to reduce enthalpy and cooperativity of the main transition, and thus strongly attenuates any
calorimetrically detectable phase-transitions [6, 142, 277, 314]. However, it is still possible that
cholesterol-rich bTLE exhibits a higher order (i.e., not a first-order gel-fluid transition),
temperature-dependent lipid phase transition similar to that encountered with other mammalian
total lipid extracts [6].

DSC results suggest that bTLE does not undergo the same gel-fluid transition observed in
homogenous DPPC liposomes, however, bTLE DIBs can only be formed after 3-5 minutes for
monolayer assembly when the oil (tested in dodecane, hexadecane, and heptadecane) temperature
is ≥ 50°C (Figure 62). Further, bTLE DIBs can be formed at 25°C as long as the droplets are heated
above 50°C for several minutes before cooling to 25°C. Thus while DSC results show no
detectable thermotropic transition for bTLE MLVs, the ability to form bTLE DIBS through
controlled heating suggests that bTLE undergoes a phase transition between 25-50°C, and heating
yields fluid-phase liposomes required to form tightly packed monolayers at the fluid interface
[276]. One clear difference between DSC and DIB experiments is the presence of nonpolar alkane
solvents used to assist DIB formation. However, Keller et al. have shown that planar bilayers
formed in the presence of solvent display the same phase-behavior as their solvent-free aqueous
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liposome analogs [171], thus it is unlikely that solvent is introducing or causing the suspected
thermotropic behavior with bTLE lipids self-assembling at the oil-water interface.

6.3.2 Effects of Temperature on bTLE DIBs
bTLE DIBs are formed only if the droplets are first incubated in heated oil (50-60°C, Figure 62C).
However, once formed they can be reversibly cooled and heated between 25°C and 60°C. This
enhanced stability enables us to investigate the effects of temperature on the bTLE’s electrical and
physical membrane properties. Specifically, nominal membrane resistance (R), capacitance (C),
and membrane area (AM) are measured, then specific resistance (RM) and specific capacitance (CM)
are computed, for numerous bTLE DIBs at high (60°C) and room temperatures (25°C). RM is
calculated as the product of R and AM at each measurement temperature for each bilayer, and CM
is measured for each bilayer as described previously [10, 49]. Table 11 shows the average values,
standard deviation, and number of samples for R, RM, and CM at each temperature with bTLE DIBs
formed in hexadecane. Unlike the nominal R, which does not take into account membrane area,
RM is significantly lower in the heated state (p < 0.05). This finding is consistent with prior reports
of temperature effects on both single-component DIBs and heterogeneous eTLE DIBs [10]. In all
cases, the decreased resistance of heated bTLE DIBs is indicative of higher membrane
permeability to ions.

Table 11. Summary of electrical and physical properties of bTLE DIBs formed at 60°C and after cooling to 25°C
(hexadecane solvent).

Temp.
Group

R
(GΩ)

RM
(MΩ*cm2)

CM
(μF/cm2)

dhc
(Å)

60°C

32.3 (4.39)
n=4

9.8 (3.26)
n=4

0.405 (0.017)
n=3

48.2 (2.12)
n=3

25°C

38.1 (2.89)
n=3

24.1 (3.47)
n=3

0.684 (0.019)
n=3

28.5 (0.83)
n=3
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Table 11 also shows that CM increases upon cooling from 60°C to 25°C. Modeling the bilayer as
a parallel plate capacitor, CM is inversely proportional to the membrane hydrophobic region
thickness (dHC) via CM = εrε0/dHC, where εr and εr are the relative permittivity for the dielectric
region and the permittivity of vacuum, respectively. It is common to assume a permittivity of εr =
2.2 for hydrocarbon rich regions such as the middle of a lipid bilayer [256, 285]. We also do not
expect significant variations in the value of the hydrocarbon permittivity over the temperature
range studied. Thus, the observed increase in CM upon cooling is instead expected to be the result
of a decrease in bilayer thickness, which is in contrast to what is expected when cooling solventfree bilayers or vesicles [288]. For example, bTLE DIBs formed at 60°C show dHC = 48.2 Å, but
the membrane hydrocarbon region thickness decreases by 40.8% to 28.5 Å after cooling to 25°C.
We recently reported that dHC of DPhPC DIBs formed in hexadecane decreases by 4.0% upon
cooling, from 27.5 Å at 50°C to 26.4 Å at 25°C [10]. (For a lipid like DPhPC that does not undergo
a thermotropic transition, we would expect cooling to decrease the area per lipid and increase the
overall solvent-free bilayer thickness due to conservation of volume: in alkane-free DPhPC
vesicles, the hydrocarbon thickness increases 4.5% from 26.6 Å at 60°C to 27.8 Å at 20°C as
determined via X-ray scattering [288].)

The difference between solvent-containing DIBs and solvent-free model membranes (e.g.
liposomes) can be explained in terms of the increased temperature and increased solvent solubility
in the hydrophobic region of the bilayer. In the absence of solvent, heating induces an increase in
the flexibility of acyl chains (i.e. increased number of gauche configurations [315]) which is
accompanied by membrane thinning [316]. In general, this trend is opposite to our observations of
heating induced thickening. Thickening of the bilayer might be expected if there is an increase in
the amount of oil that aligns parallel to, and thus packs and orders, the lipid acyl chains.
Considering this possibility of solvent-induced ordering and extension of the lipids, it is possible
to estimate the maximum expected thickness increase that would stem from full extension of all
of the lipids. Geometrically, removal of a 30° tilt (with respect to the bilayer normal) with 16-18C
acyl chains would increase the bilayer hydrophobic region thickness by 5-6 Å (from 30 Å to 34.6
Å for 16C; 37.5 Å to 43.3 Å for 18C). The fact that dHC increases by almost 20 Å (Table 11) when
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heating bTLE DIBs from 25°C to 60°C is an indication that a significant portion (~75%) of the
heating induced thickening is associated with solvent accumulation in the midplane of the bilayer.

6.3.3 Detecting bTLE Phase Transitions via Electrical Measurements of
Membrane Capacitance
During the course of cooling, we observe changes in nominal membrane capacitance of bTLE
DIBs reminiscent of a temperature-dependent transition. Figure 63A shows the temperature profile
and nominal membrane capacitance recorded simultaneously while cooling a bTLE DIB
(hexadecane solvent) from 60°C to 25°C. Plotting the nominal capacitance versus temperature
(Figure 63B) shows that nominal capacitance exhibits a sharp, non-monotonic transition at ~42°C.
This response is observed (±2-3°C) in different bTLE DIB samples, while temperature cycling the
same bTLE DIB, using different cooling rates (2°C/min or 0.25°C/min) , and in bTLE DIBs
formed from different lots or “batches” of the culture-based total lipid extract (multiple bTLE lots
were obtained from the supplier, Avanti Polar Lipids, Inc.) Taken together, our results strongly
suggest that bTLE DIBs undergo a reversible thermotropic transition near 42°C.

Figure 63. Nominal membrane capacitance changes with temperature for DIBs formed using bTLE (A-B), DPPC
(C-D), DPhPC (E-F), and DOPC (G-H). Top: Temperature (blue) and capacitance (green) recorded as a function
of time while cooling. Bottom: Capacitance as a function of temperature using the data shown in the top row. The
bold arrow indicates the starting point at 60°C or 55°C. The dashed lines in (B) and (D) mark the apparent transition
in the capacitance-temperature curves, and the corresponding temperature is shown.
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Figure 64. (A-B) Capacitance and temperature versus time (A) and capacitance versus temperature (B) while
cooling a DIB formed from ternary DSPC/POPC/cholesterol liposomes. (C-D) Similar capacitance and
temperature versus time (C) and capacitance versus temperature (D) while cooling a DIB formed from
DSPC/DOPC/cholesterol liposomes. The black dashed lines in (B) and (D) show results of DSC scans with MLVs
of each composition

To test the notion that a phase transition is the cause of the bTLE capacitance-temperature
transition observed in Figure 63A-B, identical cooling experiments are performed with DPPC,
DPhPC, and DOPC DIBs formed in hexadecane at 50°C. Figure 63C shows capacitance and
temperature measured as a function of time for a DPPC DIB cooling experiment. Figure 63D
shows the corresponding C-T curve. The DPPC bilayer ruptures and droplets coalesce at 41-42°C,
the same transition temperature reported for DPPC solvent-free bilayers [317]. It is noted that the
rupture event is almost immediately preceded by a non-linear change in the capacitancetemperature curve. This inflection occurs at ~42.5°C and likely corresponds to the onset of the
lipid phase transition.

If the capacitance-temperature transitions observed while cooling bTLE DIBs are in fact due to
phase transitions, we should not expect to see such capacitance-temperature transitions in DIBs
formed from lipids that do not undergo a phase change when cooled from 60°C to 25°C. Figure
63E-F and Figure 63G-H show the resulting capacitance, temperature, and C-T curves for DPhPC
and DOPC, respectively. For these, we see that capacitance changes only monotonically as a
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function of temperature across the same range of temperatures. Moreover, the fact that measured
capacitance inflections occur near 42°C with both bTLE and DPPC DIBs is not merely a
coincidence; ongoing experiments with DIBs formed from ternary mixtures of synthetic lipids
(DSPC/POPC/cholesterol and DSPC/DOPC/cholesterol) that undergo transitions (confirmed via
DSC) and yield phase separation at Tm ~40-50°C [173] show a similar capacitance change at their
respective transition temperatures (see representative capacitance-temperature curves in Figure
64).

The combined results from Figure 63 and Figure 64 strongly support the conclusions that: 1)
thermotropic phase transitions are observed in solvent-containing DIBs upon cooling through Tm;
2) DIB phase transitions are detected using membrane capacitance measurements; and 3) bTLE
DIBs undergo a phase transition around 39-42°C. As observed in heterogeneous eTLE bilayers
[10], bTLE DIBs remain intact during multiple cooling and heating cycles, while singlecomponent saturated lipid DIBs rupture when cooled through their main phase transition
temperature [10, 90]. While the mechanisms governing the temperature dependent rupture or
coalescence of DIBs fall outside the scope of this work, the ability of bTLE bilayers to withstand
rupture may be linked to the lack of a measurable first-order transition (when studied with DSC),
indicative of a weakly enthalpic and low cooperativity transition [6] (Figure 61). In comparison,
DSC scans of DPPC bilayers exhibit a sharp and significant increase in heat capacity near the
transition temperature (Figure 62G-H). Upon heating, bilayers that undergo a first order phase
transition are believed to experience increased fluctuations and excess specific heat [289]. These
fluctuations and excess are accompanied by an increased probability of pore-formation [289]
which may explain the rupture of DPPC, DSPC/POPC/chol, and DSPC/DOPC/chol DIBs on
cooling through their respective thermotropic transitions.

6.3.4 Specific Capacitance Measurement of the bTLE Phase Transition
Given that bTLE DIB capacitance undergoes a transition upon cooling, we are motivated to
determine if the changes in capacitance stem from changes to AM, CM, or both. If there is no change
to the bilayer CM (and thus dHC), any change in C must be a result of an increase in AM. Figure 65A
and Figure 65B show nominal C and AM values measured as a function of temperature while
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cooling a bTLE DIB from 55°C to 25°C. The C-T curve in Figure 65A shows that nominal
capacitance increases with initial cooling to ~42°C, at which point there is a sudden transition and
C begins to decrease. The area-temperature (AM-T) curve in Figure 65B shows that bilayer area
remains relatively unaltered through the transition, with changes taking place only as capacitance
starts to rebound (≤ 30°C). Normalization of the C-T and AM-T curves allows for a direct
comparison of the change in capacitance and area. Figure 65C shows the normalized change in
capacitance (C/C0) and area (AM/AM0) with the initial heated state values of each used as a
normalization factor. In this representation, we clearly see that the relative change in area does not
account for the relative change in capacitance, implying that CM and dHC change nonlinearly as a
function of decreasing temperature.

The data in Figure 65A and Figure 65B can be used to calculate CM in a discrete fashion, i.e. by
dividing each C value by the corresponding AM value. However, a more-accurate approach
involves mechanically varying area and capacitance as described in Chapter 0 and elsewhere [10,
49, 50]. This has the advantage of reducing error via multiple C versus AM data pairs for each CM
measurement. To measure CM as a function of temperature, a DIB is formed at 60°C and CM is
measured by dynamically varying bilayer capacitance and area as described elsewhere [10, 49].
The DIB is then cooled and equilibrated at 50°C before measuring CM again. The process is then

Figure 65. A) Capacitance-temperature curve obtained while cooling a bTLE DIB formed at 55°C in hexadecane.
Capacitance increases as temperature decreases from 60°C to 40°C. Below 40°C, capacitance decreases sharply.
B) Bilayer area-temperature curve for the same bTLE DIB. Area does not increase between 60°C and 40°C. C)
Normalized capacitance and bilayer area: C0 = capacitance at 60°C, AM0 = area at 60°C. Between 60°C and 40°C,
increasing capacitance is not accounted for by increasing bilayer area. This result implies that membrane specific
capacitance is changing. Bold arrows indicate starting points.
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Figure 66. A) CM measured as a function of temperature for bTLE DIBs formed in a hexadecane or a dodecane oil
phase, and DPhPC DIBs formed with hexadecane as the oil phase. All DIBs are initially formed at 60°C, and CM is
measured by varying DIB area after cooling (rate ≤ 2°C/min) and equilibrating (> 5 min) the DIB at each
temperature. Dashed lines show linear least squares fits to the linear region of CM below the transition temperature
around 40°C. B) The bilayer hydrophobic region thickness, dHC, is calculated from the CM data shown in (A), with
an assumed relative permittivity εr = 2.2. C) Data from (A) after removing the monotonic changes not attributed to
lipid phase change. D) Bilayer hydrophobic thickness change during the phase transition at 40°C, calculated from
the adjusted CM data shown in (C).

repeated to obtain measurements of CM at temperatures as low as 25°C. The CM values of bTLE
DIBs measured at each temperature are shown in Figure 66A, and the calculated hydrophobic
region thicknesses as a function of temperature are shown in Figure 66B. Solvent-dependent
effects on bTLE DIB thickness versus temperature are explored by measuring CM for bTLE DIBs
formed separately in pure hexadecane and pure dodecane. These results are compared to results
from DPhPC-hexadecane DIBs obtained previously [10].

Hexadecane formed bTLE DIB CM values are higher than those formed in decane, for all
temperatures studied. At 30°C, bTLE bilayers formed in hexadecane have a hydrophobic thickness
of 28.6 Å. Decreasing alkane chain length by four carbons, from C16 hexadecane to C12 dodecane,
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results in a 38.5 % increase in bilayer thickness (39.6 Å). This increase indicates the increased
solubility of the shorter dodecane alkane chain in the bilayer’s hydrophobic region, consistent with
previous reports of alkanes in planar lipid bilayers [242]. Increasing the amount of dodecane
associated with the lipid acyl chains is expected to disorder and thin the membrane [242], however
thickness actually increases (by 11 Å) upon switching from C16 to C12 alkane solvent. The 11 Å
increase in dHC is too large to be accounted for by solvent induced extension of the lipid acyl
chains, thus it is concluded that dodecane accumulates in the midplane of the bilayer. Despite the
differences in the amount of oil accumulated at the mid-plane of the bilayer, dodecane and
hexadecane trials both result in monotonically increasing dHC upon heating bTLE DIBs from 25°C
to ~40°C, and from ~45°C to 60°C. As reasoned earlier (Table 11 data), the increase in dHC upon
heating from 25°C to 60°C is too large (15-20 Å) to be accounted for solely by the straightening
of the lipid acyl chains. This observation holds true when either pure dodecane or pure hexadecane
is used as the solvent, and this result confirms that heating generally induces the accumulation of
both alkanes in the hydrophobic interior of bTLE DIBs. In the case of single component DPhPC
DIBs formed in hexadecane, the 1.1 Å increase in dHC upon heating from 25-50°C (26.4 Å to 27.5
Å) is well within the window expected for possible solvent-driven straightening of the acyl chains.
Thus, there is not enough evidence to conclude that C16 hexadecane solvent accumulates in the
hydrophobic region of the DPhPC bilayer upon heating. According to McIntosh et al., alkanes
begin to collect in the bilayer when their length is four carbons less than the lipid acyl chain length
(nsolvent ≤ nacyl-4) [242]. Thus the different responses to temperature between bTLE and DPhPC
DIBs (using 12-carbon and 16-carbon alkanes) may stem from the longer acyl chains present in
bTLE DIBS (GCMS of bTLE fatty acids: 30% is 18-carbon, 10% is ≥ 20-carbon) compared to the
16-carbon acyl chains making up DPhPC DIBs.

With bTLE DIBs formed in hexadecane and dodecane, CM (Figure 66A) and dHC (Figure 66B)
undergo almost step-wise changes around 40°C that deviate from the monotonic trends observed
when heating. Specifically, CM increases suddenly (thus dHC decreases) as temperature increases
from ~40-42°C. Heating-induced thinning of the hydrophobic region at the transition would be
expected for a thermotropic phase transition from an ordered to a disordered state in a solvent-free
membrane. Through the CM-T transitions, each curve includes a component that continues to
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change monotonically with temperature due primarily to increasing solvent solubility in the
bilayer’s hydrophobic region, as discussed above. To disentangle the change in CM and dHC
contributing to the sharp transition from the monotonically changing component due to increased
solvent solubility, a least squares linear regression fit is applied to portions of each CM curve below
the transition temperature (<38°C). The resulting fits, shown as dashed lines in Figure 66A, are
used to subtract this linearly changing component of the CM-temperature curve. Adjusted CMtemperature curves are shown in Figure 66C, with corresponding dHC values shown in Figure 66D.
In this format, we observe hydrophobic thickness of a bTLE lipid bilayer formed in hexadecane
decreases from 26.4 Å at 38°C to 24.1 Å at 45°C due to the transition. With dodecane solvent, the
phase transition results in a 5.1 Å decrease in bilayer thickness, from 39.5 Å at 37C to 34.4 Å at
45C. It is noted that the magnitude of the non-monotonic thickness decrease around 45°C is larger
in the case of dodecane compared to hexadecane. Interestingly, increasing the alkane chain length
decreased the magnitude of the observed thickness change. This finding introduces the possibility
that the amount of solvent in the bilayer plays a role in the ability to detect the thermotropic
transition via CM-T measurements with DIBs.

6.3.5 Electrowetting Experiments to Measure the Effects of Temperature on
bTLE DIB Surface Tension
In order to further investigate the mechanism behind the temperature dependent transitions in
bTLE DIB capacitance and CM, an electrowetting experiment was performed to measure the DIB
monolayer and bilayer tensions as a function of temperature. The multi-part electrowetting
experiment was performed as described in Chapter 3, however in this trial, the temperature of the
DIB was varied throughout the test. The bTLE DIBs was first formed at 60°C (hexadecane as the
oil phase) before measuring CM (by mechanically varying DIB capacitance and area, see Chapter
3) and running a dc voltage step routine and measuring the steady-state contact angle at each
voltage. After completing the full multi-part CM and electrowetting measurement at 60°C, the DIB
temperature was decreased at a constant rate of 1°C/min to 50°C before repeating the full multipart experiment. This process was repeated to obtain measurements of monolayer and bilayer
tension at 60, 50, 45, 43, 41, 39, 35, and 30°C. The resulting measured values for monolayer
tension and bilayer tension at each temperature are shown in Figure 67A.
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Figure 67. A) Monolayer tension and bilayer tension of a bTLE DIB formed in hexadecane as a function of
temperature. Tensions at each temperature were measured using the multi-part electrowetting-based method
introduced in Chapter 3 while cooling a bTLE DIB initially formed at 60°C. B) Measured contact angle while
continuously cooling a bTLE DIB formed in hexadecane from 60°C towards ambient temperature.

As with capacitance and CM (but not area), bTLE DIB monolayer and bilayer tensions are observed
to undergo a transition between 40-45°C. In the initial heated state, values of 0.81 mN/m and 1.52
mN/m are obtained for monolayer ad bilayer tensions, respectively. Tension increases only
marginally upon cooling until the temperature reaches 45°C at which point both monolayer and
bilayer tension increase. Monolayer and bilayer tensions remain elevated, around 0.65 mN/m and
1.25 mN/m respectively, as temperature continues to decrease from 45 to 41°C. As temperature
falls to 39°C, the monolayer and bilayer tensions reduce sharply to the values observed at 50 and
60°C. With further cooling, both tensions increase by about 0.3-0.6 mN/m.

The Young-Dupre equation (provided in Chapter 1 and Chapter 3) provides a relationship between
bilayer tension, monolayer tension, and the contact angle, thus analysis of the change in contact
angle as a function of temperature should reveal transitions that result from significant changes in
the ratio of 𝛾𝑏 /2𝛾𝑚 . Figure 67B shows the contact angle measured while cooling a bTLE DIB
formed in hexadecane from 60°C towards room temperature, and there is no sign of the transition
observed via tension measurements around 40-45°C. The lack of any clear transition in the contact
angle is consistent with featureless area-temperature curves (Figure 65) and suggests that even if
monolayer and bilayer tensions are changing, they are changing in a way such that the ratio of
153

𝛾𝑏 /2𝛾𝑚 (per the Young-Dupre equation) remains fairly constant. This finding suggests that, in
solvent-containing cases and across the 25-60°C temperature range tested, general temperature
dependent changes in tension are similar in both the monolayer and the bilayer.

It is noted from Figure 67B that the contact angle increases gradually as temperature decreases,
and this result suggests that the ratio 𝛾𝑏 /2𝛾𝑚 is decreasing slightly in a monotonic fashion with
temperature. From this, the bilayer appears to be progressively more relaxed relative to the
monolayer upon cooling, and this could be explained by the monotonic temperature dependence
of solvent solubility in the bilayer observed via CM-T measurements (i.e. heating leads to increased
amounts of solvent and increased disorder, thus more exposure of water to oil and higher bilayer
tension).

6.3.6 The bTLE DIB Phase Transition Affects Solvent Solubility in the Bilayer
bTLE DIBs formed in heptadecane display different behavior, compared to those formed in
hexadecane, upon cooling from 60°C towards room temperature. Both heptadecane and
hexadecane are linear hydrocarbon alkanes, however heptadecane has 17 carbons compared to the
16 carbons of hexadecane. Nominal capacitance of the bTLE DIB in heptadecane undergoes a
non-monotonic transition around 42°C as encountered with hexadecane (Figure 68A) and

Figure 68. A) Capacitance and area while cooling bTLE DIB formed in heptadecane from 60°C to 25°C. B)
Capacitance and area data from (A) normalized by their respective heated-state values: C0 = capacitance at 60°C,
A0 = area at 60°C.
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Figure 69. A) CM measured as a function of temperature with a bTLE DIB formed in heptadecane. Measurements
were performed as described for bTLE-hexadecane (data shown in Figure 66). Filled-circles represent values
obtained via the method of mechanically varying capacitance and area. Open circles at T < 45°C represent assumed
values of CM and the corresponding dHC values (refer to text for details) B) Hydrophobic thickness as a function
of temperature, calculated using CM values shown in (A).

dodecane. However, the use of heptadecane as the oil phase produces a transition in the areatemperature curve around 42°C. Recall that the area-temperature curve for bTLE DIBs in
hexadecane shows no such transition near 42°C (Figure 65). The fact that area undergoes a
transition is a strong indication that the balance between monolayer and bilayer surface tensions
(𝛾𝑏 /2𝛾𝑚 ) changes sharply upon cooling the bilayer through 42°C. A better comparison of the
relative change in capacitance and area is obtained by normalizing capacitance and area by their
initial heated-state values. The resulting values for C/C0 and A/A0 as a function of temperature are
shown in Figure 68B. During the initial cooling leg from 60°C down to 42°C, capacitance increases
in a way that is not fully accounted for by area. This observation suggests that the bilayer
hydrophobic thickness decreases with temperature (i.e., lower CM) which is attributed to a
reduction in the amount of heptadecane solvent in the bilayer. Further cooling below ~40°C drives
continued increase in capacitance, however the slope of the C/C0 and A/A0 curves are now
approximately equal which suggests the changes in capacitance occur at a constant hydrophobic
thickness. This could be explained by a complete exclusion of the solvent from the bilayer during
the transition; this possibility is explored further below.
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Figure 70. Micrographs showing a bTLE DIB in heptadecane as electrodes are pulled apart to increase droplet
separation, de. At temperature below the transition temperature, droplets are highly adhesive (bottom right) and
neither capacitance nor area change in response to changes in de.

As described above, membrane specific capacitance is often more accurately determined by
mechanically varying the droplet separation distance to obtain multiple capacitance-area data
points (as opposed to using one single capacitance-area data point). An experiment was thus
performed to directly measure CM as a function of temperature while cooling a bTLE DIB formed
in heptadecane. The resulting CM values are shown in Figure 69A, and bilayer hydrophobic
thickness is calculated (again assuming εr = 2.2) and shown in Figure 69B. Compared to trials
using hexadecane (16-carbon), the use of the longer chain (17-carbon) hexadecane alkane is
expected to yield lower amounts of solvent in the membrane which is confirmed by the fact that
CM is higher with heptadecane, compared to hexadecane trials, at temperatures above ~42°C. It is
important to note that upon cooling below 45°C, bTLE DIBs in heptadecane become highly
adhesive. Even after significantly increasing or decreasing the distance between electrodes to
“pull” or “push” the droplets apart, bTLE DIBs in heptadecane will not change size in this cooled,
highly adhesive state (representative images are provided in Figure 70). The inability to change
the bilayer capacitance and area by mechanical manipulation hinders the ability to accurately
measure CM near and below the apparent transition temperature, thus Figure 69 shows CM values
obtained via the mechanical manipulation (of capacitance and area) method only for T ≥ 45°C.
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Given that both capacitance and area are not affected by mechanical manipulation at T < 45°C, it
seems reasonable to assume that CM achieves a stable constant maximum representing a solventfree bilayer at T < 45°C (specifically when using heptadecane as the oil phase). Figure 69 shows
the assumed limiting value of CM and the corresponding calculated values for dHC as open circles.

Given prior reports that the energy of adhesion increases as bilayers become more solvent-free
[226], the strong adhesion of bTLE DIBs at low temperatures supports the assumption that CM
plateaus at a stable maximum representing a solvent-free bilayer. A series of electrowetting
measurements are performed to directly probe the temperature-dependent solvent-content of bTLE
DIBs formed in hexadecane and heptadecane. Figure 71 shows the electrowetting constants (refer
to Equation 19 and Equation 20 in section 3.2.6) for capacitance (α), area (β), and CM (B = β-α)
obtained by performing a dc voltage step routine on bTLE DIBs formed in hexadecane (C16) and
heptadecane (C17) after equilibrating at various temperatures [49]. In the case of heptadecane,
upon cooling to T < 42-45°C, all three electrowetting constants fall to around zero. Since area
changes are driven by changes in tension, the low beta value implies that voltage has little effect
on tension. The B value provides a measure of the ability to decrease bilayer thickness through the
application voltage and resulting electrocompression. A membrane rich in solvent yields large B
values, however in the case of bTLE DIBs in heptadecane at T < Tm, B values are almost zero. This
result serves as a direct confirmation, in addition to the evidence from high adhesion and a plateau
in CM, that bTLE DIBs become virtually solvent-free as temperature falls below ~42°C. A more
important conclusion is drawn from the fact that solvent-free bTLE bilayers show no CM-T
transition like that encountered using dodecane or hexadecane. It appears that the alkane solvent
serves to “amplify” the change in DIB hydrophobic thickness owing to the phase transition.

Figure 70 depicts the high adhesion encountered with bTLE DIBs in heptadecane at temperatures
below the transition, and it is important to consider whether the exclusion of alkane solvent is
driven by changing lipid phase or is rather somehow simply related to the properties of the 17C
alkane. Experiments were conducted to test the adhesion of fluid-phase DIBs formed in
heptadecane at room temperature. Both DOPC and DPhPC DIBs formed in heptadecane at room
temperature can be repeatedly connected and disconnected, thus they do not display the same high
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Figure 71. Electrowetting constants describing the voltage-dependence of capacitance (α), area (β), and specific
capacitance (B) as a function of temperature for bTLE DIBs formed in hexadecane (C16) and heptadecane (C17).
A) α. B) β. C) B.

adhesion encountered upon cooling through 42°C with bTLE (data not shown). In other words,
single-component fluid-phase membranes comprised of PC lipids containing 16C or 18C acyl
chains is not free of 17C alkane solvent at 25°C. This confirms that the reason for heptadecane
solvent exclusion with bTLE DIBs is not simply cooling the alkane to T < 42°C, but rather due to
the thermotropic transition achieved upon cooling the mixture of lipids in bTLE to T < 42°C.

Results of bTLE-heptadecane testing show that the membrane contains little or no solvent at
temperatures near and below ~45°C, yet it is important to note that the transition in the aretemperature curve suggests that the ratio 𝛾𝑏 /2𝛾𝑚 changes non-monotonically. Perhaps the most

Figure 72. A) Monolayer tension and bilayer tension of a bTLE DIB formed in heptadecane (C17) as a function
of temperature. Tensions at each temperature were measured using the multi-part electrowetting-based method
used to measure tension shown in Figure 67. B) Measured contact angle while continuously cooling a bTLE DIB
in heptadecane from 60°C towards ambient temperature.
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important conclusion to be made is the fact that lipid packing and tension undergo a sharp nonmonotonic transition around 42°C in bilayers that are virtually solvent-free. This provides
additional evidence that solvent is not the cause of the phase transition, but it can be displaced in
response to phase transitions. Experiments were performed to directly measure bTLE monolayer
and bilayer surface tension as a function of temperature in heptadecane. Figure 72A shows the
resulting measured values for both tensions which change drastically upon cooling through and
below T < 45°C. This data shows that even at low-temperature and with bTLE DIBs containing
little or no solvent, monolayer and bilayer tension are affected by temperature. In summary, while
CM-T measurements are less able to detect the transition that occurs in solvent-free bTLE bilayers,
it is still possible to observe the transition via simple C-T or A-T measurements due to transitionrelated changes in lipid packing, organization, and tension.

6.3.7 Alamethicin Insertion and Temperature Sensitivity in bTLE DIBs
Electrophysiological measurements of alamethicin (Alm) insertion into bTLE DIBs provide a
means of studying peptide insertion and organization in heterogeneous model membranes. Single
channel measurements are obtained with DIBs, including a relatively low peptide concentration
(100 nM Alm, P/L ratio ~1/20000) to promote stochastic channel activity, which provides singlemolecule resolution of the gating behavior. After forming the DIB, an applied dc voltage (Vdc) is

Figure 73. Single channel Alm gating at 25°C in DPhPC (A) and bTLE bilayers (B). The Alm concentration in
each droplet = 100 nM. Buffer contains 1M NaCl. The applied dc voltage (listed) required for stochastic peptide
insertion is almost 90 mV lower in the case of bTLE. The dashed lines in (A) and (B) correspond to the conductance
levels listed in the table for each lipid type. ‘B’ – the baseline current in the absence of peptide pores.
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increased until the current (I) measurement shows signs of peptide insertion and gating. Figure 73
shows the resulting step-wise gating pattern, here in terms of conductance (G=I/Vdc), for which
Alm is known. [290, 318] Figure 73A shows the gating observed in DIBs formed from DPhPC,
while Figure 73B shows the insertion behavior with bTLE DIBs (both at 25°C with hexadecane as
the oil phase). A key observation is that Alm inserts at lower magnitude of Vdc in the case of bTLE,
compared to DPhPC bilayers. This result is similar to the reduced voltage required for Alm
insertion into eTLE DIBs compared to DPhPC DIBs at room temperature [10]. Histograms of
multiple gating events like those in Figure 73 are used to determine the conductance levels of the
peptide for each lipid composition. The table of Alm conductance levels in Figure 73 shows
slightly different values for bTLE DIBs, compared to DPhPC DIBs. Despite the slight differences
in conductance, we see similar gating behaviors and Alm-pore formation (peptide monomers
associating and dissociating quickly to form oligomeric channels) in DPhPC and bTLE bilayers.

While bTLE DIBs in the absence of peptide were shown herein to undergo a temperature
dependent transition via measurements of membrane capacitance, specific capacitance, and
tensions, the temperature dependence of Alm insertion has not yet been studied in bTLE
membranes. A series of CV measurements were performed to determine the threshold voltage
needed to drive Alm insertion in bTLE DIBs at different temperatures (both upon heating and
cooling the membrane). Single channel measurements do allow for quantitative analysis, but the
stochastic nature of the method creates challenges for rapid real-time analysis of a DIB being
actively cooled or heated. Alternatively, CV scans can be conducted quickly (i.e., seconds) and
enable repeatable and reliable measurements of V*, which can then be further analyzed to
determine thermodynamic parameters describing peptide insertion. Several experiments are
conducted where droplets used to form the DIBs contained bTLE liposomes and symmetric Alm
concentrations of 1, 0.5, or 0.25 μM (P/L ratios of ~1/2000, ~1/4000, and ~1/8000 respectively).
Each experiment involved forming a bTLE DIB in hexadecane at 60°C, performing several CV
sweeps, cooling and equilibrating at 25°C, repeating several CV sweeps, then heating and scanning
again at 30°C, 40°C, and 50°C. Figure 74A shows representative current-voltage (I-V) curves from
a bTLE DIB exposed to 1 μM Alm at different temperatures (25, 30, 40, 50, and 60°C). As voltage
increases during a CV sweep – for a given temperature – current remains close to zero until the
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Figure 74. Results from cyclic voltammetry measurements with bTLE DIBs as a function of temperature and Alm
concentration (Ca) in DIBs. A) Current-voltage curves at different temperatures; Ca = 1 μM. Note that current is
normalized by membrane area. The voltage threshold, V*, is the voltage at which membrane conductance exceeds
a fixed conductance threshold (black dashed line). B) V* as a function of temperature after multiple experiments,
such as those in (A), with varying peptide concentrations. C) Table displaying average and standard deviation of
V* for each temperature and Alm concentration, as well as the number of trials (n). D) Current-voltage curves at
25°C with varying peptide concentrations. E) The log of the aqueous Alm concentration as a function of V*.
Dashed lines show least-squares fits for each series, allowing for the calculation of the thermodynamic parameters
shown in (F). F) ‘a’ and ‘b’ are coefficients for the linear fits shown in (E). Va and C0 represent a characteristic
voltage and the concentration threshold for Alm insertion, respectively (see text). The conductance threshold used
in all tests is 8 μS/cm2.

increasing voltage approaches V*. Once the voltage exceeds the threshold for peptide insertion,
the current increases exponentially with respect to voltage as the membrane is populated by
peptide-stabilized pores. The shifting of an I-V curve to the left in Figure 74A thus indicates that
peptide insertion is more favorable since it occurs at a lower voltage. In contrast, the I-V curves in
Figure 74A move continually to the right as temperature increases. Thus it appears that Alm
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insertion is less favorable at higher temperatures, a trend which is consistent with Alm insertion in
eTLE and DPhPC DIBs [10]. In the case of bTLE DIBs, V* is strongly affected by changes in
temperature. For example, in bTLE DIBs exposed to symmetric 1 μM Alm, V* increases by almost
100mV upon heating from 25°C (V* = 2.6 mV) to 60°C (V* = 98.0 mV). We previously found
that V* increases by 64.6 and 14.4 mV when heating eTLE and DPhPC DIBs, respectively, from
25°C up to 50°C [10]. Here, using bTLE DIBs and the same 1uM Alm concentration, a similar
temperature change leads to a 70 mV increase in V* which is comparable to the sensitivity seen
with eTLE DIBs. It should be noted, however, that V* is lower with bTLE DIBs compared to
previously tested DPhPC and eTLE DIBs [10] at all temperatures. Somehow, Alm is able to insert
more easily into bTLE bilayers despite their large hydrophobic thicknesses and the large fraction
of cholesterol (~50%), which generally reduces the ability of Alm to insert and increases V* [56].

Figure 74B portrays the average V* values as a function of temperature from CV measurements
with bTLE DIBs containing 1, 0.5, and 0.25 μM Alm. Each data series in Figure 74B corresponds
to tests conducted at a fixed Alm concentration across a range of temperatures. The average and
standard deviation for given V* values are tabulated in Figure 74C. Curves move in the positive
direction along the voltage-axis as the Alm concentration decreases. Each curve is well fit using a
linear least squares regression (R >0.9 for all) across the temperature range studied. It is also
possible to use V* results to extract additional relevant thermodynamics parameters describing the
bTLE-Alm interaction. V* is expected to decrease with increasing peptide concentration according
to the following established empirical relationship [56, 293, 319]:
𝑉 ∗ = −𝑉𝑎 ln(𝐶𝑎 /𝐶0 ).

Equation 32

Equation 32 includes two variables that can be controlled and measured experimentally, namely
the concentration of Alm in solution (Ca) and V*. Va and C0 are parameters that vary with changing
lipid type, temperature, and other factors [293]. Va represents the decrease in V* that can be
expected with an e-fold increase in peptide concentration. According to Equation 32, continuously
increasing the peptide concentration is expected to reduce V* to zero. Indeed, at sufficiently high
peptide concentrations, Alm insertion occurs spontaneously in the absence of voltage. The
minimum peptide concentration that results in Alm insertion in the absence of any potential is
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referred to as the concentration threshold (C0). Rearranging Equation 32 as follows, experimentally
obtained values of V* across a range of peptide concentrations can be used to estimate Va and C0
for a given temperature or lipid composition:
ln(𝐶𝑎 ) = −(1/𝑉𝑎 )𝑉 ∗ + ln(𝐶0 ).

Equation 33

Va and C0 values can be determined via Equation 33 provided V* values are known for a range of
peptide concentrations. Figure 74D shows representative I-V curves from separate room
temperature CV experiments conducted with bTLE DIBs infused with either 1, 0.5, or 0.25 μM
Alm. As expected, I-V curves shift to the right on the voltage axis with decreasing peptide
concentration. Figure 74E shows the log of the aqueous peptide concentration as a function of
measured V* values, at a given temperature. Least-squares linear regression of the data shown in
Figure 74E allows for the calculation of Va and C0 for bTLE membranes as a function of
temperature (via Equation 33). The resulting values are listed in Figure 74F (along with the raw
regression coefficients: a, b).

Basic characterization of V* as a function of temperature (Figure 74B) reveals no signs of the
transition observed in C-T and CM-T curves obtained while cooling Alm-free bTLE DIBs (Figure
63 and Figure 66). We consider the possibility that this difference may be a result of the different
experimental approaches taken – Figure 63 and Figure 66 shows capacitance measurements while
cooling DIBs, yet Figure 74B shows V* values obtained while primarily heating bTLE DIBs. In
order to check for hysteresis as a function of cooling and heating on Alm insertion, we performed
an experiment in which V* is measured periodically while slowly cooling (2°C/min) a bTLE DIB
containing 1μM Alm (hexadecane as the oil phase). The DIB remains intact through the cooling
period in spite of regular voltage sweeps that induce macroscopic pore-formation and elicit several
nA of current. Figure 75A shows V* as a function of temperature during the initial cooling scan
from 60 to 25°C (triangles), a 10 minute holding period at 25°C (diamonds), and a heating scan
back to 60°C (squares) at a rate of 2°C/min (the data stops around 37°C as the droplets fell off the
electrodes). V* values obtained during the slow heating leg of the process are approximately linear
with respect to temperature and align well with the V*-T curve for 1 μM Alm in Figure 74B.
Conversely, values of V* obtained during the cooling scan show a sharp decrease in the voltage
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Figure 75. Voltage threshold measured while thermally cycling a bTLE DIB between 60°C and 25°C (triangles).
CV sweeps were initiated after forming the bTLE DIB at 60°C, and sweeps were performed periodically as the
DIB was cooled and heated. At low temperature, the sample was held at 25°C for 20 minutes (diamonds) before
heating again back towards 60°C. The measurement ended when the droplets fell off the electrodes around 40°C.
Alm was present at 1 μM in each droplet used to form the bTLE DIB. V* sharply decreases below 40°C during
the cooling cycle.

threshold around 40°C. The relationship between concentration and V* suggests that Alm is either
laterally concentrated or otherwise spatially reorganized in bTLE membranes upon cooling
through 40°C. Thus, the local organization and insertion kinetics of Alm peptides are affected by
the bTLE transition.

6.3.8 Tests for the Occurrence of Phase Separation
The results from attempts to form bTLE DIBs and subsequent electrical measurements of
capacitance and alamethicin insertion, while cooling and heating, provide strong evidence that
DIBs formed from a natural brain lipid mixture (brain total lipid extract, bTLE) exhibit a
thermotropic phase transition near 40°C that is not detected by DSC (i.e. low enthalpy due to
cholesterol). bTLE is rich in cholesterol and contains sphingolipids and phospholipids with
saturated and unsaturated acyl chains [301]. Phase separation into coexisting liquid-ordered (Lo)
and liquid-disordered (Ld) domains is often observed in model membrane mixtures containing a
combination of cholesterol, unsaturated lipids, and saturated lipids or sphingomyelin [166, 168,
170, 320, 321].
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Considering the fact that we observe clear reversible thermotropic transitions with heterogeneous
bTLE DIBS, and considering also the occurrence of lateral reorganization of Alm as inferred from
the transition in V* upon cooling bTLE DIBs (Figure 75), it is reasonable to hypothesize that the
thermotropic transition in bTLE yields coexisting Ld/Lo phases or some form of structural
rearrangement. Two previously established measurement techniques are used to inspect for
macroscale phase separation: confocal fluorescent microscopy with bTLE giant unilamellar
vesicles (GUVs) and a FRET-based spectroscopic method utilizing bTLE large unilamellar
vesicles (LUVs). Figure 76A shows images of a GUV formed using a DSPC/DOPC/chol mixture
known to yield macroscopic phase-separation. Naphthopyrene (blue) and C12:0-DiI (red)
fluorescent dyes are included to assist visualization of domains since naphthoprene and C12:0-DiI
are known to localize preferentially to the liquid-ordered (blue) and liquid-disordered (red) phases,
respectively [322]. The merged-color images shows large micron-scale patches of both Ld and Lo
phases in DSPC/DOPC/chol GUVs. In contrast GUVs formed using bTLE (Figure 76B) display
more evenly distributed fluorescence without any visible subdomains or signs of phase separation.
Figure 76B is representative of our results with all bTLE GUVs studied to date. It should be noted,
however, that macroscopic phase separation (large domains) observed in GUVs are somewhat
misleading—they only form with extremely disordered low-melting lipids like DOPC and DPhPC
(lipids that are not found in mammalian plasma membrane). When more biologically relevant lowmelting lipids like SOPC or POPC are used, we do not see phase separation in GUVs. However,
methods that are sensitive to small length scales (FRET, SANS, etc.) detect domains in both types
of mixtures.

Heberle et al. have developed FRET-based spectroscopic methods for detecting miscibility
differences and phase separation in lipid compositions that yield nanoscopic domains [167, 323].
The FRET-based method has an increased spatial sensitivity and is able to resolve domains with
radii as small as 5 nm (i.e. domains that otherwise fall below the typical resolution limit of optical
microscopy). For example, Figure 76C-D show the FRET probe-pair efficiencies in vesicles
comprised of either DSPC/POPC/cholesterol (39/39/22) or DSPC/DOPC/chol (39/39/22) as a
function of temperature. As before, ternary mixtures with DSPC/POPC/chol or DSPC/DOPC/chol
show a miscibility gap. Prior studies have established understanding that the POPC mixture yields
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Figure 76. Results from microscopic investigation of GUVs, and FRET with LUVs, formed using bTLE and
ternary mixtures known to phase-separate. A, B) GUVs formed from a ternary mixture of DSPC/DOPC/cholesterol
(A) or the complex mixture of total lipids extracted from porcine brain (B). Fluorescent naphthopyrene (blue) and
C12:0-DiI (red) dyes are included at ratios of 1/1500 and 1/3000 (dye/lipids) in each case. Distinct phase separation
into micron-sized patches is observed only in (A). Images obtained at room temperature. C-E) Normalized
efficiency of two FRET probe pairs mixed into LUVs formed from DSPC/DOPC/chol (A), DSPC/POPC/chol (B),
or bTLE (C). Separation of FRET efficiencies reveals miscibility gaps below ~44°C for both ternary mixtures.

nanoscopic domains while the DOPC mixture yields larger macroscopic domains [323]. The result
from a FRET experiment with bTLE vesicles is provided in Figure 76E. Interestingly FRET with
bTLE shows no clear miscibility gap. It should be noted that the FRET based method is limited to
detecting domains larger than the Förster radius for the probe pair used. Therefore, an open
question is whether nanoscopic (at length scales below the Förster resonance distance of several
angstroms) domain formation in bTLE DIBs causes the C-T transition (Figure 63A) and spatial
reorganization of the transmembrane peptide alamethicin revealed by CV measurements (Figure
75). “Domains” that are not detectable by FRET should be very small, only a few nanometers in
diameter. At the molecular level, “ultrananodomains” [170] of this size and scale are likely
transient clusters comprised of less than 5-10 lipid and/or cholesterol molecules (1 lipid ~ 70Å2 ,
radius 8-9 Å2, diameter ~1.6-1.8Å2). Such clusters would more accurately be described as nonideal
mixing within a single fluid phase.
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6.3.9 Chapter Summary and Conclusions
Our study provides new evidence that bTLE DIBs, and likely bTLE vesicles or liposomes, undergo
a thermotropic phase transition at around 42°C. bTLE DIBs can only be formed by heating droplets
in oil to 50°C – room temperature droplets coalesce upon contact and do not form DIBs. The role
of heating-enabled monolayer assembly is confirmed via the ability to form bTLE DIBs at room
temperature as long as adequate monolayers are first assembled at a heated state. Nominal
capacitance measurements of bTLE DIBS during cooling from the incubation temperature show a
non-monotonic thermotropic transition near 40°C. Specific capacitance measurements yield nonmonotonic changes in bTLE membrane specific capacitance (and thus thickness) versus
temperature. These results can be de-convoluted to separate a stepwise change in membrane
thickness at ~40°C (due to phase transition) from a monotonic change in membrane thickness (due
to solvent absorption in the bilayer hydrophobic region). The magnitude of thickness change upon
heating from 25°C to 60°C justifies reasoning that heating induces accumulation of alkane solvents
in a pure phase at the bilayer midplane. Given the simplicity and ease of forming DIBs and
measuring capacitance, this method shows great potential as a new tool for studying and
characterizing phase transitions and the related effects on thermotropic reorganization of non-polar
solvent in membranes.

Alamethicin insertion in bTLE DIBs was found to be highly temperature dependent (include
results of all ALM testing vs. temp and conc.), and our results at RT show that alamethicin inserts
into heterogeneous bTLE membranes more favorably, at much lower voltages, than eTLE or even
DPhPC DIBs. Characterization of alamethicin insertion versus temperature exhibited a sharp
decrease in the voltage threshold at a temperature near 40°C. The known relationship between Alm
concentration and voltage threshold suggests that Alm is concentrated laterally in bTLE
membranes upon cooling through 40°C (very similar to findings with eTLE DIBs). These results
provide additional evidence that DIBs formed from a natural brain lipid mixture exhibit a
thermotropic phase transition near 40°C that is not detected by DSC (i.e. low enthalpy, possibly
due to large amounts of cholesterol). However, there are no signs of macroscopic phase separation
in bTLE GUVs inspected via confocal fluorescence microscopy, nor is there any evidence of phase
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separation related miscibility gaps in bTLE LUVs as measured via a FRET-based spectroscopic
assay. Taken together, these measurements indicate that bTLE membranes undergo a thermotropic
transition at a temperature near 40°C, which causes the membrane to undergo changes in
membrane thickness and, possibly, lead to the presence of ultrananoscopic domains (<5 nm radius,
low enthalpy and cooperativity) at physiological temperatures in membranes reconstituted from a
natural source.
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CHAPTER 7

SUMMARY AND CONCLUSIONS

7.1 Research Overview
This dissertation describes efforts to increase the utility and physiological relevance of DIBs as
tools for recreating and studying cell membranes, measuring physical properties related to
membrane structure, and characterizing the interactions between membranes and membrane-active
entities. Chapters 3 and 4 present the theory and development of a new method for measuring the
specific capacitance and tensions in a DIB, which was applied to study the effects of smallmolecules and nanoparticles on membrane specific capacitance (bilayer hydrophobic thickness)
and the surface tensions of the monolayer and bilayer. The method is established and validated as
a useful approach to quantitatively characterize the interactions of membrane-active species that
do not necessarily affect membrane conductance. Chapter 5 demonstrated that heating is required
to enable DIB formation using eTLE liposomes. Further, Chapter 5 provides initial evidence that
physiologically relevant and heterogeneous membrane composition can significantly affect the
behavior of membrane-associating peptides. Chapter 6 builds on the findings presented in Chapter
5, first by applying controlled heating to form DIBs using a eukaryotic total lipid extract, and
secondly by demonstrating that membrane capacitance and peptide insertion behaviors provide
evidence of thermotropic reorganization that does not occur in single-component DIBs. Further,
Chapter 6 establishes the capability of detecting and characterizing high- and low-enthalpy
thermotropic transitions simply by tracking DIB capacitance as a function of temperature. More
importantly, the DIB-based method for studying phase transitions enables future investigation of
weak-enthalpy phase transitions and non-ideal mixing in membranes constructed using
physiologically relevant mixtures of lipids derived from a natural source; such investigation is not
otherwise easily achieved given the inability to detect the transition behavior using other well
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established methods for studying phase transitions and phase separation phenomena (DSC,
fluorescence with GUVs, immiscibility assay with FRET probe pairs).

7.2 Conclusions
This section presents conclusions and contributions generated by each research objective and
which aim to address the scientific gaps identified in Chapter 1 (objectives are restated here again
for reference).

7.2.1 Objective 1
Develop new methods to directly measure physical properties of DIBs beyond
resistance/conductance including specific capacitance (thus bilayer hydrophobic thickness)
and monolayer and bilayer surface tensions (a measure of lipid packing and order).


Developed and validated a three-part experimental technique based on the YoungLippmann and Young-Dupre relationships for measuring specific capacitance, monolayer
tension, and bilayer tension in a single DIB experiment. The method was shown to enable
measurements of steady-state monolayer tension at similar resolution as the pendant drop
method. However, it uniquely enables measurement of bilayer tension. Outside of the
work presented herein, this method was recently applied to the characterization of the
tensions of droplets stabilized by amphiphilic copolymers that yield tensions too low for
measurement using a goniometer [324].

7.2.2 Objective 2
Apply and validate measurement capability of the method developed in Objective 1 by
characterizing the effects of non-permeabilizing cholesterol and nonpolar solvent molecules,
as well as mixed-monolayer protected cell-penetrating nanoparticles, on DIB specific
capacitance, thickness, equilibrium surface tensions, and lipid packing and order in the
monolayers and bilayer.


Applied the newly developed method for measuring specific capacitance and tensions in a
DIB through studies of the effects of cholesterol and nonpolar solvents on membrane
170

thickness and tension. The measured values of thickness and tension for bilayers containing
these molecules were in agreement with values obtained elsewhere, which validates the
accuracy of the technique.


Observed 2-3Å changes in DIB hydrophobic region thickness, 0.1-0.5 mN/m changes in
bilayer tension, and 0.1-0.2 mN/m changes in monolayer tension as a result of the
incorporation of cholesterol or the exclusion of nonpolar solvent residing in the bilayer
hydrophobic region.



Applied specific capacitance measurements to determine that mixed-monolayer protected
gold nanoparticles do not accumulate in the lipid bilayer of a DIB. Instead, these
nanoparticles were confirmed to adsorb at the oil-water interface corresponding to the
monolayers stabilizing the DIB. These results suggest that the nanoparticles are excluded
from the bilayer, and this result contradicts measurements made by other groups on the
same type of nanoparticles.

7.2.3 Objective 3
Explore DIB formation methods using aqueous liposome solutions containing multicomponent lipid mixtures and native cellular lipid extracts.


Developed a feedback-controlled heating platform that allows regulated heating of model
membranes, from ambient temperature up to at least 80-90°C, with the RAM and other
DIB approaches.



Demonstrated for the first time the assembly of eTLE and bTLE model membranes by
heating the droplets in oil to a temperature where self-assembly is kinetically favorable. In
summary, droplets containing liposomes that possess a thermotropic transition temperature
above ambient temperature must be heated to T > Tm in order to promote monolayer
assembly, after which the droplets can be connected in the heated state or cooled down and
connected. The described technique for heating-assisted monolayer formation permits the
use of other high transition temperature lipids, including single-component and ternarycomponent mixtures of synthetic lipids, for “lipid-in” DIB formation. The technique
increases access to the variety of lipid compositions that can be considered for assembling
model membranes.
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7.2.4 Objective 4
Objective 4 (addressing Gap 3). Apply methods and knowledge established via Objective 2
to study the effects of increasing compositional heterogeneity on DIB resistance, specific
capacitance (thickness), monolayer and bilayer tensions (packing and order), and also the
interactions of membrane-active peptides.


Measured the resistance of DIBs formed using DPhPC, eTLE, and bTLE, ultimately to find
no significant difference across these three compositions. This subtle result further
motivates the fact that non-ionic methods are important for characterizing structural
differences when the hydrophobic composition of the membrane is altered by the
organization and interactions of lipids or other species.



Measured CM for DIBs formed from DPhPC, eTLE, and bTLE. The results suggest that
lipid bilayers formed from natural lipid mixtures display higher hydrophobic region
thickness compared to bilayers formed from DPhPC, and the result is in part due to lipid
composition driven increase in the amount of solvent accumulated in the bilayer midplane.



Obtained measurements of monolayer and bilayer tension in bTLE DIBs.



Identified significantly enhanced sensitivity of eTLE and bTLE DIBs to the insertion of an
antimicrobial peptide (alamethicin) compared to single-component DIBs.

7.2.5 Objective 5
Investigate temperature dependence of DIB resistance, specific capacitance, surface tensions,
and membrane-active peptide interactions in simple and complex multicomponent DIBs.


Experimentally studied the effects of changing temperature on properties of simple and
complex multicomponent DIBs. Membrane properties studied include resistance, rupture
potential, specific capacitance, and solvent solubility in the hydrophobic region.



Established the ability to detect strong- and weak-enthalpy phase transitions in simple and
multicomponent DIBs by tracking membrane capacitance and specific capacitance as a
function of temperature.
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Separated temperature-dependent changes in a) the solubility of nonpolar hydrocarbon
solvents in the hydrophobic region of DIBs, and b) lipid bilayer hydrophobic thickness due
to a phase transition and resulting reorganization in the membrane.



Measured monolayer and surface tension of bTLE DIBs as a function of temperature while
cooling through a thermotropic phase transition. Monolayer and bilayer tension both
generally decrease with temperature, however a transition is encountered near the Tm of ~
40°C. Additionally, results show that bTLE DIB monolayer and bilayer tensions both
change by similar relative magnitudes upon cooling through Tm, and this finding provides
insight to the fact that both monolayer and bilayer tensions are affected almost equally by
changing temperature.



Discovered through CV measurements that the voltage-threshold required to drive
alamethicin insertion decreases significantly near a thermotropic transition.

This

relationship suggests that measurements of peptide insertion can be used to detect
reorganization in complex membranes, and this method constitutes yet another new tool
for studying phase transitions in lipid bilayers. The fact that peptide insertion is
significantly affected by membrane composition further motivates the need for considering
composition when studying interactions between membranes, proteins, and other
membrane-active species.


Obtained insight to the fact that alamethicin peptide is laterally reorganized or concentrated
upon cooling the bilayer through its Tm. This finding suggests the occurrence of lateral
phase separation or restructuring of membrane components in response to temperature
changes.

7.3 Research Products and Output
7.3.1 Journal Publications
1. Taylor, G.J., Venkatesan, G.A., Collier, C.P., and Sarles, S.A., Direct in situ
measurement of specific capacitance, monolayer tension, and bilayer tension in a droplet
interface bilayer. Soft Matter 2015, 11(38):7592-7605.
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2. Mruetusatorn, P., Polizos, G., Datskos, P.G., Taylor, G.J., Sarles, S.A., Boreyko, J.B.,
Hayes, D.G., and Collier, C.P., "Control of membrane permeability in air-stable droplet
interface bilayers. Langmuir 2015, 31(14): 4224-4231.
3. Taylor, G.J. and Sarles, S.A.,Heating-enabled formation of droplet interface bilayers
using Escherichia coli total lipid extract. Langmuir 2015, 31(1): 325-337.
4. Tamaddoni, N.T., Taylor, G.J., Hepburn, T., Kilbey, S.M. II, Sarles S.A., Reversible,
voltage-activated formation of biomimetic membranes between triblock copolymercoated aqueous droplets in oil, Under review.
5. Taylor, G.J., Heberle, Seinfeld, J. S., Katsaras, J., F. A., Collier, C. P., and Sarles S.A.,
Detecting weak-enthalpy phase transitions in brain total lipid extract droplet interface
bilayers, Manuscript in preparation.
6. Taylor, G.J., Heberle, Seinfeld, J. S., Katsaras, J., F. A., Collier, C. P., and Sarles S.A.,
Alamethicin responds to phase transitions in droplet interface bilayers, Manuscript in
preparation.
7. Taylor, G.J., Heberle, Seinfeld, J. S., Katsaras, J., F. A., Collier, C. P., and Sarles S.A.,
Electrical and optical tracking of phase separation transitions in droplet interface bilayers.
Manuscript in preparation.
8. Taylor, G.J., Venkatesan, G. V., Collier, C. P., Sarles S.A., Evaporation assisted
monolayer packing for reliable droplet interface bilayer formation. Manuscript in
preparation.

8.1.1 Peer-Reviewed Conference Proceedings
†DENOTES ORAL PRESENTATION GIVEN, ‡ POSTER
1. †Tamaddoni, N., Taylor, G.J., and Sarles, S.A., Robust sensing and reversible actuation
using triblock copolymer stabilized intradroplet interfaces. ASME 2015 Conference
Proceedings, 2015 SMASIS conference, Fort Collins, Colorado, September 21-23, 2015.
2. †Taylor, G.J. and Sarles, S.A., Model neural membrane droplet interface bilayers from
brain total lipid extract for studying membrane-peptide interactions with amyloid-β. MRS
Conference Proceedings, Cambridge University Press, 2014 MRS Fall Meeting and
Exhibit, Boston, Massachussetts, November 30 - December 5, 2014.
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3. ‡Taylor, G.J. and Sarles, S.A., Using cell-free expression to create light-activated
proteins in situ in droplet interface bilayer networks. MRS Conference Proceedings,
Cambridge University Press, 2014 MRS Fall Meeting and Exhibit, Boston,
Massachussetts, November 30 - December 5, 2014.

8.1.2 Other Conference Papers and Presentation
†DENOTES ORAL PRESENTATION GIVEN, ‡ POSTER
1. ‡Taylor, G.J., Heberle, F.A., Seinfeld, J.S., Katsaras, J., Collier, C.P., Sarles, S.A.,
Electrophysiological measurement of thermotropic lipid phase transitions and enhanced
peptide insertion in droplet interface bilayers. 2016 Biophysical Society Annual Meeting,
Los Angeles, California, February 27 – March 2, 2016.
2. ‡Taylor, G.J., Bekdemir, A., Stellaci, F., and Sarles, S.A., Effects of mixed-monolayer
protected gold nanoparticles on model membranes formed from droplet interface
bilayers. 2015 MRS Fall Meeting and Exhibit, Boston, Massachussetts, November 30 –
December 4, 2015.
3. ‡Tamaddoni, N., Taylor, G.J., and Sarles, S.A., Voltage controlled electro-wetting
networks by low tension copolymer stabilized interfaces. MRS Fall Meeting and Exhibit,
Boston, Massachussetts, November 29 – December 4, 2015.
4. ‡ AWARDED BEST POSTER (TOP 5 OF > 1000) - Taylor, G.J., and Sarles, S.A., Screening
small-molecule membrane interactions using droplet interface bilayers. BMES 2015
Annual Meeting, Tampa Bay, Florida, October 7-10, 2015.
5. †Taylor, G.J. and Sarles, S.A., Feedback controlled bilayer heating within the regulated
attachment method. ASME 2013 Conference Proceedings, 2013 SMASIS conference,
Snowbird, Utah, September 16-18.
6. †Taylor, G.J. and Sarles, S.A., Detection of botulinum neurotoxin/A using an
encapsulated interface bilayer (EIB). ASME 2012 Conference Proceedings, 2012
SMASIS conference, Stone Mountain, GA, September 19-21.
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8.1.3 Intellectual Property
1. Taylor, G. J., Sarles, S. A. Droplet based measurement of specific capacitance and
interfacial tensions. Provisional Patent Disclosure, University of Tennessee Research
Foundation, April 2015.
2. Tamaddoni, N., Taylor, G. J., Sarles, S. A. Voltage-tunable copolymer emulsions.
Provisional Patent Disclosure, University of Tennessee Research Foundation, March 16,
2015.
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Lipid Composition of Eukaryotic and Prokaryotic Organisms
Table 12. Lipid composition* of eukaryotic and prokaryotic organisms, including E. coli, organized by
headgroup and acyl chain content.

17

17.0/16.8

-

-

12:0

5.0

PI

-

27.7/17.

-

-

14:0

6.7

PS

7

3.8/33.6

-

-

14:0-3OH

8.2

PG

-

-

19

15.1 16:1

25.5

PE

18

14.0/20.3

69

57.5 16:0 (DPPC)

31.2

CL

-

4.2/0.2

6.5

9.8

PA

-

2.5/3.9

-

-

18:1 (DOPC)

18

30.7/0

-

-

Other

0/6.9

6

Human
Sphingolipids

Other/Unknown 46**

Acyl Chains

E. coli B [158],†

PC

Headgroup

[325]

E. coli B ++,†

Bacterial

E. coli K12 [152]

Bacterial

S. cerevisiae [326],+

erythrocyte

Eukaryotic

17:0/17:0-cyclo

0.2/0.7
19.4
4

17.6 UFA/SFA/FI*** 46.0/32.4/1.4

*: Values shown for each species represent % of total content
**: Includes 23% cholesterol
***: UFA – unsaturated fatty acids, SFA – saturated fatty acids, FI – fluidity index (ratio of
UFA/SFA)
+: Values separated by “/” are taken from two separate studies for S. cerevisiae
++: Avanti Polar Lipids, Inc. P/N 100500
†: Composition data used as the basis for an eTLE bilayer shown in Figure 45
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Coalescence of eTLE Infused Droplets Below 50°C

Figure 77. Current measurements during trials attempting to from DIBs by connecting droplets incubated under
oil for varying amounts of monolayer formation time (tm) and with varying temperature treatment. A) The 10 Hz,
10 mV triangular voltage waveform that is applied continuously to monitor bilayer capacitance. B) Representative
current measurements obtained during a 1 second period with bilayers in various states of formation: initially
separated, connected at tm, then either resistive, conductive (“leaky”), or coalesced completely which results in
saturated current signals. C-F) Current from experiments with the combination of lipid type and temperature shown
for each test.
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Baseline and Single Channel Alamethicin Gating with eTLE DIBs.

Figure 78. A) Current measured over the course of 10 minutes with an eTLE DIB (no alamethicin or peptide) held
at 50°C. Fluctuations or activity with the baseline might indicate the presence of contamination or electroporation
with the lipids, and there are no fluctuations or activity for 10 minutes shown. A baseline of this quality is sought
at the beginning of each day or round of testing. If problems persist the setup is removed, cleaned or replaced, and
set back up to test the baseline again. B-C) Representative current traces and histograms used in identifying single
channel Alm conductance levels (provided in Figure 55 and the associated text). B) DPhPC DIB including 500
nM Alm at room temperature. C) eTLE DIB including 5 μM Alm at room temperature. Conductance levels are
identified as peaks in a histogram of the current/conductance signal. Multiple events are analyzed for each lipid
and temperature (only one typical trace is shown for each lipid type here) to obtain averages for each level, specific
to each case.
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